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ABSTRACT

Nitrogenase is the only enzyme known to reduce atmospheric dinitrogen to ammo-
nia, producing a biologically available form of nitrogen. The primary component of
nitrogenase, the molybdenum-iron (MoFe) protein, binds and turns over substrate
after reduction by multiple electron equivalents, which are supplied by the obligate
reductase, the iron (Fe) protein. Previous high-resolution X-ray crystal structures
have provided pictures of the nitrogenase proteins and revealed the geometry of their
metalloclusters. In this thesis, we study MoFe protein crystal isoforms and their
crystal pathologies to classify isomorphous candidates suitable for crystallographic
merging. We then leverage this classification to determine a high-resolution struc-
ture of the MoFe protein with improved geometric accuracy and lower coordinate
error than currently available models. The reduced states of the MoFe protein are
challenging to capture and therefore have been minimally characterized. We ex-
plore the structural consequences of introducing reductants and oxidants into MoFe
protein crystals and study the effects of X-ray induced photoreduction on the metal-
loclusters. Further, we determine the radiation damage-free X-ray crystal structure
of MoFe protein. The Fe protein adopts various conformational states as it functions
in ATP-coupled electron transfer to the MoFe protein. We examine a set of proteins
that are evolutionarily related to the Fe protein and have diverse functionalities, but
retain similarity in their ATP-dependent function and allostery as a result of their
conserved structural features. Finally, we characterize the structural and functional
aspects of the Fe protein lacking an iron-sulfur cluster. These studies expand our
understanding of the structural properties of nitrogenase and shed light on previously
uncharacterized states of these proteins.
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C h a p t e r 1

INTRODUCTION

Nitrogen is an essential component of living organisms as it is woven into the most
fundamental biomolecules of life, such as amino acids and nucleotides. Although
there is an abundance of nitrogen in Earth’s atmosphere in the form of N2 gas, it
must first be “fixed” or converted to a reduced form before it can be used by most
organisms. For billions of years this process of nitrogen fixation was performed in
small part by the geophysical process of lightning and in large part by a special set
of microorganisms, called diazotrophs.

Diazotrophs are widespread in Earth’s soils and oceans. They can even be found
in the planet’s most specialized environments, such as within a fern’s leaflet [1, 2]
or inside the skeletons of coral [3] where they facilitate symbiotic growth.[4] These
diverse diazotrophs comprise both archaea and bacteria and have in common a spe-
cialized set of proteins that make up the enzyme nitrogenase. Nitrogenase catalyzes
nitrogen fixation by the conversion of N2 to bio-available ammonia. Remarkably,
nitrogenase stands as the only known enzyme able to activate the otherwise inert
N2 molecule, making nitrogenase integral to the biogeochemical nitrogen cycle. In
this thesis, we study nitrogenase isolated from the Gram-negative soil bacterium,
Azotobacter vinelandii (Av),[5] which has been established as a model system for
nitrogenase.

Nitrogenase consists of two primary enzymatic components Fig. 1.[6, 7] These are
the larger (230 kDa in Av) molybdenum-iron (MoFe) protein and the smaller (64 kDa
in Av) iron (Fe) protein, which serves as the obligate reductase for the MoFe protein.
Research on nitrogenases unveiled the presence of two unique metalloclusters in
the MoFe protein. The first is the active site iron-molybdenum cofactor (FeMo-
cofactor) where substrates bind [8, 9] and the second is the P-cluster, which relays
electrons from the Fe protein to the MoFe protein for catalysis.[10–13] More recently,
alternative forms of the MoFe protein have been discovered, whereby molybdenum
is replaced by either vanadium or iron.[14] Our understanding of these alternative
nitrogenases has greatly expanded during the time of my graduate research,[15–20]
which has been a pleasure to witness; however, my work has only focused on the
molybdenum-containing form.
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Figure 1.1: Surface representation of the α2β2 MoFe protein heterotetramer (white
and blue) complexed to two copies of the γ2 Fe protein homodimer (green). The
metalloclusters are shown as spheres and colored as follows: iron (orange), sulfur
(yellow), molybdenum (teal). Homocitrate molecules are shown as white, AlF4

−

as white and gray, magnesium as green, and ADP molecules as pink spheres. This
figure was generated using the coordinates from Schmid, et al. (PDB 1M34).[21]

The last several decades of intense spectroscopic and structural studies have revealed
the nature and geometry of these metalloclusters. Some of those structural studies
will be briefly discussed in this introduction. For in-depth reviews on structural
studies, see Einsle & Rees (2020) [22] and Lycus et al. (2023).[23] For reviews
on spectroscopic studies, see Hoffman et al. (2014) [24] and Van Stappen et al.
(2020).[25]

There were multiple early attempts to discern the structure of the nitrogenase proteins
using X-ray crystallography.[22] These studies were facilitated by the ability to
obtain crystals and preliminary diffraction data.[26–30] But it was not until 1992
when Kim et al. published the first phased structure of the MoFe protein that a
picture of nitrogenase came into view.[10, 31] The MoFe protein is composed of
an α2β2-heterotetramer of two αβ-heterodimers related by twofold symmetry. The
genes that encode the α-subunit (nifD) and the β-subunit (nifK) have 24% amino acid
sequence identity (in Av) and likely arose from an early gene duplication event.[32]
Both the α- and β-subunits have three globular domains that each adopt a Rossmann-
fold (βαβ-fold), which consist of a four or five-stranded parallel β-sheet flanked on
both sides by α-helices. A key discovery from early MoFe protein structures was the
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relative location of the FeMo-cofactors and P-clusters. At the time, it was known
from spectroscopic and elemental studies that the MoFe protein contained two copies
of the FeMo-cofactor and two copies of the P-cluster and that the FeMo-cofactors
were approximately 70 Å apart.[33] However, the crystal structures revealed that
the FeMo-cofactors are buried in the α-subunits and the P-clusters straddle the
α/β-subunit interface.[10, 11, 31, 34] Thus, the FeMo-cofactor and P-cluster are
approximately 15 Å apart. Furthermore, the structures suggested that each α/β-
dimer likely functions separately from the other heterodimer. However, these initial
structures were not yet high enough resolution to unambiguously determine the
constituents and the geometry of the clusters.

The crystal structure of the Fe protein was determined at the same time as the MoFe
protein.[35] The Fe protein is encoded by the nifH gene and forms a γ2-homodimer.
The two monomers are connected by a bridging [4Fe:4S] cluster, which is covalently
linked by Cys97 and Cys132 (numbering from Av) from each monomer. The overall
architecture of each subunit comprises an eight-stranded β-sheet surrounded by α-
helices on both sides and harbors an N-terminal nucleotide binding site. Three loops
at the ends of β-strands sit at the dimer interface between the nucleotide binding
site and the [4Fe:4S] cluster. These loops adopt discrete nucleotide-dependent
conformations that enable the [4Fe:4S] cluster to be directly coupled to the nucleotide
binding site.[20, 35, 36] Although most iron-sulfur proteins have buried clusters, the
[4Fe:4S] cluster of the Fe protein is surface exposed, making it highly sensitive to
degradation by oxygen and accessible to chemical chelators. The surface exposure
of the cluster enables efficient electron transfer across a protein-protein interface,
which became apparent from subsequent structures of the Fe protein complexed to
MoFe protein.

The Fe protein transiently binds the MoFe protein to deliver electrons sequestered
from endogenous sources within the cell.[37] As this electron delivery step is coupled
to ATP-hydrolysis, the Fe protein could be stably complexed to MoFe protein by
introducing the ATP transition-state analogue, ADP-AlF4

−.[38] Structures using
ATP-analogues for this purpose revealed two Fe protein dimers bound to the MoFe
protein, closest to the P-cluster.[21, 36] Remarkably, the [4Fe:4S] cluster of the Fe
protein was shifted 4 Å towards the MoFe protein, putting the [4Fe:4S] cluster and
the P-cluster only 16 Å apart. Subsequent complexed structures revealed Fe protein
binding modes that are choreographed with nucleotide states.[39–43]
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High resolution X-ray crystal structures of the nitrogenase MoFe protein have re-
vealed a wealth of information. The original structures at 2.7 Å resolution [10, 11]
were subsequently improved to 2.2 Å resolution [34] and then 2.0 Å resolution,[44]
which enabled the proper assignment of the P-cluster as an [8Fe:7S] fused double-
cubane cluster that undergoes redox-dependent conformational changes. However,
a watershed moment for the field came with the 1.16 Å resolution structure of the
Av MoFe protein.[45] This structure revealed a central light atom encased within
the trigonal prismatic core the FeMo-cofactor. It took another 10 years of study and
a seemingly modest increase in resolution to 1.0 Å before the identity of the central
atom was determined.[46] The most likely candidates for the central atom were
nitrogen, oxygen, or carbon. Ultimately, a combination of Fe Kβ X-ray emission
spectroscopy,[47] biochemical studies of the precursor clusters and biosynthetic ma-
chinery,[48] 13C-labeled MoFe protein probed by ESEEM electron paramagnetic
resonance,[46] and the 1.0 Å resolution crystal structure definitively established the
mystery atom as a central carbide. Thus, the constituents of the FeMo-cofactor are
[Mo:7Fe:9S:C]-R-homocitrate.

Drawing on the wealth of knowledge derived from the 1.16 and 1.0 Å resolution
MoFe protein structures, one can envision that profound insights await discovery
through further improvement in resolution. Some outstanding questions involve the
number and locations of hydrogens throughout the structure, particularly around the
cofactor. In Chapter 2, we describe the analysis of Av MoFe protein crystals and
their crystal pathologies to classify common crystal isoforms. We leveraged this
classification to identify the most isomorphous datasets as candidates for crystallo-
graphic merging. Although each MoFe protein crystallographic dataset was near
1.0 Å resolution individually, this computational analysis and merging procedure
improved the electron density maps. The merged dataset of 50 million observa-
tions had higher redundancy and yielded a model with lower coordinate error than
that of the previously published 1.0 Å resolution structure. Further, the resultant
electron density maps contained information about the locations of some hydrogens
throughout the structure, including in important regions such as the water pool
around homocitrate. This improved structure could be used in future studies to
explore mechanisms of nitrogenase through computation modeling.

In Chapter 3, we explore the effects of chemical reductants, oxidants, and X-
ray induced photoreduction on MoFe protein crystals. We found that the potent
reductants, Eu(II)-DTPA and Ti(III)-citrate, convert the MoFe protein P-cluster
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from the closed (P𝑁 ) conformation to the open (P2+) conformation. We identified
radiation damage effects on MoFe protein crystals from extended X-ray irradiation
using a combination of diffraction and X-ray absorption to monitor damage levels.
Further, we obtained X-ray radiation damage-free structures of the MoFe protein
using an X-ray free electron laser. This damage-free structure of resting state MoFe
protein provides a foundation for future work to capture structures of activated MoFe
protein.

An analysis of the Fe protein dimer dynamics and its connection to ancestrally
related Walker A proteins is discussed in Chapter 4. In Chapter 5 we present
the structure of the Fe protein lacking the [4Fe:4S] cluster and characterize the Fe
protein in this apo form. Taken together, these studies expand our understanding of
nitrogenase proteins and the structural states that they adopt.

Finally, in Chapter 6, we structurally characterize an engineered cytochrome P450
that is capable of new-to-nature C(sp3)-H cyanomethylation. Through our investiga-
tion of its structure, we identify modifications in the active site that affect the shape
and electrostatics of the substrate binding pocket. These observed alterations likely
account for the distinctive reactivity exhibited by this engineered P450 enzyme in
comparison to the native enzyme and its closely related counterparts.
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C h a p t e r 2

VARIABLE UNIT CELL ANALYSIS AND HIGH-RESOLUTION
STRUCTURE DETERMINATION OF AV MOFE PROTEIN

CRYSTALS

2.1 Introduction
The proposed mechanisms of N2 reduction by nitrogenase are founded on models
that infer various protonation states of N2, its reduced intermediates, and the FeMoco
during catalysis. However, measurements of the protonation states of the FeMoco
are challenging due to the large combination of possible electronic and geometric
states that the FeMoco can access. Although the FeMoco is likely unprotonated
in the resting state,[1] FeMoco may become protonated in its more reduced states
during catalysis.[1–3] During catalysis, hydrogens can be extracted from neighbor-
ing residues, homocitrate, or a nearby reservoir of water molecules. Thus, there is
considerable interest in mapping their locations as this may influence the catalytic
mechanism. In theory, this can be achieved by solving very high-resolution struc-
tures of the MoFe protein. However, in practice, even a 1 Å resolution structure
[4] of the resting state protein has not provided definitive evidence for all of the hy-
drogen locations. The visualization of hydrogens is further complicated by Fourier
series termination ripples that occur around electron rich metal centers and obscure
the density for light atoms.[5]

As we have obtained several crystallographic datasets near, but not significantly be-
low 1 Å resolution, we focused on computational efforts to combine these datasets
to increase the data quality. This chapter discusses an analysis of Azotobacter
vinelandii MoFe protein crystals and their crystal defects, which led us to systemat-
ically characterize the various crystal isoforms. We leveraged the classification of
these variations to identify the most isomorphous datasets as candidates for crys-
tallographic merging. A single merged dataset originating from 6 crystals and 50
million observations gave rise to a high data-to-parameter ratio X-ray crystal struc-
ture of the MoFe protein. Although this dataset is ostensibly the same resolution as
the best MoFe protein crystal structure published to date (the 1 Å resolution PDB
3U7Q )[4], our merged dataset that is derived from more diffraction data has higher
redundancy (34.4 versus 6.4 for 3U7Q) and the resultant model has lower coordinate
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error (0.018 versus 0.027 for 3U7Q) than that of PDB 3U7Q. Our merged dataset
has electron difference density for hydrogens around the most ordered regions of the
protein and some difference density for hydrogens around the active site, homoc-
itrate, and active site water pool. The noise level and reliability of the difference
maps around these important regions in the active site are discussed herein. Al-
together, this variable unit cell classification algorithm is applicable where many
nearly isomorphous crystallographic datasets are collected on a single protein target,
which is the case for the Av MoFe protein. Further, the resultant electron density
maps that contain information of the location of some hydrogens may serve as the
basis for improved models for computational analysis on the mechanism of nitrogen
reduction.

2.2 Results
Variable unit cell parameters of Av MoFe protein crystals
Many Av MoFe protein crystals are plate-shaped and adopt a monoclinic unit cell.
Monoclinic unit cells have three unequal cell lengths (a, b, and c) and one interaxial
angle (β) that is not equal to 90◦. Although it is not unusual for crystals to have
slight variations in their unit cell parameters, I found that my MoFe protein crystals
had relatively large variations in their unit cell parameters, while remaining in the
P21 space group. For example, two crystals listed as set 1 and set 2 in Table 1, have
a-axis lengths that differ by ∼6%, amounting to a roughly 5 Å difference in the total
axis lengths (76.3 versus 80.9 Å). Furthermore, some crystals such as set 3 in Table
1 had unit cell parameters with double the typical a-axis length, being roughly 160
Å in one direction rather than 80 Å. These crystals with large variations in their
cell parameters would sometimes come from the same crystal drop, treated with the
same cryoprotectant, and had no differences in their visual appearance.

To learn whether this was a property of just my crystals or whether this variation
in unit cells extends to MoFe protein crystals made by other members of our lab
and other labs, I looked at the unit cell parameters of previously published Av
MoFe protein crystals, several of which are listed in Table 1. From these selected
examples, it appears that other researchers also crystallize MoFe protein that adopt
a variety of unit cell parameters (sets 4-12). These parameters are not resolution
dependent, as exhibited by sets 4 and 9, which only differ in their a-axis lengths
by 0.5%. Other individual researchers also obtain crystals with multiple unit cell
parameters. For example, the crystals from sets 5 and 6 that were generated by the
same crystallographer under the same crystallization condition have∼5% differences
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Table 2.1: Selected MoFe protein crystals and their unit cell parameters.

Figure 2.1: Correlation plots of the unit cell parameters (a, b, c, and β) from
MoFe protein crystals. For simplicity, only ∼100 datasets are shown. The unit cell
parameters cluster into two distinct populations.

in their a-axis lengths (77.2 versus 80.9 Å). Furthermore, the variable unit cell
parameters are not dependent on the MoFe protein preparation, as demonstrated by
MoFe protein inhibited states (sets 5 and 7) and sequence variants (sets 8-9). Thus,
it is possible that the variable P21 unit cell parameters are general phenomenon of
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Av MoFe protein crystals.

The variations in the unit cell parameters result in seemingly insignificant differences
in the final structure solution of the MoFe protein. More specifically, the resultant
coordinates from sets 1 and 2 overlay with a root mean standard deviation of 0.16
Å. However, the unit cell parameters were not isomorphous enough for successful
crystallographic merging. Thus, we systematically characterized several hundred
MoFe protein crystal diffraction datasets to classify and cluster them into the most
isomorphous unit cells.

From the correlations between each MoFe protein crystal unit cell parameter, we
found that the unit cells clustered into two distinct populations (Fig. 1). These
two populations were generally distributed into a cluster of unit cells with either a
“short” a-axis (colored blue in Fig. 2) with an average length of 77.1 +/- 0.05 Å or
a “long” a-axis (colored orange in Fig. 2) with an average length of 80.9 +/- 0.05 Å.

Figure 2.2: Distributions of each unit cell parameter (a, b, c, α, β, and γ) from the
same MoFe protein crystals as shown in Figure 1. The a-axis is distributed into two
populations based on their a-axis lengths, designated “short a” (blue) and “long a”
(orange). The α and γ angles are uniformly distributed at 90◦, as all the datasets are
from monoclinic P21 crystals.

The pairwise correlations and distributions of these two populations between each
unit cell parameter are shown in Fig. 3A, where the unit cells with a short a-axis
are colored in blue and the unit cells with a long a-axis are colored in orange. To
discern the structural differences between members of these clusters, we selected
three datasets that were on the extreme ends of each cluster for further analysis.
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Since all the c-axis lengths were uniformly distributed as a single species with
an average length of 107.2 +/- 0.05 Å, we selected candidates based only on the
differences in their a- and b-axes lengths. The first dataset we chose has long a-
and long b-axes (80.9, 130.9, 107.1 Å and β = 110.6◦) (teal hexagon in Fig. 3A).

Figure 2.3: A) Pairplot of the pairwise relationship between and distributions of the
unit cell parameters of the same MoFe protein crystals as shown in Figure 1, colored
by whether they contain a short (blue) or long (orange) a-axis. All the unit cells
have a normally distributed c-axis. The unit cells with long b-axes generally also
have long a-axes. The unit cells with short a-axes are bimodally distributed in their
b-axes lengths. Thus, we selected three datasets for further analysis to compare their
crystallographic packing arrangements with: 1) long a and long b (teal hexagon), 2)
short a and short b (green hexagon), and 3) short a and long b (pink hexagon) axes
lengths. B) Schematic of a monoclinic unit cell with sides a, b, and c and angle β.
Angles α and γ (not shown) are 90◦.
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Because the unit cells with short a-axis lengths were bimodally distributed in their
b-axis lengths, we chose two datasets with short a-axis lengths: one that had both a
short a- and short b-axis (76.3, 127.5, 107.0 Å and β = 109.1◦) (green hexagon in
Fig. 3A) and one that had a short a- and long b-axis (77.3, 130.9, 107.0 Å and β =
109.0◦ ) (pink hexagon in Fig. 3A).

We used these three representative datasets to identify differences in the solved
structures from each unit cell parameter cluster and to analyze their crystal pack-
ings. Each dataset was processed using the following methods: the data were
indexed, integrated, and scaled using HKL3000.[6] We obtained phases by molec-
ular replacement with CCP4 PHASER [7] using only the protein atoms of PDB
3U7Q. Model building was performed using Coot [8] and further refined using
REFMAC5 [9] and Phenix [10]. The three resultant structures had an all-atom
super position root mean standard deviation of ∼0.15 Å, which was consistent with
there being minimal differences in their structures. However, there were differences
in the lattice packing, which accounted for changes in the unit cell lengths. Fig. 4A
shows the superposition of the MoFe proteins in the “short a short b” and “short a
long b” datasets. By looking at the symmetry mates, we found that the neighboring
molecules were farther apart in the b-c plane and the b-a plane in the dataset with the
longer b-axis parameter. The same was true in the comparison between the “short
a short b” and “long a long b” datasets (Fig. 4B). Because of the differing amounts
of space between the neighboring molecules, there were slight differences in these
three datasets in the helices and loops (α-subunit residues 35-41, 121-124, 344-348
and β-subunit residues 400-414) that reside at the lattice packing interface. In the
case of the datasets that contained short a-axes, the interfacial α-subunit residues
35-41 were disordered (Fig. 4C).
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Figure 2.4: A) Top-down and side-on views of symmetry mates of two datasets:
“short a and short b” (green) and “short a long b” (pink) that were aligned on a
single MoFe protein tetramer (white). The “short a long b” (pink) symmetry mates
were farther from the central molecule (white) in the direction of the arrows shown,
which accounted for the longer unit cell lengths. B) Top-down and side-on views
of symmetry mates of “short a and short b” (green) and “long a long b” (teal) that
were aligned on a single MoFe protein tetramer (white). The “long a long b” (teal)
symmetry mates were farther from the central molecule (white) in the direction of the
arrows shown. Bullseye indicates direction of the aligned symmetry mate coming
out of the page, and cross indicates the direction going into the page. Alignment of
all three datasets on a single MoFe protein tetramer (white) shows the difference in
the interface C) between chain A and symmetry mate chain B and D) chain C and
symmetry mate chain C among the three datasets. Note, views of the insets C and
D have been rotated for clarity.
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Av MoFe protein crystal pathologies
In addition to small (∼5 Å) variations in the unit cell parameters, some Av MoFe
protein crystals contain lattice defects that lead to extra spots in their diffraction
patterns. An example of a “standard” diffraction image of a MoFe protein crystal
without this crystal defect is shown in Fig. 5.

Figure 2.5: X-ray diffraction image collected at the Advanced Photon Source
(Lemont, IL) beamline 23-ID-B on March 31, 2021 of a nitrogenase MoFe pro-
tein crystal at 12 keV, with detector distance of 200 mm.

A crystal with this defect resulted in a diffraction pattern that could be indexed in
either the “standard” unit cell (for example with parameters a = 81.1, b = 130.6, c =
107.2 Å, α = 90, β = 110.6, γ = 90◦) or with a “doubled” unit cell, where additional
spots appeared between the lunes of the “standard” diffraction pattern (Fig. 6). In
the doubled unit cell, the a-axis was doubled in length (now ∼160.0 rather than 80.0
Å) and due to crystallographic convention, was no longer the smallest axis so it
became the c-axis. This resulted in a “doubled” unit cell with parameters such as a
= 107.1, b = 130.4, c = 159.6 Å, α = 90, β = 108.3, γ = 90◦. Both the “standard” and
“doubled” unit cells had P21 symmetry. Although structures could be solved using
either of these indexing solutions, one (typically the doubled unit cell) had higher
R-factors in their structure solutions. Furthermore, the indexing solution for the
“standard” unit cell typically extended to higher resolution. Thus, initially indexing
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only the high-resolution reflections (< 1.8 Å), could assist in finding the “standard”
unit cell parameters for any given MoFe protein dataset.

Figure 2.6: Left) Diffraction pattern of a MoFe protein crystal exhibiting lattice
translocation disorder. Yellow circles indicate the spots indexed that result in the
“standard” unit cell parameters (81.1, 130.6, 107.2 Å, 90, 110.6, and 90◦). Right)
Zoom-in shows the second lattice of spots between the spots that make the “standard”
unit cell. If these spots are indexed in addition to the “standard” unit cell spots, the
unit cell a-axis is doubled to yield parameters of 107.1, 130.4, 159.6 Å, 90, 108.3,
90◦.

Density for translated metalloclusters in MoFe protein crystals
In some MoFe protein crystal data datasets, we found extensive positive difference
electron density (F𝑜-F𝑐) around the FeMoco clusters (Fig. 7A). Initially, we explored
whether the difference density resulted from partial occupancy of the FeMoco in
altered conformations; however, upon further examination this was ruled out. When
visualizing only the F𝑜-F𝑐 density around the FeMoco (Fig. 7B) we found that
the difference density could be adequately modeled by two additional copies of the
FeMoco (Fig. 7C). This resulted in a model with three copies of the FeMoco per
α/β-subunit that were related by translations of about +/- 4 Å from the “original”
FeMoco position (Fig. 7D). The same phenomenon was observed in the other α/β-
subunit, but the clusters were translated in a side-to-side direction (Fig. 7 bottom
row). Similarly, two additional copies of translated P-clusters were modeled in the
positive difference density around the P-cluster in each α/β-subunits. Modeling these
additional clusters fully accounted for the unexplained positive difference density
around the clusters. This translated cluster phenomenon does not appear to be
dependent on the unit cell parameters. In other words, datasets from each classified
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Figure 2.7: Positive difference electron density around FeMoco resulting from
additional copies of the FeMoco. A) Example of a MoFe protein crystallographic
dataset with significant positive difference electron density (green mesh) around the
FeMoco in each α/β-subunit after modeling and refining one copy of the FeMoco
(designated “original”). The top panel shows the FeMoco in chain A and the bottom
panel in chain B. 2F𝑜-F𝑐 density is shown as gray mesh. B) Removal of the original
FeMoco and its 2F𝑜-F𝑐 map enables visualization of the positive difference electron
density (green mesh) that resembles two additional copies of the FeMoco. C) These
difference density peaks were unequivocally modeled as two copies of the FeMoco.
D) Modeling three copies of the FeMoco each translated ∼4 Å fully accounts for
electron density around the FeMoco active site.

unit cell population (from the unit cell cluster analysis described previously) had
examples where difference density for translated clusters were found.

Although the clusters were translated in different directions in each α/β-subunit, they
translated in the same direction relative the unit cell. It is likely that the rest of the
MoFe protein is translated in accordance with the translated FeMoco, but due to the
high scattering factor of the heavy atoms, only the clusters could be adequately mod-
eled. Nonetheless, there was no clear evidence in the electron density maps for the
translated protein atoms. Surprisingly, electron density for sulfur in the axial cys-
teine (α-subunit Cys275) that directly coordinates the FeMoco was not discernible,
even though density for the translated cluster sulfurs was apparent. As an additional
layer of complication, the translation of the clusters was not always localized di-
rectly around the cluster. In some datasets, the “translated clusters” were located
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elsewhere in the protein, with the translated FeMoco molecules predominantly near
α-subunit Arg93.

Av MoFe protein crystallographic merging for high-resolution and high-quality
structure determination
X-ray crystal structures have been pivotal to the study of nitrogenase.[5, 11–18]
High-resolution crystal structures were instrumental in determining the constituents
and geometries of the MoFe protein clusters.[4, 5] The determination of the MoFe
protein structure to 1.0 Å resolution enabled the visualization and assignment of the
interstitial carbon atom within the FeMoco.[4] MoFe protein crystals rarely diffract
to < 1.1 Å resolution, thus limiting our ability to observe sub-atomic features such as
hydrogen atoms. As such, structures of the MoFe protein with resolution better than
1 Å are lacking. Therefore, we developed an algorithm to leverage many datasets
of the same protein to improve crystallographic resolution and quality. Applying
this algorithm to MoFe protein crystal datasets yielded a structure that has similar
resolution, but higher redundancy and lower coordinate error in comparison to the
highest resolution structure published to date.[4]

Based on the results of our variable unit cell clustering analysis, we chose to focus
on a unit cell cluster (the “long a long b” cluster) that had the most complete datasets
with better than 1.2 Å resolution diffraction. From the long a long b cluster, we
picked the six highest resolution datasets from different MoFe protein crystals (listed
in Table 2) as candidates for merging.

Table 2.2: Unit cell parameters from the crystal datasets chosen for merging from
the “long a long b” cluster.
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Each crystallographic dataset was processed using the general workflow depicted
in Fig. 8. The datasets were individually indexed, integrated, and scaled using
XDS. [19] The Laue group and point-group symmetries were determined using
POINTLESS [20] in the CCP4 program suite.[21] During this step, the six individual
datasets were combined into a single mtz file containing over 50 million observations.
Next, we performed merging and scaling with CCP4 AIMLESS, [20] which reduced
the number of observations to 1.4 million unique reflections. For the initial analysis,
we chose not to impose a maximum resolution cut off, thus the resolution ranged
from 50.16 to 0.91 Å. Within this resolution range, the overall merging R-factor
was 0.283 and the Rpim was 0.069. The overall completeness and multiplicity
were 98.1% and 33.9, respectively. The average unit cell parameters were 81.00 Å,
130.77 Å, 107.20 Å, 90.00, 110.63, 90.00 ◦ in space group P21 and had an average
mosaicity of 0.11.

Figure 2.8: General workflow for processing the crystallographic datasets chosen
for merging.

As the final step in processing our reflections file, we generated FreeR flags from
5% of the total data using CCP4 UNIQUE. We obtained phases by performing
rigid body refinement against the protein atoms of a previously published MoFe
protein structure PDB 3U7Q using CCP4 REFMAC5.[9] All waters, ions, and
metallocofactors were removed from the molecular replacement model. Model
building was performed in Coot [8] and both REFMAC5 and Phenix [10] were used
for further refinement. After approximately 150 cycles of refinement and model
building, positive difference electron density peaks appeared along some parts of
the peptide backbone and aliphatic side chains (Fig. 9).
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Figure 2.9: Positive difference electron density (green mesh) peaks at the positions
of explicit hydrogens in a well-ordered α-helix of the MoFe protein in our merged
crystallographic dataset. The model with explicit hydrogens (thin white sticks) are
shown, but the map was refined against a model without hydrogens, thus resulting in
difference density peaks where hydrogens are present. The negative F𝑜-F𝑐 density
is shown as purple mesh and the 2F𝑜-F𝑐 density is shown as gray mesh.

The FeMoco (Fig. 10 A) and P-cluster (Fig. 10 B) can be unequivocally modeled
into the 2F𝑜-F𝑐 density near their respective active sites. However, the difference
electron density around these clusters was noisy relative to the rest of the protein
(Fig. 10 C and D). Although we were most interested in learning the location of the
hydrogens around the active site, the level of noise in this region, likely exacerbated
by the Fourier series termination ripples from the metal centers,[5] prevented us
from unequivocally assigning the positions of every hydrogen atom.

Nonetheless, there were positive difference density peaks at several explicit hydro-
gen positions around the active site, including the R-homocitrate that coordinates
the FeMoco. Around the homocitrate, there was a pool of water molecules on
which we could model several hydrogens that inform the orientation of waters and
intricate hydrogen bonding network in this reservoir (Fig. 11). This water pool
has previously garnered interest among theorists who use molecular simulations
to calculate proton ingress and product egress in nitrogenase active sites.[22, 23]
However, their models are based on crystal structures lacking hydrogens. These
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Figure 2.10: 2F𝑜-F𝑐 density (gray mesh) for the A) FeMoco and B) P-cluster sites
in our merged datasets. C) Same as panel A but with positive (green mesh) and
negative (purple mesh) F𝑜-F𝑐 density shown. D) Same as panel B but with F𝑜-F𝑐

density shown.
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calculations should benefit from our new dataset where we have modeled some
hydrogens, albeit with low confidence, as many of these difference density peaks
were shrouded in noise. However, even these low confidence estimates could serve
as improved initial conditions for further calculations.

Figure 2.11: Hydrogen bonding network around the R-homocitrate, water molecules,
and surrounding residues can be estimated using information from positive differ-
ence density (shown as green mesh) in our merged dataset. Hydrogens are shown
as thin sticks. The maps were refined against a model lacking hydrogen atoms to
visualize positive difference density peaks in the places of hydrogen atoms.

Resolution of the merged MoFe protein crystallographic dataset
The question of the resolution of our merged MoFe protein dataset is challenging
to address. The standard metrics for determining the maximum resolution resulted
in conflicting resolution cut offs. For example, we can considered the cut off using
the mean I/σI of our unmerged reflections determined from POINTLESS, which
had I/σI = 2.2 at 1.41 Å resolution and I/σI = 1.0 at 1.10 Å resolution. However,
this did not coincide with the maximum resolution estimated by AIMLESS being
either 1.21 Å based on an CC1/2 score of 0.65 or 1.61 Å based on mean I/σI of 4.28.
Indeed, all of these resolution cut offs appeared to be conservative when considering
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the features that were visible in the final electron density maps. We re-processed
the data imposing resolution cut offs at 0.91, 0.93, and 0.95 Å to determine how the
density for the hydrogen atoms were affected (Fig. 12). Based on this analysis, it
appeared that the most information was retained in the 0.91 Å resolution dataset.
Although there was significantly more noise in the difference density maps in the
0.91 Å rather than in the 0.95 Å resolution dataset, there was significant gain of
difference electron density for some hydrogen atoms when cut at 0.91 Å resolution.
This was demonstrated in Fig. 12, which depicts a well-ordered tyrosine residue
(α-subunit Tyr 99) with positive difference density peaks (green mesh) for all the
aromatic hydrogens in the 0.91 Å resolution dataset. Although the 0.95 Å resolution
dataset was much cleaner in terms of noise level, the positive difference density
for the aromatic hydrogen indicated by the arrow was not visible at the same map
σ-level (3.0).

Figure 2.12: Comparison of the 2F𝑜-F𝑐 (gray mesh) and difference density (green
mesh for positive and purple for negative) of a tyrosine residue in the merged dataset
re-processed with 0.91, 0.93, and 0.95 Å resolution cut offs. Hydrogens are shown
as thin sticks. The maps were refined against models lacking hydrogens to visualize
positive difference density peaks in place of hydrogen atoms. The 0.91 Å resolution
map is the noisiest, but also has the most signal for hydrogen atoms. The 0.95
Å resolution dataset has less noise but loses the signal for the aromatic hydrogen
indicated by the arrow.

However, the apparent optical resolution did not coincide with acceptable statistics
in the highest resolution bins. For the highest resolution bin (0.92 to 0.91 Å), the
Rmerge and Rpim were negative (-14.1 and -8.0, respectively), which would typi-
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cally be considered nonsensical. Notably, the total number of observations in this
resolution bin is 393,518 (49,605 unique), yielding a multiplicity of 7.9. Further
AIMLESS statistics are reported in Table 3. Perhaps merging six large crystallo-
graphic datasets with ∼8 million reflections each and potentially variable diffraction
quality at very high resolution, inadequately weights the contribution of the reflec-
tions across all the resolution bins, consequently resulting in an underestimation of
the proper resolution cutoff.

Table 2.3: AIMLESS merging statistics.

The average R-factor versus resolution (Fig. 13) determined by refinement in
REFMAC5 shows that the average R-factor was 0.46 at 0.92 Å resolution, where an
average R-factor below 0.5 is considered to contain meaningful data. Additionally,
the completeness in the highest resolution bin (0.93 – 0.92 Å) was 98.1% as shown
in Table 4.
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Figure 2.13: The average R-factor versus resolution plot from structure refinement
using REFMAC5 indicates the average R-factor is 0.46 at the highest resolution bin
0.92 for the merged dataset.

Comparison to the 1 Å resolution MoFe protein structure (PDB 3U7Q)
Our merged dataset had improved accuracy and precision in comparison to the
highest resolution MoFe protein structure published to date (PDB 3U7Q),[4] as
evidenced by the following metrics. Owing to the large number of recorded obser-
vations (over 50 million) that make up this dataset, there was a substantial gain in
the redundancy in our merged data (34.4 versus 6.4 for PDB 3U7Q). Our merged
dataset had roughly 40% more unique reflections than PDB 3U7Q (1.4 versus 1.0
million for PDB 3U7Q) and higher completeness in the high resolution bins (94.7%
in the 1.05-0.91 Å bin and 98.8% in the 1.17-1.00 bin for PDB 3U7Q). Additionally,
the model derived from our merged dataset had lower coordinate error than that of
PDB 3U7Q (Cruickshank DPI of 0.018 versus 0.027 for PDB 3U7Q).

Our merged dataset also had sharpened density for a structurally variable region
of the MoFe protein, enabling us to model two conformations of an exterior helix
(β-subunit residues 400-415) for the first time (Fig. 14 A). This helix typically
harbors elongated density in both the peptide backbone and sidechains, such as that
shown in Fig. 14 B from PBD 3U7Q. However, the two conformations were clearly
resolved in our merged dataset.



28

Figure 2.14: A) 2F𝑜-F𝑐 electron density (blue mesh) of a portion of an external
helix in the MoFe protein β-subunit that can be modeled in two conformations. The
arrow indicates a peptide carbonyl for which there is clear density for two distinct
conformations. B) This second conformation is not resolvable in the 2F𝑜-F𝑐 electron
density for the same region in PDB 3U7Q. The carbonyl indicated by the arrow has
elongated density, but cannot be unequivocally modeled as a second conformation
(shown as transparent sticks).

The second conformation of the helix is shifted in the direction towards the center
of the protein, further interacting with a neighboring loop (β-subunit 389-391) (Fig.
15). The neighboring loop contains a proline (β-subunit Pro 390) and valine (β-
subunit Val 391) in two conformations, related by an intervening peptide flip. This
helix resides near the tetramer interface between the two α/β-subunits, thus it is
tempting to consider that changes in the structure in this region could contribute to
coupling between one α/β-subunit to the other.
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Figure 2.15: Cartoon representation of the MoFe protein from our merged dataset.
Metalloclusters are shown as spheres. The external helices (β-subunit 400-415)
and neighboring loop (β-subunit 389-392) in multiple conformations are shown as
blue and pink sticks, respectively. Inset shows a zoomed in view of the multiple
conformations of the shifted helix.

Altogether, analysis of Av MoFe protein crystal isoforms and their crystal pathologies
led us to develop an algorithm to classify variable unit cell parameters from hundreds
of MoFe protein crystallographic datasets. This variable unit cell clustering analysis
enabled us to identify 6 different isomorphous datasets that were ideal candidates
for crystallographic merging. The resultant merged dataset has improved data
quality relative to any other MoFe protein structure published to date. These data
revealed positive difference electron density for hydrogens in important regions of
the protein and multiple conformations of an α-helix at the tetramer interface. The
high resolution and low coordinate error of this merged dataset enable precise and
accurate estimation of the geometry of the metallocofactor and neighboring residues.
These improved measurements may inform the theoretical calculations that explore
the potential mechanisms of nitrogen fixation.
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Table 2.4: Completeness and multiplicity versus resolution of the merged dataset.
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C h a p t e r 3

REDOX-DEPENDENT STRUCTURAL STATES OF
NITROGENASE MOFE PROTEIN

3.1 Introduction
Nitrogenase catalysis proceeds through a cycle of sequential steps in which electrons
are transferred to the MoFe protein P-cluster and ultimately accumulate on the FeMo-
cofactor.[1] Based on extensive biochemical and kinetic data, Lowe and Thorneley
developed a comprehensive kinetic model for the nitrogenase reaction.[2, 3] This
model describes the reduction of a single molecule of N2 to two molecules of
ammonia, while simultaneously generating H2, via multiple MoFe protein electronic
and protonation states E𝑛 (where n ranges from 0 to 7). As the reduced (E1-E7)
states of MoFe protein are difficult to capture, the most well characterized state is
the resting-state (E0); however, the resting state does not directly bind N2. It must
first be reduced by 3-4 cycles of the Fe protein, which delivers electrons to the
MoFe protein in an ATP-hydrolysis dependent manner.[4–8] In turn, the oxidized
Fe protein is reduced by endogenous ferredoxins and flavodoxins in the cell.[7–10]

The Fe protein functions in the [4Fe:4S]2+/1+ redox couple, which has a reduc-
tion potential (E°’) of -0.30 V vs. the standard hydrogen electrode (SHE) in the
nucleotide-free state.[11–13] Upon binding of MgATP and subsequently the MoFe
protein, the [4Fe:4S]2+/1+ E°’ decreases to -0.43 V and -0.62 V vs. SHE, respec-
tively,[12, 14] making the Fe protein a more effective electron donor after forming
the MgATP-MoFe protein complex. The receptor cluster, the P-cluster, functions
in the P𝑁/1+ and P1+/2+ redox couples, which have similar E°’s of -0.31 V vs.
SHE.[15–17] In vitro, the ferredoxins and flavodoxins that reduce Fe protein can
be replaced by chemical reductants. Sodium dithionite, which has E°’ of ∼-0.66 V
vs. SHE is most commonly used.[18] However, strong reductants such as Eu(II)-
diethylenetriaminepentaacetate (Eu(II)-DTPA) (E°’= -1.1 V vs. SHE)[19, 20] and
Ti(III)-citrate (E°’𝑇𝑖(𝐼 𝐼 𝐼)/(𝐼 𝐼) = -0.8 V vs. SHE),[21] have been used to reduce Fe
protein, namely to probe the all ferrous state of the Fe protein.[19, 22–24] A study
by Danyal et al. reported the ability of a MoFe protein variant (βY98H) to reduce
hydrazine to ammonia without the need for Fe protein when Eu(II)-DTPA was used
as the reductant.[20] Although Eu(II)-DTPA was unable to facilitate N2 reduction
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to ammonia in that particular system, these studies indicate a growing interest in
employing potent reductants to capture further reduced MoFe protein states for char-
acterization. However, little work has probed the potential structural effects of these
strong reductants on the MoFe protein.

In this chapter we investigate the structural consequences of introducing chemical
reductants to MoFe protein crystals. In addition, we explore the effects of photo-
reduction from X-rays on MoFe protein crystals, using X-ray crystallography and
X-ray absorption spectroscopy. Finally, we determined a room-temperature radiation
damage free structure of MoFe protein using an X-ray free electron laser.

3.2 Results
Redox-dependent conformational changes of the MoFe protein P-cluster
Substantial prior works have established the structural changes that occur in the
MoFe protein P-cluster in response to changes in the oxidation state. The P-cluster
is an [8Fe:7S] cluster liganded by six cysteines (αCys62, αCys88, αCys154, βCys70,
βCys95, βCy153) across the MoFe protein α/β dimer interface.[25] In the dithionite-
reduced resting state, the P-cluster adopts a closed double-cubane structure (P𝑁 )
where all the irons are in the 2+ oxidation state.[26–28] Upon single electron
oxidation, the P1+ cluster undergoes a structural change whereby the Fe6 coordinated
to βCy153 opens the cluster and coordinates βSer188 (Fig. 1).[29] Further oxidation
to the P2+ state results in an additional structural change, where both Fe6 and Fe5
open the cluster and Fe5 coordinates to the backbone amide of αCys88.[30] The
structure of the P1+ state was captured by application of an electrical charge over
MoFe protein crystals in an electrochemical cell.[29] In contrast, the P2+ state was
obtained by either applying the oxidant indigo disulfonate [31] or by depletion of
dithionite over a prolonged amount of time.[30]

Figure 3.1: The P-cluster adopts three known structural states: P𝑁 , P1+, P2+. In the
P1+ state, Fe6 moves away from the closed position (indicated by a dashed circle)
and coordinates βSer188. In the P2+ state, both Fe6 and Fe5 move away from their
closed positions and Fe5 coordinates the backbone amide of αCys88.
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We were able to reproduce structures with oxidized P-clusters by exposing MoFe
protein crystals to air for various periods of time before flash freezing them in liquid
nitrogen for structural characterization (Fig. 2). The crystals that were incubated in
air for up to ∼40 minutes reliably diffracted. Incubation in air for greater than 40
minutes led to loss of brown color in the crystals and precipitous loss of diffraction.
Most structures of the MoFe protein have a combination of fully closed (P𝑁 ) and
fully open (P2+) P-clusters, such as those seen in PDB 3U7Q.[32] However, using
this short air-exposure method, we could reproducibly obtain fully opened (P2+) P-
cluster that diffracted to high resolution (<1.5 Å) without the addition of the oxidant
indigo disulfonate.

Figure 3.2: Structures of the fully closed (P𝑁 ) and fully open (P2+) P-clusters in
various occupancies. Typically, MoFe protein crystals have either fully closed or
a combination of fully closed and fully open P-clusters. Our air-exposed MoFe
protein crystals enabled us to obtain fully open P-cluster without the use of the
oxidant indigo disulfonate.
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The diffraction quality of MoFe protein crystals was not diminished by air-exposure,
provided that they were frozen within the first 40 minutes of air-incubation. Fig.
3 shows the 2F𝑜-F𝑐 electron density map of an air-exposed MoFe protein crystal
determined to 1.18 Å resolution. The FeMo-cofactor remained unchanged and there
were virtually no differences in the first or second coordination sphere around the
cofactor. The primary structural differences were in the P-cluster, which adopted
the fully opened (P2+) conformational state.

Figure 3.3: 2F𝑜-F𝑐 electron density (blue mesh) for the FeMo-cofactor (left) and
the P-cluster (right) in the air-exposed MoFe protein crystal structure determined to
1.18 Å resolution. The P-cluster adopted a fully opened (P2+) conformation.

After establishing a method to generate the fully opened (P2+) P-cluster, we de-
signed an experiment to learn what structural effects the addition of Eu(II)-DTPA
and Ti(III)-citrate had on the MoFe protein and whether addition of these strong
reductants would close the oxidized P-cluster. Thus, we started with MoFe pro-
tein crystals that were grown under strict anoxic conditions in an argon atmosphere
(condition 1 in Fig. 4). The anaerobic addition of Eu(II)-DTPA to MoFe protein
crystals (condition 2 in Fig. 4) had the surprising effect of converting the P-cluster
from the closed to the open conformation, leading to a mixture of open and closed
P-clusters. Although the Eu(II)-DTPA is a reductant, the crystals (n = 8) that were
treated with Eu(II)-DTPA invariably had opened P-cluster in roughly 70% occu-
pancy. Notably, Eu(II)-DTPA treatment had no effect on the conformation of the
FeMo-cofactor. To determine if Eu(II)-DTPA could close an opened P-cluster, we
generated MoFe protein crystals with fully opened P-cluster by brief air-exposure
(condition 3 in Fig. 4) and re-equilibrated them into the glove box (condition 4 in
Fig 4.). We found that anaerobically incubating Eu(II)-DTPA into MoFe protein
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crystals with opened (P2+) P-cluster did not close the P-cluster (condition 5 in Fig.
4). In addition, we found the same was true when oxidized MoFe protein was
incubated with Ti(III)-citrate (condition 6 in Fig. 4). During the course of these
experiments, we did not see accumulation of the (P1+) state. Altogether, the addition
of reductants Eu(II)-DTPA and Ti(III) citrate induced the open conformation of the
P-cluster. Furthermore, when strong reductants were added to MoFe protein crystals
that already had opened P-cluster, the cluster did not revert to the closed state.

Figure 3.4: Representative F𝑜-F𝑐 difference electron density (green mesh) for P-
clusters with oxidant (O2) and reductant (Eu(II)-DTPA and Ti(III)-citrate) treat-
ments. The opened and closed conformations of the clusters are indicated by two
purple spheres for Fe5 and Fe6. The occupancies of each P-cluster conformation
are show as orange values for closed and blue values for opened.
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MoFe protein crystals with photosensitizers
Inspired by the works of Syrtsova and Likhtenstein who reported the reduction of
nitrogenase using an eosin dye combined with NADH and activated with light,[33,
34] we performed soaking experiments with eosin dyes on MoFe protein crystals.
We collected several crystallographic datasets of MoFe protein crystals anaerobically
soaked with either eosin-Y or eosin-B. X-ray data collection caused the crystals and
surrounding mother liquor, which were dyed red as a result of the eosin soaks, to
turn clear (Fig. 5A and 5B). The crystals that were soaked with the eosin dye had
no differences in their MoFe protein structures compared to unsoaked crystals.

Figure 3.5: MoFe protein crystals soaked with A) eosin-Y, B) eosin-B, and C)
W(CNDippPh𝑂𝑀𝑒3)6. Images by synchrotron hutch in-line camera taken post-X-
ray data collection. The path of the X-ray beam can be viewed by the dark orange
streak in panel C.

Further, we preformed crystal soaking experiments with a tungsten (0) aryliso-
cyanide photoreductant that was developed in lab of Dr. Harry B. Gray. The
compound W(CNDippPh𝑂𝑀𝑒3)6 (CNDippPh𝑂𝑀𝑒3 = 4-(3,4,5-trimethoxyphenyl)-
2,6-diisopropylphenylisocyanide)[35] was synthesized by Dr. Javier Fajardo and
generously shared with us for soaking experiments. We established that MoFe pro-
tein crystals could be soaked with the W-photosensitizer by solubilization of the
compound in a mixture of crystal mother liquor (containing 15% (w/v) PEG4000,
0.2 M NaCl, and 0.1 M imidazole/malate pH 8.0) and dimethylsulfoxide (DMSO)
or ethanol. MoFe protein crystals withstood soaking conditions with up to 50%
DMSO or 20% ethanol without visible crystal damage. MoFe protein crystals did
not tolerate the addition of toluene to the crystal drop. We collected full crystallo-
graphic datasets on 15 out of 50 W-photosensitizer soaked crystals that diffracted to
1.9 Å resolution or better. By single-crystal fluorescence excitation, we confirmed
the presence of W in our crystal loop. However, from both visual inspection of the
resultant electron density maps and from W-anomalous data collection (at 10.000
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and 10.208 keV) we found that the W-photosensitizer was not site-specifically bind-
ing to the MoFe protein in appreciable amounts from crystal soaking experiments.
The structures revealed that there were no major changes to the overall MoFe pro-
tein architecture and no changes in the conformation of the FeMo-cofactors or the
P-clusters upon addition of the W-photosensitizer. These are encouraging results
for further experiments whereby the W(CNDippPh𝑂𝑀𝑒3)6 could be photoactivated
directly in the crystal in an attempt to capture further reduced MoFe protein struc-
tures.

Anaerobic illumination of the eosin dye-soaked crystals with 1 to 10 minutes of blue
LED light caused a change in the conformation of the P-cluster from the closed (P𝑁 )
state to the open (P1+) state. Only a small fraction (∼5%) of the P-cluster was in the
P1+ state, as indicated by the green difference electron density peak in the position
of Fe6 in the open conformation in Fig. 6. Although it is not unusual for there to
be multiple conformations of the P-cluster in MoFe protein crystals, it is unusual
for there to be a clear population of the P1+ and not the P2+ state. Thus, we found
the combination of eosin with light enabled the visualization of the P1+ without the
need for applying a potential across a crystal using an electrochemical cell. This
was an unexpected result, considering that the eosin dyes were expected to affect Fe
protein only, not MoFe protein in photoactivation experiments.[33, 36]

Figure 3.6: The P-cluster of a MoFe protein crystal anaerobically soaked with
eosin-Y and illuminated with blue LED light for 1 minute. The F𝑜-F𝑐 difference
map (green mesh) shows positive difference density (indicated by an arrow) for the
Fe6 in the P1+ conformation. 2F𝑜-F𝑐 electron density is shown as blue mesh.

Extended X-ray irradiation of MoFe protein crystals
Researchers strive to minimize photoreduction by X-ray irradiation of proteins dur-
ing crystallographic data collection, which leads to a decrease in diffraction qual-
ity.[37, 38] This is especially true for proteins with metallocenters, which are often
sensitive to radiation effects.[39–41] However, in the case of initially oxidized met-
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alloproteins that require the capture of the reduced structure, this very effect has
proven to be advantageous.[42–46] Thus, we explored whether MoFe protein crys-
tals could be reduced by X-ray irradiation and whether this effect would manifest as
changes in the conformations of the FeMo-cofactor or P-cluster.

We collected X-ray crystallographic datasets for extended periods of time and over
many degrees of rotation on MoFe protein crystals. The data were then fractionated
into individual crystallographic data sets and processed separately to generate “snap-
shots” of the crystal structures over time (Fig. 7). In addition, we measured Fe X-ray
absorption spectra of the crystals before and after each crystallographic dataset to
monitor changes in the overall oxidation state of the clusters.

Figure 3.7: Experimental scheme for extended X-ray irradiation of MoFe protein
crystals. Several full crystallographic datasets were collected back-to-back, equating
to at least 4 full spheres of diffraction data. In between each diffraction dataset, a
MAD scan was collected to monitor the Fe-edge position through the irradiation
experiment. This experiment is described in detail following.

X-ray absorption spectroscopy (XAS) on protein crystals is possible at Stanford
Synchrotron Radiation Lightsource beamline 12-2 for the purpose of determining
optimal energies for multiwavelength anomalous diffraction (MAD) experiments.
As the XAS measurements do not need to be highly accurate to estimate MAD
energies, the number of points measured at the edge and the counting time were much
lower than that of standard experiment done at a dedicated XAS beamline. However,
we were able to improve the quality of our XAS measurements by increasing the
counting time for each point (from 1 to at least 3 seconds) and by taking multiple
scans that extend the spectrum to higher energies to enable better background
subtraction (Fig. 8).
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Figure 3.8: Left) XAS measured around the Fe X-ray absorption edge of a MoFe
protein crystal at SSRL BL 12-2. Right) A second scan (orange) centered at the end
of the previous scan (blue) extends the spectrum for better background subtraction.

To determine the upper limit of radiation MoFe protein crystals could withstand, we
irradiated crystals continuously until there was almost complete loss of diffraction
(Fig. 9). Using a 50x50 µm beam at 7140 eV with detector distance of 200 mm,
we collected full crystallographic data sets (360° rotation) at an oscillation angle of
either 0.2° or 0.4°.

Figure 3.9: Left) Diffraction of a MoFe protein crystal before extended irradiation
and Right) after extended irradiation. Inset shows the in-line camera image of the
crystal. The crystal was enlarged after extended irradiation.

We collected XAS spectra before and after each dataset (Fig. 10), taking care
to collect XAS scans at the same goniometer position, since the crystal orientation
could impact the details of the spectrum.[47] In this experiment XAS scan “set 0” was
measured before any diffraction data collection and the other scans were collected at
intervals between each diffraction dataset. In total, the crystal was irradiated for 110
min and experienced an estimated 5.03 x 1015 photons before almost entirely losing
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diffraction. Using RADDOSE,[48] we estimated this amounted to 1.3 x 103 MGy,
where the Garman limit before a protein typically experiences significant radiation
damage is considered to be 30 MGy.[37]

Figure 3.10: XAS of MoFe protein crystals around the Fe-edge before (set 0, dark
blue) and at various points after (sets 1-3) extended X-ray irradiation.

Having established the upper limit of radiation a MoFe protein could withstand
before almost entirely losing diffraction, we repeated the same experiment on a
new crystal with smaller X-ray doses per diffraction dataset. Using the XAS scans
between each diffraction dataset as a guide, we were able to collect 5 full crystal-
lographic datasets before significantly changing the shape and position of Fe-edge
(Fig. 11, left). This crystal was irradiated for 18 mins in total and experienced an
estimated 1.58 x 1015 photons and a diffraction weighted dose of roughly 5.4 x 102

MGy.
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Figure 3.11: Left) XAS of a MoFe protein crystal before and after collection of
multiple complete diffraction data sets. Right) Each resolution of each dataset and
the mean I/σI of each dataset. The I/σI of the highest resolution bin of each dataset
is shown in parenthesis.

We processed each individual crystallographic dataset to look for X-ray irradiation
induced structural changes. Because the irradiation/diffraction data collection was
performed at 7140 eV, the best resolution obtainable was 2.1 Å due to the SSRL 12-2
beamline specific parameters. However, each dataset (even set 5) had diffraction
to the detector edge and had I/σI > 1 in the highest resolution bin (Fig. 12,
right). After having determined that all 5 datasets were high enough quality for
further interpretation, we solved the MoFe protein structure from each data set. We
compared the first X-ray diffraction data set (set 1) with the last (set 5) and found
no major structural differences in the FeMo-cofactor itself nor in its surrounding
residues.
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Figure 3.12: 2F𝑜-F𝑐 electron density (blue mesh) for the FeMo-cofactor from the
Left) first dataset (set 1) and from the Right) last dataset (set 5). No major structural
changes were observed in set 5, even after significant ( 5.4 x 102 MGy) of X-ray
irradiation.

However, there were subtle changes in the P-clusters that could be observed by in-
spection of the Fe-anomalous difference maps. The comparison of the Fe-anomalous
difference maps for each P-cluster between the first dataset (set 1, gray mesh in Fig.
13) and the last dataset (set 5, dark blue mesh in Fig. 13) revealed diminished
electron density around Fe2, which coordinates to βCys95. When the Fe-anomalous
maps for each dataset are displayed at the same σ-level (Fig. 13 bottom), we saw
that the anomalous signal for Fe2 diminished more than the anomalous signal for
the neighboring atom Fe8.

Figure 3.13: Top) Fe-anomalous difference density for set 1 (gray mesh) overlayed
with Fe-anomalous difference density for set 5 (dark blue mesh) in each P-cluster.
Anomalous signal is diminished for Fe2. Bottom) Fe-anomalous difference density
for Fe8 and Fe2 overlaid from each dataset. The carve threshold indicates the radius
of the sphere used to display electron density.
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When the same extended irradiation experiment described above was performed on
MoFe protein crystals that had opened (P2+) P-clusters, we again saw diminished
Fe-anomalous signal for Fe2. In contrast to the experiment starting with the closed
P-cluster, when we started with opened P-cluster, we also saw diminished Fe-
anomalous signal for Fe6 (Fig. 14, top).

Figure 3.14: Top) Fe-anomalous difference density for set 1 (gray mesh) overlayed
with Fe-anomalous difference density for set 5 (dark blue mesh) in each P-cluster
from a MoFe protein crystal starting with fully opened (P2+) P-cluster. Anomalous
signal is diminished for both Fe2 and Fe6.

As these experiments consume extensive beamtime, we have limited datasets for
further comparison. Thus, we do not make any inferences on what the site-specific
decrease in Fe-anomalous signal could mean in the context of nitrogenase with-
out further experiments. As a demonstration for future studies, we collected XAS
spectra at various crystal orientations and observed differences in absorption inten-
sity, emphasizing the importance of controlling for crystal orientation effects when
comparing multiple spectra in these experiments (Fig. 15).
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Figure 3.15: Left) Single crystal XAS of a MoFe protein crystal in three different
orientations. Right) Zoom-in on the rising Fe-edge centered at 7120 eV.

The MoFe protein structures in the high-dose X-ray diffraction datasets had no
large-scale structural changes compared to the low-lose datasets. And aside from
differences in the Fe-anomalous maps, we saw no changes even in the residues sur-
rounding the electron-dense metalloclusters. This raises the question of whether the
MoFe protein is perhaps more resilient against radiation damage than other proteins.
To learn what types of radiation damage a MoFe protein crystal might experience
under standard diffraction data collection conditions, we calculated radiation dam-
age difference electron density maps, using a function available in HKL3000 that
highlights radiation damage-induced changes.[49] Using a standard data collection
strategy with parameters such as 10% beam transmission at 12.685 keV at SSRL
BL12-2 for 1800 frames and an exposure time of 0.2 s per frame, we calculated the
radiation damage difference electron density map for MoFe protein. Fig. 16 shows
an example of a MoFe protein crystal structure overlaid with its radiation damage
difference electron density map where negative peaks (blue mesh) represent atoms
that were displaced, and positive peaks (orange mesh) represent atoms that become
more ordered or electron dense as a result of X-ray irradiation. We saw negative
(blue) difference density peaks around solvent exposed residues, such as αGlu427,
which likely became decarboxylated. αGlu427 sits in the water channel that leads
to the pool of waters around R-homocitrate. Moreover, we saw positive (orange)
difference density peaks around both the FeMo-cofactors and P-clusters. Altogether,
these data reveal, as expected, that changes do occur in MoFe protein crystals in
response to X-ray irradiation. However, what is remarkable is the ability for MoFe
protein crystals to maintain diffraction well beyond the estimated Garman limit, a
point at which most crystals would typically not survive.
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Figure 3.16: Top) Overall cartoon structure of the MoFe protein overlaid with the
radiation damage difference electron density map for a crystal that was collected
under standard conditions (not under highly extended X-ray irradiation). Bottom)
Zoomed-in view of the FeMo-cofactor and water channel on one side of the MoFe
protein tetramer. Negative difference density peaks (blue mesh) indicate regions
with atoms that become disordered through the data collection. Positive difference
density peaks (orange mesh) indicate regions that become more ordered or more
electron rich through the data collection.

Radiation damage-free X-ray crystal structure of the MoFe protein
The advent of X-ray free electron lasers (XFELs) and serial diffraction methods
allowed protein crystallographers to determine damage-free structures. Although
XFELs are 10 orders of magnitude brighter than synchrotrons,[50] their ultra-short
(fs) X-ray pulses enable the collection of a single diffraction image before significant
sample damage has occurred.[51] The trade-off to “outrunning” radiation damage
is the destruction of the sample, which undergoes Coulomb explosion after a single
shot. Therefore, the use of serial crystallography and advancements in sample
delivery have been pivotal to the success of XFEL experiments.

Sample delivery technology has been rapidly evolving. In recent years, structural
biologists have favored three techniques to get their samples into the XFEL beam.
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The first technique is widely used and involves a liquid jet stream of crystal slurries,
which either continually flows or flows in pulses that form a series of droplets.[52, 53]
The stream of droplets can be timed to coincide with the pulses of the XFEL beam.
A major downside of this method is the requirement for large amounts of sample
to sustain a constant stream, and the low hit-rate of crystals in the sample leads to
significant sample loss. Thus, other methods have emerged that require less sample.
A second method involves a fixed-target goniometer mounted with prefabricated
mesh loops, which resemble a more standard synchrotron-based crystallography
experiment.[54, 55] A third method, pioneered by the Kern lab, utilizes a tape-drive
system that uses an acoustic droplet handler to deposit nanoliter-sized droplets of
crystal slurries onto a continuous roll of Kapton tape.[56, 57] The tape then moves
the droplets into the X-ray beam in time with the XFEL pulses.

To obtain radiation-damage free structures of the nitrogenase MoFe protein, we
collected crystallographic data using the latter two sample delivery methods: using
a fixed-target goniometer and a tape-drive system. The fixed-target experiments
were performed in collaboration with Dr. Christopher O. Barnes, Dr. Pamela
J. Bjorkman, Dr. Aina E. Cohen, and the Linac Coherent Light Source (LCLS)
Macromolecular Femtosecond Crystallography team at SLAC National Accelerator
Laboratory. The tape-drive experiments were performed in collaboration with Dr.
Jan Kern, Dr. Stephen Keable, the Kern lab tape-drive sample delivery team, and
the Coherent X-ray Imaging team at SLAC National Accelerator Laboratory.

Fixed-target serial diffraction studies of nitrogenase MoFe protein
Our initial XFEL experiments implemented a goniometer-based set up that enabled
us to bring crystal samples that were pre-loaded in mesh loops.[54, 55] These loops
were sent to Caltech prior to the allocated beamtime and we were able to load them
with our MoFe protein crystals under strictly anoxic conditions and freeze them for
shipping. Each loop accommodated several crystals whose positions were annotated
in an atlas using the Blu-Ice graphical interface. Because LCLS beamtimes are
allocated in 12 hr shifts that are alternated with neighboring experimental hutches,
the atlas annotation, which did not require X-ray beam, was completed during the
off-shift to maximize the efficiency of the active beamtime. During beamtime,
the atlas for each pin was then loaded and still diffraction images were collected
in rastering mode, yielding an almost perfect hit-rate. This method has the least
sample loss compared to those previously mentioned; however, the mesh format
of the loop led to preferential orientation of the crystals. Since our MoFe protein
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crystals had plate-shaped morphology and because we could not rotate the mesh
loop more than +/- 30 degrees, our crystals, which diffracted past the detector edge
(at 1.6 Å resolution), had a missing wedge of data that led to difficulties in structure
refinement. Therefore, we turned to the tape-drive sample delivery system that
implemented MoFe protein crystal slurries.

Tape-drive serial diffraction studies of nitrogenase MoFe protein
Slurries of MoFe protein crystals were prepared by setting up hanging drop vapor
diffusion experiments in 24-well tissue culture trays (Fig. 17) in a Coy Labs
anoxic chamber containing a 97% Ar and 3% H2 atmosphere. As the crystal drops
were eventually pooled together, a single optimized crystallization condition was
used for all experiments, containing 14% (w/v) PEG 4000, 0.6 M NaCl, 0.2 M
imidazole/malate pH 8.0. The protein solution was prepared in buffer containing
50 mM Tris-HCl pH 7.5 and 200 mM NaCl, supplemented with 5 mM dithionite.
To minimize reagents and space, 5-8 crystal drops of 2 µL volume were applied
per hanging drop well containing up to 30 mg/mL MoFe protein (mixed 1:1 with
reservoir solution). After crystallization, each crystal drop was resuspended with
mother liquor and carefully collected and pooled into Eppendorf tubes. After the
crystals settled, roughly 30% of each sample contained visible solid crystal pellet,
which was dark brown in color.

Figure 3.17: Workflow for preparation of MoFe protein crystal slurries for XFEL
beamtime. Crystals were prepared by hanging drop vapor diffusion and collected by
pipetting into Eppendorf tubes. Excess mother liquor was allocated for down-stream
sample preparation and buffer matching at the beamline.
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In total, three samples were prepared for the beamtime: 1) 500 µL of sample
containing 150 µL of solid crystal pellet, 2) 600 µL of sample containing 250 µL
of pellet, and 3) 300 µL of sample containing 50 µL of pellet. Sample 3) had
lower quality, mosaic crystals and was kept as a separate sample to test further
manipulations. Excess mother liquor was stored for additional experiments and to
sparge the sample transfer line at the XFEL beamline.

Transmission electron microscopy of MoFe protein crystal slurries
To determine whether the crystals were in the target size range that was needed for
the tape drive delivery system (20-100 µm, optimally 50-75 µm) and to test various
crystal slurry preparations, we used transmission electron microscopy (TEM) to
visualize our slurries.[58] Four samples were prepared: 1) crystal slurry without
crushing, 2) slurry crushed with a glass crystal pestle, 3) slurry vortexed with a
glass bead at max speed for 1 min, and 4) a mother liquor control. Each sample
was treated and then diluted with mother liquor before transferring to negative stain
grids. The TEM grid preparation and imaging were graciously performed by Dr.
Rebeccah Warmack. The samples were applied to freshly glow discharged Ultrathin
C film on holey carbon support film 400 mesh, copper grids (Ted Pella, Inc.) and
stained with 3% uranyl acetate (Fig. 18).

Figure 3.18: Workflow for crystal slurry sample treatment and grid preparation for
TEM.
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The crystals that were not further crushed were the best quality and within the
target size range (roughly 20 µm in diameter). It is likely that the shear forces from
pipetting the crystallization drops to generate the crystal slurries broke the crystals
into smaller sizes, as they were initially about 200-300 µm in diameter. The TEM
images revealed lattice planes and defined edges of the MoFe protein crystals even
after slurry preparation (Fig. 19).

Figure 3.19: Negative stain TEM images of MoFe protein crystals after crystal
slurry preparation.

As crystal slurries could not be frozen, they were transported to SLAC National
Laboratory via air-tight 2.5 L rectangular jars (Thermo Scientific) and kept anoxic
using disposable AnaeroPack gas generators (Thermo Scientific). Each box was
monitored for anaerobicity with resazurin indicator strips, which turn from white
to magenta in the presence of oxygen. The crystal slurries were transferred to an
anaerobic chamber immediately upon arrival at the facility. Roughly 5 days after
the initial preparation of the crystal slurries, cloudy white precipitate formed in
the mother liquor layer above the crystal pellet. Crystal slurries were washed by
decanting the cloudy white precipitate layer and replenished with fresh mother liquor
supplemented with 5 mM dithionite.

To prepare the crystal slurries for the XFEL experiment, excess mother liquor was
decanted such that roughly 50% of the volume of the crystal slurry contained solid
crystal pellet. The slurry was then filtered by passage through a 250 µm diameter
capillary attached to a 1 mL Hamilton lock syringe. Filtration was necessary to
ensure the sample would not clog the microfluidics system used to transfer the
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sample to the acoustic delivery system coupled to the tape drive. The filtrate was
then loaded into a fresh Hamilton syringe for transfer to the beamline. A small
aliquot of this sample was viewed under a microscope and revealed that the crystals
in the slurry were starting to deteriorate (Fig. 20B). The final sample contained 400
µL of crystal slurry (Fig. 20C). Slurry 3) with the mosaic crystals was excluded
from the final sample. A second syringe of fresh mother liquor supplemented with 5
mM dithionite was prepared to purge the sample transfer lines at the beamline (Fig.
20E). After the final sample was prepared, the sample turned white, presumably
due to additional precipitation during the subsequent 2 hour-wait for the beam to
become available for our sample run.

Figure 3.20: A) Initial MoFe protein crystals. B) Crystal slurry 5 days after initial
slurry preparation and after filtration. C) Final 400 µL sample after filtration. D)
Sample turned from dark to light brown during the wait for beamtime. E) Sample
matching buffer used to sparge the fluidics for crystal slurry delivery.

The MoFe protein crystal slurry was deposited onto the tape drive at a frequency of
30 Hz and belt speed of 200 mm/s. The drop delivery device was encased in a tank
with helium atmosphere with roughly 240 ppm O2. In total, 63,668 images were
collected with 31,779 hits, of which 18,342 images were merged. The nitrogenase
crystals adopted a uniform unit cell consisting of unit cell parameters a = 81.8 Å, b
= 130.4 Å, c = 108.5 Å and α = 90°, β = 110.9°, γ = 90° (Fig. 21).
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Figure 3.21: Unit cell distributions for MoFe protein crystal slurry.

Fe KαX-ray emission spectroscopy (XES) of the MoFe protein crystals was collected
simultaneously to the diffraction data collection. The MoFe protein, which has 32
Fe atoms per heterotetramer,[59] had strong signal for Fe (Fig. 22).

Figure 3.22: Fe Kα1 (right peak) and Kα2 (left peak) XES spectra of the MoFe
protein microcrystals.

The data were cut at the highest resolution bin with 10 times multiplicity and de-
termined to be 1.85 Å resolution. Phases were obtained using the protein atoms of
PDB 3U7Q. The damage-free structure of MoFe protein had no major conforma-
tional changes relative to the synchrotron-based structures, such as PDB 3U7Q (Fig.
23). Unambiguous electron density was observed for all the cofactor and P-cluster
atoms. The P-clusters in both subunits were in the open conformation, indicating
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the sample had been oxidized before data collection.

Figure 3.23: Damage-free X-ray crystal structure of Av MoFe protein by XFEL
radiation. The P-cluster adopts the fully open conformation. 2F𝑜-F𝑐 density for the
metalloclusters shown as gray mesh.

The damage-free structure of MoFe protein confirms that our synchrotron crystal-
lographic datasets have minimal radiation damage, as the XFEL structure had no
significant differences compared to the synchrotron-acquired structure, PDB 3U7Q.
The two structures which align with a root mean square deviation of 0.28 Å and are
nearly identical. The majority of the displacements in the structure appear at the
periphery of the heterotetramer. Vectors drawn between the aligned Cα of all atoms
in the two structures exhibit the largest differences in the helices and sheets in the
α-subunit, with the damage-free structure being slightly expanded compared to PDB
3U7Q (Fig. 24). As the vector lengths (which correspond to the distance between
the Cαs in the two structures) are not homogeneous throughout the structure, it
is unlikely that the expansion of the unit cell could be explained by the beamline
parameters alone.

In summary, we found that introducing strong chemical reductants to MoFe protein
crystals resulted in conversion of the P-cluster from the closed to open conformation.
Soaking Eu(II)-DTPA and Ti(III)-citrate to oxidized MoFe protein crystals did not
convert the opened P-cluster back to the closed conformation. We found that
soaking MoFe protein crystals with eosin dyes, followed by illumination with blue



55

Figure 3.24: Top) The vector lines corresponding to equivalent alignment atoms
in PyMOL represent the difference in the atom position between the damage-free
structure relative to PDB 3U7Q (not shown). Arrows indicate direction of greatest
alignment difference. Bottom) depicts the ribbon diagram of the damage-free
structure for reference.

LED light, resulted in a small population of P1+ P-cluster formation. Extended X-ray
irradiation of MoFe protein crystals resulted in diminished electron density for Fe2
of the P-cluster in the reduced MoFe protein and diminished electron density for
Fe2 and Fe6 of the P-cluster in the oxidized MoFe protein. Finally, we determined
the damage-free, room temperature X-ray crystal structure of the resting state MoFe
protein using an X-ray free electron laser, which serves as a valuable basis set for
future experiments investigating activated states of nitrogenase.

3.3 Methods
Av MoFe protein purification for crystallography
Nitrogenase MoFe protein was expressed and purified from Azotobacter vinelandii
(Av) using previously described procedures.[32, 60] Briefly, cultures of Av were
grown in Burk’s minimal medium containing nitrogen limiting conditions (1.3 mM
NH4Cl). All steps after cell lysis were performed under strict anaerobic conditions
using either anoxic chambers (COY Laboratory products) containing a 97/3% Ar/H2

gas mixture or a 100% Ar modified Schlenk line. Cells were lysed by Emulsiflex
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(Avestin) and subsequently centrifuged to separate cell debris. MoFe protein was
isolated from the soluble fraction by ion exchange chromatography and further
purified by size exclusion chromatography. Purified protein was stored in buffer
containing 50 mM Tris-HCl pH 7.5, 100 mM NaCl, and 5mM dithionite and flash
frozen in liquid nitrogen until further use.

Av MoFe protein crystallization
Purified MoFe protein was concentrated to 30-40 mg/mL in buffer containing 50 mM
Tris-HCl pH 7.5, 100 mM NaCl, and freshly supplemented 5 mM sodium dithionite.
MoFe protein concentrations were estimated using the 410 nm absorbance (extinc-
tion coefficient 76,000 M−1cm−1). Crystallization trays were prepared by hanging
drop vapor diffusion in pre-greased 24-well tissue culture plates in a Coy Labs
anaerobic chamber containing 97% Ar and 3% H2 atmosphere. Crystal drops were
prepared by addition of 1 µL of protein stock solution mixed 1:1 with reservoir so-
lution. Each drop was streak seeded with MoFe protein seed crystals using a natural
fiber seeding tool. Optimized MoFe protein crystallization solution contained 14%
(w/v) PEG 4000, 0.6 M NaCl, and 0.2 M Imidazole/malate pH 8.0. Seed stocks
were prepared by resuspention of one 2 µL crystal drop containing small (<0.1 mm
diameter), well nucleated crystals into 50 µL of reservoir solution. Crystals were
crushed by vortexing with glass seed beads for ∼10 s at max speed. MoFe protein
crystals were dark brown and grew to ∼0.1-0.2 mm in diameter within 24 hours
under these conditions. MoFe protein crystals grow up to 0.4 mm in diameter if
not harvested within 1 week. Crystals were cryo-protected by sequentially soaking
into solutions of mother liquor supplemented with increasing MPD concentration
(8-12% MPD).

Air incubation of MoFe protein crystals
Air-exposure of the MoFe protein crystals was performed by removing MoFe pro-
tein crystals from the glove box and flash-freezing them in liquid nitrogen at 30
second intervals. The crystals were cryo-protected using aerobically prepared cryo-
solutions before freezing. After ∼40 minutes the crystals turned from brown to clear
in color. Clear crystals exhibited a significant loss of diffraction quality.

Eu(II)-DTPA, Ti(III)-citrate, and O2 reactions MoFe protein crystals
Eu(II)-diethylenetriaminepenta-acetic acid (Eu(II)-DPTA) soak experiments into
MoFe protein crystals were performed by preparing a 10 mM stock of Eu(II) chloride
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and a 10 mM stock of DTPA in buffer containing 50 mM Tris-HCl pH 7.5 and 100
mM NaCl. 1-2 µL of each of these stocks were directly added to the 2 µL crystal
drops and allowed to soak for up to 2 hours before the crystals were cryo-protected
and flash frozen in liquid nitrogen. An 88 mM stock of Ti(III)-citrate that had been
previously prepared and frozen in liquid nitrogen was anaerobically thawed and
diluted to 10 mM in buffer containing 50 mM Tris-HCl pH 7.5 and 100 mM NaCl.
1-2 µL of the 10 mM Ti(III)-citrate stock was directly added to the 2 µL crystal
drops. Crystals that were first oxidized by air-exposure were taken out of the glove
box and incubated in air for less than 10 minutes before being cycled back into the
glove box and immediately soaked with reductant before freezing.

W-photosensitizer soaks in MoFe protein crystals
Tungsten (0) arylisocyanide photoreductant, W(CNDippPh𝑂𝑀𝑒3)6 (CNDippPh𝑂𝑀𝑒3

= 4-(3,4,5-trimethoxyphenyl)-2,6-diisopropylphenylisocyanide)[35] that was devel-
oped in lab of Dr. Harry B. Gray and synthesized by Dr. Javier Fajardo was
anaerobically dissolved by addition of a grain of the synthesized compound (< 1
mg) in solutions containing a mixture of crystal mother liquor (15% (w/v) PEG4000,
0.2 M NaCl, and 0.1 M imidazole/malate pH 8.0) and 20-50% dimethylsulfoxide
(DMSO) or 20% ethanol. Crystals were soaked for up to 1 hour before being
cryo-protected and flash-frozen in liquid nitrogen.

Eosin dye soaks in MoFe protein crystals
Eosin-Y (691.85 g/mol) and eosin-B (624.06 g/mol) stocks were prepared by anaer-
obically making 50 mM solutions in buffer containing 50 mM Tris-HCl pH 7.5 and
100 mM NaCl. The crystal soaking solutions of eosin were prepared by addition of 2
µL of the 50 mM eosin stock to 16 µL of well solution and 2 µl of the cryo-protectant
MDP (for a final concentration of 5 mM eosin) or addition of 4 µL of the 50 mM
eosin stock to 14 µL of well solution and 2 µL of MDP (for a final concentration
of 10 mM eosin). As a control, crystal soaking solutions with MDP, lacking eosin
dyes were prepared. The crystals were soaked at various time-points for up to 1
hour in eosin soaking solutions before being flash frozen in liquid nitrogen. For the
photoactivation experiments, eosin soaked crystals were anaerobically illuminated
with blue LED light for 0 mins (control), 3 mins, or 10 mins before being flash
frozen in liquid nitrogen.
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MoFe protein X-ray data collection and structure solution
X-ray diffraction datasets were collected at 100 K at either the Stanford Synchrotron
Radiation Light Source (SSRL) at beamline 12-2 or at the Argonne National Labo-
ratory Advanced Photon Source (APS) GM/CA beamline 23-ID-B. Data collected
at SSRL had a general collection strategy of 90% attenuation, with a 50x50 micron
beam set at an energy of 12.658 keV. Each dataset had a minimum of 1800 frames
(1 full sphere) at 0.2◦ oscillation. Very high resolution sets (∼1.2 Å) were collected
at an energy of 15.0 or 17.0 keV. Data collected at APS had 1x attenuation, with a
25x25 micron beam set at an energy of 12.66keV. Either one or three full spheres
of data were collected at 0.4◦ oscillation. Data were indexed, integrated, and scaled
using HKL3000 [61] or XDS.[62] Phases were obtained by either molecular re-
placement (MR) with PHASER [63] or by rigid body refinement. Initial MR was
performed using the protein atoms from a previously solved MoFe protein structure,
PDB 3U7Q,[32] and subsequent MR was performed using the high resolution MoFe
protein structure described in Chapter 2. Model building was performed in Coot
[64] and both REFMAC5 [65] and Phenix [66] were used for refinement. Software
was installed and configured using the SBGrid package manager.[67] All crystallo-
graphic figures were prepared using PyMOL molecular graphics software package
(Schödinger, LLC).
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C h a p t e r 4

INTRADIMERIC WALKER A ATPASES: CONSERVED
FEATURES OF A FUNCTIONALLY DIVERSE FAMILY

Material for this chapter is published in: Maggiolo, A. O.∗; Mahajan, S.∗; Rees,
D. C.; Clemons, W. M. Intradimeric Walker A ATPases: Conserved features of a
functionally diverse family. Journal of Molecular Biology 2023.
∗Indicates equal contributions.
A.O.M. performed structural analysis, wrote, and edited the review.

4.1 Introduction
The hydrolysis of nucleoside triphosphates (NTPs) to nucleoside diphosphates
(NDPs) supports the progression of a multitude of cellular processes. P-loop NT-
Pases, named after the characteristic functional loop within the fold that coordinates
the phosphate moiety of the bound NTP, are a large superfamily that contain a
distinctive three-layered αβα-sandwich fold structure.[1–3] Members of the P-loop
NTPases perform a wide range of cellular functions, including transcription, trans-
lation, cellular regulation, DNA repair, cell division, and membrane transport.[1,
4]

The P-loop, also known as the Walker A motif, was first identified by Walker and
coworkers in several ATP-hydrolyzing proteins (ATPases), including the α and β
subunits of ATP synthase, myosin, and adenylate kinase.[5] The Walker A motif
contains the consensus sequence G-X-X-X-X-G-K-[T/S] (where X is any amino
acid) that directly follows an N-terminal β-strand (Fig. 1A) . The invariant Lys and
Thr/Ser residues of this motif fix the position of the nucleotide by stabilizing the
negative charge on the NTP γ-phosphate and coordinating the associated Mg2+ ion,
respectively.[1] The structured glycine-rich P-loop plays an essential role in orienting
phosphates for hydrolysis.[1, 6–8] Walker A proteins also contain a conserved
Walker B motif that harbors an aspartate residue that coordinates the associated Mg2+

ion through a bridging water molecule. After the original Walker A characterization
in ATPases, several small GTP-binding proteins were identified to contain both
Walker A and B motifs, including the elongation factor Tu and the H-Ras GTPase.[9,
10] In these systems, the Walker A motif interacts with the phosphate groups of
GTP, extending the P-loop terminology to both ATP and GTP hydrolyzing proteins.
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In recent years, the ‘Walker A motif’ and ‘P-loop’ terminology have been used
interchangeably in the literature.

P-loop NTPases form a distinctive three-layer nucleotide binding fold that consists
of a parallel β-sheet that is flanked on both sides by a layer of α-helices. This archi-
tecture is proposed to have emerged before the last universal common ancestor.[3,
16]



67

Figure 4.1: A) (Top) Sequence alignment of representative members of the canonical
Walker A NTPase superfamily and (bottom) of the intradimeric Walker A (IWA)
family, highlighting the conserved motifs. Positions of the motifs are numbered
based on p21 H-Ras and AvNifH for canonical Walker A and IWA sequences,
respectively. Asterisk indicates the location of the IWA signature lysine. Full
names of the abbreviated organisms can be found in SI Table 1. Alignments were
constructed using a structure-based alignment method with PROMALS3D,[11] and
residues are colored based on ClustalX.[12] B) Topology diagrams of NifH (based
on PDB 6N4L), Get3 (PDB 7SPY and PDB 7SQ0 for tail-anchor positioning),
and ArsA (PDB 1F48) show the IWA proteins adopt a three-layer αβα-sandwich
fold, commonly found in P-loop NTPases.[13–15] The relative β-sheet and α-helix
lengths are shown to scale. The connecting loops are not to scale. Select residues
are indicated using single letter codes. Bold outlined β-strands indicate insertions
to the core β-sheet in the canonical P-loop NTPase fold. Purple-colored core α-
helix indicates the ‘substrate-helix.’ C) Cartoon representation of one monomer
of AvNifH (left, PDB 6N4L), GiGet3 (middle, PDB 7SQ0), and the N-terminal
subunit of the EcArsA (right, PDB 1F48) pseudodimer. The IWA proteins contain
a P-loop (purple), Switch I loop (orange), and Switch II loop (green) which couple
the nucleotide binding site to the substrate/cargo binding site.

The P-loop fold is structurally similar to another ancient fold, the Rossmann fold,
differing primarily in the strand order of the β-sheet, with P-loop folds most com-
monly having a β2-β3-β1-β4-β5 topology.[3, 17] Both folds serve as a scaffold for
functional loops that succeed the β-strands. Residues in these loops either directly
interact with nucleotide (as in the case of the P-loop), or interact with a water or
proteinaceous network. In the latter case, these loops are commonly termed ‘Switch
I’ and ‘Switch II,’ as they adopt discrete conformations that can be correlated to
nucleotide state.[18] Several comprehensive works provide a framework for the
classification and mechanism of P-loop NTPases (for further reading, see [8, 19]).

While P-loop NTPases are ubiquitous among the tree of life, several evolutionary
clades have been identified with variations in the Walker A sequence.[20] Based
on sequence and structural analysis, Leipe and coworkers broadly distributed the
GTPase superclass of the P-loop NTPase superfamily into two classes: TRAFAC,
which includes several well-characterized translation factor-related GTPases, and
SIMIBI, which includes the signal recognition GTPases, MinD- and BioD-related
NTPases.[2] It is known that SIMIBI proteins, that include both GTPases and
ATPases, predominantly function as homo- or heterodimers.

A unique subset of proteins, later classified within the SIMIBI proteins, was first
identified in the bacterial plasmid partitioning systems, having an uncommon alter-
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ation in the first and last glycine of the Walker A motif.[21] This family of proteins
with a distinct Walker A sequence, X-K-G-G-X-G-K-S/T , was discussed in detail
by E. Koonin in 1993 and expanded to include a handful of evolutionarily related
ATPases, which have disparate functions and are found in all three domains of
life.[22] Importantly, Koonin identified a second invariant lysine positioned near the
beginning of the Walker A motif, which has since been regarded as the ‘signature
lysine’ for members of this subset (Fig. 1A, bottom). This subset of ATPases, due
to their divergence from other Walker A sequences, was termed the ‘deviant Walker
A’ proteins; however, the question of ancestral origin is unresolved.

In this report, we discuss the commonalities among this distinct subset of P-loop
NTPases. We coin the term ‘intradimeric Walker A’ (IWA) proteins as they are
functional homodimers with important catalytic residues that span across the dimer
interface. Some of the well characterized members of this group include the ni-
trogenase iron protein (NifH), the enzyme that supplies electrons during biological
nitrogen reduction; the guided entry of tail-anchored proteins factor 3 (Get3), which
shepherds tail-anchored integral membrane proteins to their destined membrane for
insertion; the cytosolic subunit of the bacterial arsenite efflux pump (ArsA), which
transfers arsenite to its partner membrane transporter for cellular detoxification;
and the protein involved in the regulation of bacterial cell division (MinD). Other
members of this family include DNA partitioning proteins such as ParA and Soj,
cell division regulator, MipZ, and flagellar regulation protein, FleN. Due to the
plethora of structural information, particularly for NifH and Get3, we use NifH,
Get3, and ArsA as representative examples to examine the conserved features of
the IWA proteins at the sequence, structural, and functional levels. We find that
the proteins in this special subset, with a common evolutionary origin but diverse
functionalities, retain remarkable similarity in their ATP-dependent function and
allostery as a product of their conserved structural features.

4.2 Sequence Conservation
In comparison to the classical Walker A motif (Fig. 1A, top), the IWA proteins differ
in the positions of the conserved glycine residues in the P-loop region and have a
second invariant lysine after the first β-strand, making the consensus sequence for this
subset of Walker A proteins β-strand 1- X-K-G-G-X-G-K-S/T (Fig. 1A, bottom).[22]
Although there are several hallmarks that differentiate the IWA proteins from the
larger SIMIBI family, the initial lysine has generally been considered the defining
feature of this subset. Similar to other SIMIBI NTPases, the IWA proteins contain
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a conserved motif located ∼20 residues downstream of the Walker A motif on the
second β-strand of the core β-sheet, designated as the Walker A’ motif. This motif
overlaps with Switch I and is characterized by a conserved aspartate, implicated in
general base catalysis to activate the nucleophilic water for ATP hydrolysis in these
proteins.[19]

The general topology of P-loop NTPases in the IWA and greater SIMIBI family
consists of a 5-stranded parallel β-sheet, where the first three β-strands make up
the Walker A, Walker A’, and the Walker B motifs. Each of these β-strands is
followed by functional loops, which are designated the P-loop, Switch I, and Switch
II, respectively (Fig. 1B). The IWA topology differs from the most common P-loop
NTPase topology in that the IWA proteins have three additional β-strands in the core
5-stranded β-sheet from the insertion of two β-strands between β2 and β3 and a third
β-strand between β4 and β5 (Fig. 1B, bold outlined β-strands). Nonetheless, the
P-loop, Switch I, and Switch II come together on the same side of the β-sheet, such
that the loops directly connect the nucleotide binding site to a second functional site
that is specific to each protein (Fig. 1C).

4.3 Structural Conservation
The IWA proteins have high structural conservation, which is dominated by the
common P-loop NTPase fold. Each IWA protein has auxiliary helices and loops,
which decorate the core αβα-sandwich and are specific to the function of each
protein. For example, Get3 furnishes a series of flexible loops and helices, which
form a hydrophobic groove used to capture tail-anchored protein cargo, while NifH
utilizes helices to form the interaction surface with its partner protein, NifDK.

Aside from their common P-loop NTPase fold, a key conserved feature of IWA
proteins is the requisite homodimeric state (Fig. 2A). In the case of NifH, the
homodimer is covalently linked by coordination of the active site cluster, containing
four iron and four sulfur atoms ([4Fe:4S]). Similarly, Get3 is a homodimer that
is stabilized by a zinc ion. In both NifH and Get3, a number of X-ray crystal
structures are available that span multiple functional states and delineate changes at
the dimer interface, that are critical for function. ATP-dependent dimerization is an
essential feature for the function of MinD, which exists as a monomer prior to ATP
binding.[23] In these systems, large dimer conformational changes occur in response
to the bound nucleotide state. Thus, there appears to be communication from one
monomer to the other throughout the nucleotide hydrolysis cycle. ArsA differs in
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Figure 4.2: A) IWA proteins have disparate functions, but commonly act as ‘shuttle
proteins’ that are driven by ATP hydrolysis. In this regard, they have two functional
sites: one for nucleotide binding and one for substrate binding. The substrate
binding site is tailored to accommodate the cargo specific to each protein, in some
cases by the addition of an auxiliary domain. Cartoon representation of three IWA
proteins with their nucleotide and substrate binding sites indicated. NifH (PDB
6N4L) carries electrons to its partner protein complex, NifDK, for the reduction of
dinitrogen; Get3 (PDB 7SQ0) delivers tail-anchored proteins to the Get1 and Get2
complex for targeted insertion into the membrane; and ArsA (PDB 1F48) scavenges
and transports toxic metalloids to the ArsB efflux pump for extrusion out of the cell.
The substrate-helix is indicated in purple. B) The signature N-terminal lysine in
IWA proteins reaches across the dimer interface and interacts with the phosphate
moiety of the nucleotide in its partner monomer. Representative examples shown
are NifH (left, PDB 1M34), Get3 (middle, PDB 7SPY), and ArsA (right, PDB
1II0).[14, 25, 26] The lysine provides the positive charge necessary to initiate ATP
hydrolysis. In addition, it plays a role in neutralizing the build-up of negative charge
after ATP hydrolysis and communicates the nucleotide phosphorylation state across
the dimer interface. Distances are indicated in angstroms.

this respect as it is expressed as a single chain that effectively forms a covalent dimer,
often referred to as a pseudodimer, with two nucleotide binding domains connected
by a flexible linker. This has been suggested to be a result of gene duplication and
fusion of an ancestor.[24] The pseudosubunits have ∼30% sequence identity and
together form a dimer interface that mimics the conserved features found in NifH
and Get3.
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A critical interaction across the dimer interface is provided by the IWA signature
lysine. This was first recognized in the X-ray crystal structure of NifH complexed to
an ATP-transition state analogue, ADP·AlF4

-.[27] In this structure, the amino group
of Lys10 in each NifH monomer interacts with the negatively charged phosphate
group of the nucleotide in the adjacent monomer (Fig. 2B, left). A similar interaction
is seen in the ATP-bound Get3 dimer (Fig. 2B, center). Thus, the lysine was
proposed to act as both a charge neutralizer for the nucleotide phosphate moieties and
to lower the activation barrier of ATP hydrolysis by stabilizing the negative charge
build-up on the phosphate leaving group in the transition state. This interaction
is structurally equivalent to the ‘arginine finger’ of GTPase activating proteins that
stimulate GTP hydrolysis in Ras proteins.[28] The location of the catalytic lysines
on the opposing subunits serves to facilitate communication about the nucleotide
phosphorylation state across a dimer interface and regulate hydrolysis, which can
only proceed once the dimer is in the appropriate conformational state. A number
of non-nucleotide bound structures of NifH and Get3 reveal that the dimer splays
apart in preparation for nucleotide uptake. In these structures, the dimer adopts an
‘open’ conformation and the residues that make up the dimer interface are oriented
such that the IWA lysines are too far apart to interact with the opposing subunit.
After nucleotide binding, the dimer interface restructures as the monomers twist
together to enclose the nucleotides and form a ‘closed’ dimer conformation (Fig.
3A-B). This mechanism ensures that nucleotide hydrolysis is directly coupled to the
conformational state of the dimer.

In contrast to the structural commonalities at the nucleotide binding domains among
the IWA proteins, the auxiliary domain outside the nucleotide binding domain have
evolved to adopt functions unique to each protein. Thus, the IWA proteins can be
thought of as having two functional sites: (i) the site of ATP hydrolysis and (ii) the
site of substrate/cargo binding that is specific to each protein (simplified as substrate
for the rest of the text) (Fig. 2A). The two sites communicate to one another by
the intervening loops (Switch I and Switch II) and the overall dimer conformation,
which is how substrate binding and nucleotide hydrolysis are coupled. For example,
NifH has a [4Fe:4S] cluster that enables inter-protein electron transfer between
NifH and its partner protein, NifDK. To prevent futile redox cycles, electron transfer
only occurs when NifH is properly coordinated to its partner protein and poised to
deliver electrons. Structures of NifH complexed to NifDK and the ATP analog,
ADP·AlF4

-, reveal that ATP binding pushes the cluster 4 Å towards the surface of
the protein.[27] This shift of the cluster enables electron transfer by minimizing the
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Figure 4.3: The dimer dynamics of IWA proteins can be visualized by alignment
on chain A of several nucleotide-dependent dimer conformations of A) AvNifH, B)
GiGet3, and C) EcArsA. The line of sight for the dimer is from the bottom relative
to the dimer conformation as viewed in Fig. 2B.

distance between the [4Fe:4S] cluster of NifH and the receptor iron sulfur cluster in
NifDK. The movement of the [4Fe:4S] cluster in NifH is facilitated by a concerted
shift of the Switch I and II loops in response to ATP binding (Fig. 4A-D). Thus,
the two active sites are coupled by the components of the IWA motif that relay the
nucleotide binding signal to the [4Fe:4S] cluster site and enable the overall activity
to be modulated by ATP hydrolysis.

Likewise in Get3, signal is propagated from the ATP binding site to the tail-anchored
protein binding site, predominantly through changes that happen in the Switch II
loop. Upon binding ATP, the Switch II loop shifts, affecting changes in residues that
will subsequently form the hydrophobic cleft at the dimer interface (Fig. 4E-H).[14]
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Accessory proteins, such as Get4, and the tail-anchored protein likely facilitate
structural rearrangements that form the groove for tail-anchored protein binding,
which then stimulates ATP hydrolysis.[29, 30] This is evident in the post-hydrolysis
tail-anchored protein-bound state of Giardia intestinalis (Gi)Get3, wherein the C-
terminal end of the Switch II loop has restructured into an α-helix (Fig. 4G-H).[14]
Furthermore, in both NifH and Get3, the helix that precedes the β-strand harboring
the Walker B motif (residues 96-112 in AvNifH and 139-157 in GiGet3), herein
referred to as the ‘substrate-helix,’ moves as part of the conformational changes that
occur at the substrate binding site (Fig. 1B-C, purple helices). This is most apparent
in structures of Get3, where this helix shifts down towards the nucleotide binding site
upon tail-anchored protein binding, forming the base of the hydrophobic cleft.[14,
30] In NifH, the change in conformation is more subtle, as rearrangements in this
helix are coupled to repositioning of the [4Fe:4S] cluster to facilitate intermolecular
electron transfer when complexed to NifDK. Switch II likely coordinates with the
substrate-helix to mediate communication between the nucleotide binding site and
the substrate binding site.

ArsA is structurally more similar to Get3 than the other well-characterized IWA
proteins. Like Get3, ArsA contains the auxiliary helical domain that extends above
the nucleotide binding sites (Fig. 1C, center and right). In Get3 this domain
makes up the hydrophobic cleft for tail-anchored protein binding. In ArsA, it
encloses a cysteine-rich site located at the dimer interface that forms the binding
site for its physiological metalloid substrates, arsenite and antimonite.[15, 31] The
presence of three conserved cysteines at this site and the absence of the features
necessary for tail-anchored protein binding are the hallmarks that distinguish ArsA
from Get3, all of which were indiscriminately annotated as ArsA in databases.
Mutagenesis and tryptophan fluorescence kinetic studies revealed that the metalloid
binding site of ArsA is allosterically coupled to ATP binding and hydrolysis.[31,
32] Analogous to NifH and Get3, the substrate binding site of ArsA is structurally
linked to the ATP binding site via the Switch loops (Fig. 1B-C, right). X-ray
crystal structures of Escherichia coli (Ec)ArsA bound to various nucleotides have
been reported.[15, 26] Surprisingly, there are no significant conformational changes
between these structures, unlike the dramatic changes seen in the nucleotide-free
versus nucleotide-bound states of Get3 and NifH (Fig. 3C). Likewise, the signature
lysines in the structures of ArsA bound to ADP·AlF3 or ATP are >10 Å apart and are
oriented away from the nucleotide, resembling the open dimer conformation (Fig.
2B), right). It is plausible that the crystal packing was not conducive to explore the
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Figure 4.4: (Top) Conformations of the nucleotide-dependent functional loops (P-
loop (purple), Switch I (orange), and Switch II (green)) in one monomer of NifH in
the A) nucleotide-free, B) ADP·AlF4

-, and C) ADP bound states. D) Direct compar-
ison of the three functional loops to demonstrate their nucleotide-dependent confor-
mational changes. (Bottom) Conformations of the nucleotide-dependent functional
loops in one monomer of Get3 in the E) nucleotide-free, F) ATP, and G) ADP and
tail-anchor substrate bound states. H) Comparison of the Get3 functional loops.

full conformational landscape of ArsA. Nevertheless, the presence of all the IWA
structural motifs in ArsA strongly indicate that the ATP-dependent conformation
rearrangements are likely preserved and required to catalyze the transfer of the
metalloid to the membrane efflux pump, ArsB.

4.4 Functional Conservation
In IWA proteins, ATP binding and hydrolysis impose changes at the dimer interface
that span a range of nucleotide-dependent dimer conformational states (Fig. 3A-B).
An abundance of structural data, particularly among the NifH and Get3 proteins,
supports that the members of the IWA family exhibit common nucleotide-dependent
dimer dynamics. In the nucleotide-free structures of NifH and Get3, the dimers
adopt the open conformation with minimal protein interactions across the dimer
interface.[13, 14] In the structures of NifH and Get3 in the pre-hydrolytic ATP-
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bound state, the dimers are stabilized in the closed conformation, wherein the dimer
interface constricts, bringing the IWA signature lysine in proximity to the nucleotides
in preparation for hydrolysis.[14, 33] In these systems, docking of a partner protein
or substrate stabilizes the closed dimer conformation and serves as a trigger for ATP
hydrolysis. In NifH, this trigger is provided by complexation to the partner protein,
NifDK.[25] In Get3, tail-anchored protein binding and subsequent release from a
binding partner initiates hydrolysis.[14, 34] In MinD, binding of the partner protein,
MinE, activates hydrolysis.[35]

At the hydrolysis step, a water molecule positioned adjacent to the γ-phosphate
and trans to the β-phosphate, serves as the nucleophile for ATP hydrolysis. In
NifH, several aspartate residues within the nucleotide binding site are candidates
for activation of the catalytic water. The structure of the ADP·AlF4

--bound state
of NifH, contains a hydrogen bonding network involving the conserved aspartate
residues on the Switch I and II loops, the water molecules coordinating the Mg2+

ion, and the conserved Ser/Thr residue on the P-loop (Fig. 5A-B). It is difficult
to tell from structures alone whether a single aspartate is responsible for water
activation. Based on both structural interpretation and mutagenesis studies, it is
more likely that several apartates are essential and an intricate hydrogen bonding
network surrounding the catalytic water facilitates its activation via a proton relay
mechanism.[19, 36–38] Similar to the IWA signature lysine, Asp129 reaches across
the dimer interface to stabilize the catalytic water in the ADP·AlF4

--bound state,
but not in the ADP-bound state (Fig. 5C), further affirming the importance of
nucleotide-dependent intradimeric interactions. A similar arrangement of asparates
forming a hydrogen bonding network is also present in the ATP-bound Get3 struc-
ture.[14] Following hydrolysis and phosphate release, the dimer expands, returning
to its open conformation, as represented in the ADP-bound structures of NifH and
Get3.[13, 14]

The ATPase cycle mediates discrete conformational rearrangements of the Switch
loops. This allosterically induces structural changes at the substrate binding site
involved in the primary biological function of the respective proteins. This typically
involves transfer of the substrate to its downstream binding partner as characterized
for NifH, Get3, and ArsA. On the other hand, MinD facilitates localization of an
entire protein, MinC, to the site on the plasma membrane where non-productive cell
divison must be prevented.[23, 39] The combined oscillation of MinD and MinC
between the poles of a dividing cell is required for cell division regulation. Based
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Figure 4.5: A) Asp39 and 43 (Switch I), and Asp125 and 129 (Switch II) participate
in an intricate hydrogen bonding network around coordinated ADP·AlF4

-. Asp43,
125, and 129 are essential for the Mg·ATP hydrolysis activity of AvNifH (PDB
1M34).[8, 36–38] Mutation of Asp39 has been shown to affect the FeMo-cofactor
synthesis and maturation activities of NifH.[38] B) Zoom-in of panel A indicating
the distances from the aspartates to the Mg2+ ion (PDB 1M34). C) Aspartate
residues around the nucleotide binding site of AvNifH when ADP is bound (PDB
6N4L).

on several structures, the substrate binding site of MinD differs from other IWA
members in that MinC binds at the dimer interface near the nucleotide binding
sites of MinD,[40–42] which is a distinct region from the substrate binding site
of NifH, Get3, and ArsA. Nonetheless, the presence of the IWA features indicates
that functionally relevant interactions at the analogous IWA substrate binding site on
MinD must be conserved and the corresponding details await future characterization.
As the ATPase cycle regulates transfer of a substrate from an IWA proteins to either
a partner protein or a different location in the cell, these proteins, in principle, can be
thought of as ‘shuttle proteins’ that have evolved to catalyze the transport (shuttling)
of their respective substrates. Although a similar description has previously been
made with reference to DNA segregation proteins (MinD and ParA),[43] we identify
that this functional role is conserved across the IWA family.

The catalytic steps of the ATPase cycle regulating the shuttle function of the IWA
proteins are mediated by partner proteins that are functionally analogous to effectors.
NifH is an example where the catalytically competent conformation required for both
ATP hydrolysis and electron transfer is stabilized only when it is bound to NifDK;
this property effectively prevents futile ATPase cycles.[27] After ATP hydrolysis
and electron transfer, the NifH dimer dissociates from NifDK and transitions to the
open dimer conformation. In this state, ATP exchanges for ADP and the [4Fe:4S]
cluster can be reduced by the appropriate reductant.[44] Although both Get3 and
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ArsA exhibit basal ATPase activity in the absence of substrate, effector binding in
both cases has been shown to regulate the ATPase cycle.[34, 45] Binding of the
effector protein, Get4, to Get3 stabilizes its ATP-bound closed dimer conformation,
exposing the substrate binding site for tail-anchored protein binding. Hydrolysis
is inhibited until the tail-anchor is successfully bound.[29, 30] Subsequently, Get3
binds to the Get1 and Get2 endoplasmic reticulum membrane complex, which
stabilizes the open dimer conformation, facilitating the transfer of the tail-anchored
protein into the membrane.[46] In the case of ArsA, a metallochaperone, ArsD,
putatively binds ArsA to facilitate transfer of arsenite to the substrate binding site
of ArsA.[47] Additionally, by analogy to NifH-NifDK, interactions between ArsA
and its membrane partner ArsB may also be critical to regulate the nucleotide state
of ArsA suitable for arsenite transfer. Yet another mechanism of regulation of IWA
proteins, especially notable in Get3, MinD, and chromosomal segregation proteins
such as ParA and Soj, has been suggested to be conferred by membrane association
of these proteins. NifH has been found to associate with membranes in nitrogen-
fixing bacteria under low oxygen tension.[48] Indeed, it has been proposed that
lipids can trigger conformational changes in these systems.[49]

The presence of such regulatory features in IWA proteins that control their switching
between the open and closed dimer conformations might serve as a critical mech-
anistic feature that ensures precise timing of the substrate shuttling function. That
these proteins act as ‘molecular clocks’ is well established for MinD, which oscillates
between the poles of the cell and prevents non-productive division septa formation
necessary for cell division. The ATP-dependent dimerization linked to binding of
MinC and MinE proteins helps regulate the periodicity of MinD function.[23] A
similar mechanistic role of ATP hydrolysis has been discussed previously in light
of the nitrogenase mechanism, suggesting that ATP hydrolysis is thermodynami-
cally non-essential for electron transfer and instead acts as a conformational gate
to maintain the unidirectionality of electron transfer from NifH to NifDK.[50] We
propose that the well regulated ATPase cycle is critical for controlling the flux of the
substrate being shuttled, therefore, ensuring precise timing in other IWA proteins,
as well.

4.5 Structurally Conserved Arginine Residues
Beyond the residues in the conserved sequence motifs defining this family, IWA
proteins have additional conserved interactions across the dimer interface that cor-
relate with nucleotide-dependent conformational states. Of particular interest are
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interactions involving arginine residues that are frequently found at the dimer in-
terface of IWA proteins. One striking example, described in AvNifH by Tezcan,
Rees, and coworkers, involves a pair of arginine residues (Arg187 and Arg213) from
each NifH subunit in a complex of NifH with NifDK, stabilized by the asymmetric
binding of AMP-PCP and ADP.[51] Arg187 and Arg213 are positioned on loops
following β-strand 7 and β-strand 8, respectively (Fig. 1B). The intriguing aspect
of these arginines was the prominent chain of π-stacking interactions involving the
adenine bases and the guanidinium groups of the arginines to form the π-stacked
chain adenine - Arg213 - Arg187 - Arg187 - Arg213 - adenine linking the two nu-
cleotide binding sites across the homodimer interface (Fig. 6A). This observation
prompted examination of these residues in a series of NifH structures to evaluate the
relationship between the locations of these arginines and the nucleotide dependent
NifH dimer conformation. Arg187 and Arg213 were found to interact via discrete
hydrogen bonding and salt bridge interactions with each other and with a neigh-
boring glutamate (Glu154 in AvNifH) in structures of NifH complexed to NifDK
with ADP·AlF4

-,[25, 27] ADP,[33] and AMP-PCP.[51] Structures of nucleotide-free
NifH do not exhibit direct arginine-arginine interactions across the dimer interface
as the dimer is splayed too far apart; additionally, the adenine appears to provide an
important handle for arginine stacking (Fig. 6B).[13, 52] We note that mutagenesis
of Arg213 to cysteine renders the protein inactive as measured by in vivo acety-
lene reduction assays.[53] The interactions between these four arginine residues
and the nucleotide could serve to control nucleotide positioning across an interface
coupling the dimer conformation to the nucleotide state. Although the interaction
between two positively charged side chains has an unfavorable electrostatic com-
ponent, arginine-arginine interactions across protein interfaces have been found to
be thermodynamically favorable,[54–56] thereby facilitating the formation of the
closed dimer conformation.

In addition to NifH, a survey of IWA motif-containing proteins in the Protein Data
Bank (PDB) revealed the presence of an arginine residue (sometimes a pair of
arginine residues) that is structurally analogous to NifH Arg187 and 213. Sim-
ilar to the IWA signature lysine, these arginines are found to participate in ex-
tensive inter-subunit interactions with both the protein and the bound nucleotides.
Arginine-arginine interactions are maintained in MinD and more broadly in the Par
family of proteins (Fig. 6C-D). Upon examination of the available MinD struc-
tures from different organisms, we find inter-subunit hydrogen bonds made by the
two dimer-related arginines that also interact with nucleotides. In Pyrococcus fu-
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riosus(Pf)MinD, a pair of arginines (residues Arg172 and Arg175) stack over the
nucleotide in the monomeric ADP-bound structure (Fig. 6C). As there are no
dimeric ATP-bound structures of Pf MinD available, we examined the ATP-bound,
dimeric EcMinD that has arginines homologous to those of Pf MinD (Arg182 and
Arg187, respectively). In this structure, Arg187 is dissociated from the stack upon
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Figure 4.6: A) Four arginine residues (two from each monomer) reside at the dimer
interface of AvNifH. In the absence of nucleotide (PDB 6N4K), the dimer adopts
an ‘open’ conformation with the arginines too widely separated to interact. Dimer
interface distances are indicated as solid arrows. B) Upon nucleotide binding,
the NifH dimer constricts and the four arginines π-π stack over the nucleotides
and across the dimer interface (PDB 4WZA). C) Two arginine residues from the
same monomer that structurally align with the IWA arginine residues in AvNifH,
adopt a similar stacking motif in the monomeric Pf MinD. D) In the dimeric ATP-
bound EcMinD structure, one pair of arginines stack over the bound nucleotides and
extend interactions across the dimer interface. E) Arg291 in ScGet3 interacts with
the nucleotide in the neighboring monomer when ATP is bound (PDB 4XVU) and
F) interact at the dimer interface when either no nucleotide or ADP is bound (PDB
3SJA). G) The IWA arginine residues (highlighted in red) are structurally conserved
but are not discernible from the sequence alignment. Full names of the abbreviated
organisms can be found in SI Table 1.

dimerization and Arg182 is hydrogen bonded to Arg187 from the adjacent monomer
(Fig. 6D).

In Get3, arginine interactions at the dimer interface are most clear in Saccharomyces
cerevisiae (Sc)Get3. There is a single arginine residue (Arg291 in ScGet3) that
participates in nucleotide-dependent intradimeric contacts. In structures of ScGet3
with ATP bound, Arg291 from each monomer interacts with the adenine base of the
ATP in the opposing subunit (Fig. 6E). In the structures with no nucleotide bound,
Arg291 from each monomer interacts across the dimer interface via direct hydrogen
bonding or π-π stacking (Fig. 6F). An investigation of 69 mutations in ScGet3
by Suloway, Clemons, and coworkers found that mutation of Arg291 resulted in a
strong loss of function phenotype.[57] Incubation of R291A with wildtype protein
could not recover function, indicating mutation of Arg291 had a dominant negative
effect (unpublished results). The corresponding arginines in EcArsA interact with
the adenine in the opposing monomer in the single dimer conformation seen for
ArsA; however, a π-π stacking interaction between the arginines is not observed.[15,
26] As discussed previously, the conformational states of ArsA do not appear to have
been fully explored and it is likely that these types of interactions will be observed
in conformational states of ArsA yet to be characterized.

The absence of a conserved sequence motif surrounding these arginines has pre-
cluded recognition of the significance of these interactions (Fig. 6G, dark red).
Nevertheless, the arginines are structurally conserved with respect to the nucleotide
binding site and are present on the loop or the α-helix following β-strand 7. In
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some IWA proteins, a second arginine is present at the dimer interface and typically
resides on a different structural element (Fig. 6G, light red). Given the striking con-
formation of these arginine residues, which interact across a dimer interface at the
nucleotide binding site in several members of the IWA subclass, and that the intra-
subunit interactions correlate with multiple structural intermediate states in NifH,
the arginine residues further support the importance of cross-dimeric interactions
in the IWA family.

4.6 Conclusions
The IWA proteins had previously been ascribed to a subset of Walker A proteins
that have an additional, fully conserved N-terminal lysine residue that is essential
in ATP hydrolysis in these enzymes that function as obligate homodimers. Due to
their common P-loop NTPase fold, they share a conserved nucleotide binding site.
The IWA proteins have a second functional site, also at the dimer interface and
typically at the opposing end of the dimer from the nucleotide binding site. This
second functional site serves as the location for substrate binding and is tailored with
auxiliary structural components to accommodate substrates that are specific to each
protein system. Within a monomer, a series of loops that straddle the nucleotide and
substrate binding sites directly couple the substrate transport activity to the ATPase
cycle. As illustrated by studies of MinD, regulation of the ATPase cycle of IWA
proteins by interactions with partner proteins and/or the cell membrane ensures
precise timing and unidirectionality of substrate transport. This timing mechanism
might be a critical feature that enables IWA proteins to carry out their respective
biological functions efficiently.

Structural analysis reveals that the nucleotide-dependent conformations of the ho-
modimer are an important feature in the progression of the ATPase cycle in IWA
proteins. Several residues that make intradimeric interactions, including the IWA
signature lysine, are essential in facilitating communication about the phospho-
rylation state of the coordinated nucleotides across the dimer interface to induce
concerted dimer motions. Herein, we identify arginine residues that are present at
the dimer interface in the IWA proteins, but not conserved in the IWA sequence
motif. It is tempting to speculate on their potential role in the IWA proteins, which
may not necessarily be the same for all IWA members. Although these arginines
appear to be unique to IWA proteins, a highly conserved lysine residue in the re-
lated NTPase, p21 Ras, (Lys117 in Homo sapiens) is structurally homologous to
Arg213 in NifH.[50, 58] Lys117 in Ras positions directly over the base of the bound
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nucleotide and plays an important role in guanine base recognition.[58, 59] The con-
nection between Arg213 in NifH and Lys117 in Ras has been made before as one of
the residues in the P-loop NTPase fold responsible for adenine versus guanine base
specificity.[60] Whether these arginines partake in either base specificity or dimer
dynamics, or both, in NifH and other IWA proteins is worth further investigation.

The commonalities described here between the members in this special subset
of Walker A proteins is seemingly at odds with their divergent functions. On
some level, it is challenging to see the similarity between electron, metalloid, and
hydrophobic tail-anchored protein transfer. Moreover, the sequence of steps of the
ATPase cycle-mediated substrate transfer may not necessarily be conserved and
may be specific to the mechanism of each IWA protein. Nonetheless, the ability
of these proteins to transport various substrates seems less surprising considering
the core of the protein remains virtually unchanged and only the regions of the
protein that harbor various cargo appeared to undergo considerable evolutionary
alterations. Thus, the IWA proteins retain their most integral feature, which is
substrate transport driven by ATP-dependent structural changes. We predict that
further structural characterization of the substrate and nucleotide-bound states of
other IWA proteins will reveal conservation of these mechanistic features. An
interesting note is that Get3 is the only IWA protein known to date found in humans
and yeast, unlike the many different IWA proteins found in bacteria and archeae.
An outstanding question concerns the evolution of the IWA family in the P-loop
NTPase evolutionary timeline and its functionally critical homodimeric architecture
that has evolved to adapt remarkably diverse biological functions.

Table 4.1: Full names of organisms mentioned throughout the text.
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C h a p t e r 5

THE APO FORM OF THE NITROGENASE IRON PROTEIN

This project was done in collaboration with Siobhán G. MacArdle who developed
and performed ATPase activity assays using ion chromatography and performed
inductively coupled plasma mass spectrometry to determine protein metal content.

5.1 Introduction
Proteins that contain small inorganic clusters composed of iron and sulfur atoms
(FeS clusters) are among the oldest on Earth and have evolved to perform a wide
range of biological functions.[1] The FeS clusters typically serve a structural role
to support its protein scaffold and also enable complex chemical reactivity that
is otherwise inaccessible to non-metalloproteins. Because FeS clusters can adopt
multiple redox states and move electrons within the cluster, they can participate in
electron transfer and perform acid-base catalysis.[2]

These extraordinary chemical properties enable the FeS cluster containing nitroge-
nase proteins to catalyze the conversion of dinitrogen to ammonia. The nitrogenase
iron protein (Fe protein), which contains a four iron and four sulfur cluster ([4Fe:4S])
harvests low potential electrons from endogenous sources in the cell and delivers
them to the nitrogenase molybdenum-iron protein (MoFe protein) for catalysis. [3–
5] The Fe protein is a 64 kDa nucleotide-binding homodimer, that symmetrically
coordinates its [4Fe:4S] cluster at the dimer interface through two conserved cys-
teines (Cys97 and Cys132 in Azotobacter vinelandii (Av)) from each subunit (Fig.
1A).[6]

Although most FeS clusters are buried within a protein to be protected from dele-
terious oxidation, the cluster of the Fe protein is an exception. In the Fe protein,
the [4Fe:4S] cluster bridges a dimer interface at the protein surface. Although this
may seem disadvantageous to nitrogenases which are expressed in obligate aer-
obes, the surface exposure of the cluster enables efficient electron transfer across a
protein-protein interface when the Fe protein transiently binds to the MoFe protein.
However, there is a careful balance permitting facile electron transfer and preventing
futile redox cycles or cluster degradation. Thus, the position and degree of surface
exposure of the [4Fe:4S] cluster is modulated by changes driven by the Fe protein
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Figure 5.1: A) X-ray crystal structure of the homodimeric holo Fe protein with
MgADP bound (PDB 6N4L).[7] B) One monomer of the holo Fe protein rotated 90
degrees to highlight the three loops intervening the nucleotide binding site and the
FeS cluster, the P-loop (purple), switch I (orange), switch II (green). C) Schematic of
the holo Fe protein cluster chelation. ATP binding to the holo Fe protein causes the
[4Fe:4S] cluster to become surface exposed. The surface exposure allows the cluster
to be removed by a chemical chelator, forming apo Fe protein. The small surface
area that makes up the Fe protein dimer interface could theoretically cause the apo
Fe protein to disassociate into monomers, however, apo Fe protein remains dimeric.
Question marks indicate how the apo Fe protein remains dimeric is unknown.

nucleotide binding site.[8–10] In this way, electron transfer is tightly coupled to
ATP-hydrolysis and only proceeds when the Fe protein is in the correct redox state
and docked to the MoFe protein.[11] ATP binding at the Fe protein dimer interface is
coupled to the FeS cluster through a series of intervening loops, the P-loop (purple),
switch I (orange), and switch II (green) (Fig. 1B). These loops together shift the
cluster toward the surface of the protein when complexed to the MoFe protein.[10]
This structural rearrangement in conjunction with the lowered redox potential of the
cluster,[12, 13] facilitates electron transfer to the MoFe protein.

The surface exposure of the FeS cluster makes the cluster susceptible to removal by
chemical chelators, which yields apo Fe protein. Leveraging this feature revealed
that the addition of MgATP enhanced cluster chelation, while addition of MgADP



90

inhibited chelation.[14–16] Thus, it was evident a conformational change associated
with ATP binding occurs. However, the structures of both the ATP-bound free Fe
protein and the apo Fe protein have not been solved, leaving the full conformational
landscape associated with nucleotide-dependent dynamics unresolved.

Further, the identical protein subunits of the Fe protein dimer have minimal protein-
protein contacts in its nucleotide-free form but are held together by covalent linkage
through its FeS cluster.[6] This suggests that cluster loss would cause dissociation
of the dimer into its monomeric subunits (Fig. 1C). However, the apo Fe protein
remains dimeric.[17] This raises the question of how the dimer is held together
without its cluster, which could be addressed by structural characterization of the
apo Fe protein.

The functional roles of the apo Fe protein also remain unclear. During nitrogen
fixation, the Fe protein performs both electron transfer and ATP-hydrolysis. Because
the apo Fe protein is missing its FeS cluster, it is inactive in electron transfer.
However, whether the apo Fe protein retains ATP-hydrolysis activity is not known.

Here, we report the X-ray crystal structure and catalytic ATP-hydrolysis activity of
the apo Fe protein. We found crystallization conditions for the apo Fe protein and
determined its structure to 1.7 Å resolution. We developed a protocol to isolate
pure apo Fe protein from dissolved crystals for further characterization. The apo Fe
protein adopts a significantly altered dimer conformation relative to known structures
of the holo Fe protein. We found that this new dimer conformation is stabilized by
a restructured interface, mediated by nucleotide binding. We further demonstrated
that the apo Fe protein is capable of hydrolyzing ATP in the presence of the MoFe
protein, using ion chromatography to quantify free phosphate derived from ATPase
activity in nitrogenase. Finally, we solved the structure of apo Fe protein with ATP
bound. These results reveal an unexpected activity of the Fe protein and broaden our
understanding of its conformational landscape. Additionally, our findings widen our
perspective of FeS cluster proteins that function without their clusters and highlight
the importance of characterizing FeS cluster proteins in their apo forms.

5.2 Results
Generation of apo Fe protein crystals from holo Fe protein crystals
Crystallization of the apo Fe protein began with an effort to determine novel struc-
tures of Fe protein by crystallizing the holo Fe protein under varying conditions.
As is typical, the holo Fe protein formed plate-shaped brown crystals, reflecting
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Figure 5.2: Schematic of crystallization kinetics. Both holo Fe protein alone and
holo Fe protein co-crystallized with MgCl2 (dashed gray line) form brown, plate-
like crystals within 2 days. These crystals that have P212121 space group symmetry
contain Fe protein with intact [4Fe:4S] and no nucleotide bound. However, addition
of ATP to holo Fe protein (solid gray line) before crystallization generated plate-like
crystals after 2 days that then spontaneously dissolved back into the crystal drop
solution. After 1 week, new crystals appeared that were clear and have either P21
or P4212 space group symmetry. Both new crystal forms had Fe protein that were
lacking the [4Fe:4S] cluster (apo Fe protein) and had ADP bound. Finally, addition
of MgATP to holo Fe protein (solid green line) before crystallization generated clear
apo Fe protein crystals without ever forming brown, plate-like crystals.

the presence of an intact [4Fe:4S] cluster. To our surprise, we discovered crystal-
lization conditions in which holo Fe protein formed crystals that were only stable
for the first 48 hours, after which the crystals dissolved and re-crystallized into a
new morphology (Fig. 2, solid gray line). These new crystals formed from the
same mother liquor, but in contrast to the original crystals, were clear in color. We
suspected the loss of color might indicate the loss of the FeS cluster. Although this
seemed unlikely considering the crystal drops were not perturbed with additional re-
actants and were kept under a strict anoxic environment throughout the experiment,
we harvested these crystals for structural determination. The subsequent analysis
confirmed that the clear crystals contained apo Fe protein that lacked the [4Fe:4S]
cluster.

To better understand the kinetics of apo Fe protein crystal formation, we monitored
crystallization under various conditions over several days. As a general trend,
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depicted in Fig. 2, the formation of clear crystals was dependent on the presence of
nucleotide. Holo Fe protein alone or holo Fe protein preincubated with MgCl2, but
without nucleotide, yielded brown crystals, that remained stable for several weeks
(Fig. 2, gray dashed line). When holo Fe protein was preincubated with ATP
or ADP, similar brown crystals formed within two days. However, these crystals
dissolved, and clear crystals appeared several days later from the same crystallization
drop (Fig. 2, solid gray line). We harvested both the initial brown crystals and the re-
formed clear crystals and determined their structures using X-ray crystallography.
We confirmed that the brown crystals contained Fe protein with cluster and the
clear crystals contained apo Fe protein. We also found that the first brown crystal
formation step could be by-passed to directly form clear crystals if the holo Fe
protein was pre-incubated with both MgCl2 and ATP (Fig. 2, solid green line). This
MgATP dependence is consistent with previous findings whereby cluster chelation
of the Fe protein is facilitated by the presence of MgATP.[14, 15, 18]

X-ray crystal structure of the holo Fe protein
We solved the holo Fe protein structure to 2.06 Å resolution from the brown crystals
that grew within the first two days of the crystallization experiment. These crystals
had P212121 space group symmetry and were phased by molecular replacement
using only the protein atoms of PDB 6N4L.[7] The resultant structure had two
copies of the holo Fe protein dimer (Fig. 3A) and contained unambiguous electron
difference density for an intact [4Fe:4S] cluster. Although the holo Fe protein
was co-crystallized with ATP, there was no density for bound nucleotide and these
structures closely resembled other nucleotide-free holo Fe protein structures.[6]

X-ray crystal structure of the apo Fe protein reveals a new dimer orientation
We determined the structure of apo Fe protein to 1.62 Å resolution from the clear
crystals. These crystals exhibited either P21 or P4212 space group symmetry and
were phased using only the protein atoms of a previously published holo Fe protein
structure (PDB 6N4L).[7] The apo Fe protein had no difference electron density
for FeS cluster and the loops that harbor the cluster coordinating cysteines, Cys97
and Cys132, were disordered and splayed 40 Å apart (Fig. 3B). Although Cys97
and its neighboring residues were disordered, the density for Cys132 was still
visible, confirming that no cluster or partial cluster was coordinated. The preceding
loop (residues 127-132) that normally extends toward the cluster in the holo Fe
protein, was folded back into the monomer and packed against α-helix 5 (residue
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Figure 5.3: A) 2.1 Å resolution holo Fe protein crystal structure from the brown
crystals which form after 2 days. The holo Fe protein crystals were co-crystallized
with ATP, but have no nucleotide bound. Their nucleotide bindings sites are in-
dicated. The [4Fe:4S] cluster is shown as spheres and the cluster coordinating
cysteines (Cys97 and Cys132) are shown as sticks. B) 1.62 Å resolution apo Fe
protein structure from clear crystals lacks the [4Fe:4S] cluster and has ADP bound
(shown as sticks). The cluster coordinating loops are disordered and are indicated
as dotted lines.

154-173). The apo Fe protein crystals that were co-crystallized with ATP had
unequivocal difference electron density for ADP bound in the nucleotide binding
site. Additionally, the apo Fe protein exhibited a major conformational change
relative to the holo Fe protein, where the monomers were rotated roughly 70 degrees
about the nucleotide binding domain of each monomer.

This novel dimer conformation was stabilized by a buried surface area of 830
Å2 around the nucleotide binding domains. The cross-subunit interactions at this
interface involve hydrogen bonds between Glu154A and Arg213B and between
Lys10A with both the bound nucleotide and Glu221B from the partner monomer.
Additionally, two arginine residues (Arg187 and Arg213) from each monomer that
reside at the Fe protein dimer interface associate upon nucleotide binding. The
guanidinium groups of the arginines from each monomer aligned to π-stack across
the dimer interface in line with the base of each bound nucleotide (SI Fig. 2A). This
striking conformation of four stacked arginine residues resembles the nucleotide
binding conformation in structures where Fe protein is trapped in complex with
MoFe protein using nucleotide analogues (SI Fig. 2B).[8–10, 19] Together, the
restructured dimer interface of the apo Fe protein and its drastic change in the
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overall dimer conformation render the cluster coordinating loops too far apart to
coordinate [4Fe:4S] cluster.

Characterization of the apo Fe protein from dissolved crystals
To determine whether the apo Fe protein remains a dimer in solution, crystals of
the apo Fe protein were anaerobically dissolved and subjected to anaerobic size
exclusion chromatography (SEC). The apo Fe protein eluted as a dimer (Fig. 4A,
blue) similarly to the 64 kDa dimeric holo Fe protein (Fig. 4A, dark gray). The
major apo Fe protein peak eluted slightly later than holo Fe protein, likely due to its
change in dimer conformation, which may have increased its hydrodynamic radius.
A second peak in the apo Fe protein chromatogram at the column total liquid volume
resulted from the remaining crystallization reagents and free nucleotide that absorb
at 280 nm. As a control, we measured the elution profile of free ADP that matched
the second peak in the apo Fe protein sample (Fig. 4A, light gray). Together with
the elution volume calibration curve of standardized protein samples (Fig. 4B), the
SEC indicated apo Fe protein is dimeric in solution.

The Fe content of our apo Fe protein samples were measured by inductively coupled
plasma mass spectrometry (ICP-MS). As expected, the holo Fe protein controls con-
tained roughly four stoichiometric equivalents of Fe per Fe protein dimer, consistent
with the presence of a [4Fe:4S] cluster (SI Table 1). We found the apo Fe protein
samples contained roughly two equivalents of Fe per dimer. This observation could
be explained by three possible scenarios. The first scenario would be that 50% of
our apo Fe protein was actually holo Fe protein; the second, would be that the apo
Fe protein sample contained predominantly [2Fe:2S] cluster; and the third would be
that Fe was adventitiously binding to the apo Fe protein.

To investigate the first two possibilities, we measured our samples by electron
paramagnetic resonance (EPR). The holo Fe protein [4Fe:4S] cluster had a distinctive
S = ½, g = 2.049, 1.939, 1.864 EPR signal (SI Fig. 3, dark red), which was
diminished by >90% in the apo Fe protein sample (SI Fig. 3, light red). Thus,
we determined that the two equivalents of Fe in apo Fe protein was not coming
from partially occupied holo Fe protein. We also saw no evidence for [2Fe:2S]
cluster by EPR in both the 10K perpendicular and 5K parallel mode spectra (SI Fig.
3B). Oxidized [2Fe:2S] cluster containing Fe protein is EPR silent; however, the
samples were prepared with addition of dithionite reductant, which would result in
EPR active reduced [2Fe:2S] cluster. Reduced [2Fe:2S] Fe protein has a distinctive
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Figure 5.4: A) Apo Fe protein (blue) prepared from dissolved clear crystals elutes
near the retention volume of holo Fe protein (dark gray), indicating the apo Fe
protein is a dimer in solution. The second peak in the apo Fe protein sample at
∼21.5 mL likely resulted from free nucleotide or additional crystallization buffers
and eluted similarly to ADP alone (light gray). B) Elution volume calibration curve
of standardized protein samples and their molecular weights (in kDa) for the same
size exclusion column indicated apo Fe protein elutes near holo Fe protein (64 kDa).
Because the loss of [4Fe:4S] cluster led to the lack of an absorption handle at 410 nm
we turned to amino acid analysis for accurate determination of protein concentration.
Using only the most reliable amino acids for Fe protein quantitation (alanine, lysine,
proline, tyrosine, and valine),[20] we were able to accurately quantitate Fe protein
concentrations. This step was critical for then determining the Fe content and
ATPase activity of the apo Fe protein samples.

EPR signal with resonances at g = 2.00, 1.94, 1.92, which we did not observe.[21]
In addition, we ruled out the possibility that our apo Fe protein sample contained
predominantly [2Fe:2S] cluster since we do not observe [2Fe:2S] cluster in the apo
Fe protein crystal structures. Although the loops that coordinate the cluster were
disordered in the apo Fe protein structures, there was sufficient electron density for
Cys132 to confirm that it was not coordinating FeS cluster.

The third possibility, that Fe is adventitiously binding to the apo Fe protein was
the most likely explanation and we found that Fe binds strongly in place of Mg in
the Mg-ADP binding site. Using X-ray crystallographic Fe-anomalous diffraction,
we found signal for Fe both Mg binding sites per apo Fe protein dimer (SI Fig.
4). Double difference anomalous maps were calculated at 7110 eV and 7130 eV,
resulting in an electron density peak selective for Fe. Given these pieces of data, we
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concluded that the apo Fe protein lacked the [4Fe:4S] cluster and the two equivalents
of Fe retained in the sample were binding to the apo Fe protein predominantly in the
Mg-binding site.

Apo Fe protein ATP hydrolysis activity
Having established that our apo Fe protein samples were devoid of FeS cluster and
having a firm sense of the protein concentration, we sought to determine if the apo
Fe protein was functional in ATP hydrolysis. As the holo Fe protein performs ATP-
dependent electron transfer, the holo Fe protein only hydrolyzes ATP in the presence
of the MoFe protein.[3] Thus, we wondered if apo Fe protein would perform ATP
hydrolysis with and without MoFe protein even though it lacks a cluster. Typically,
nitrogenase activity assays are performed with an ATP-regeneration system to mini-
mize the accumulation of ADP, which is inhibitory to nitrogenase. This is achieved
by the addition of phosphocreatine and phosphocreatine kinase, which catalytically
converts ADP to ATP by transfer of the terminal phosphate from phosphocreatine.
However, we found the ATP regeneration system interfered with colorimetric-based
ATPase assays that involved a color change upon reaction with free phosphate. Thus,
we turned to other methods of free phosphate quantification.[22]

We developed a new protocol for quantification of P𝑖 release by the Fe protein ATPase
activity using ion chromatography. We favored this method over previous methods
for quantifying ATPase activity because no additional reagents were required after
completion of the assay and could be measured by automated sample injection
into the ion chromatography instrument. We found apo Fe protein was capable of
catalytically hydrolyzing ATP and its activity was dependent on the presence of
MoFe protein, which was consistent with the behavior of the holo Fe protein (SI
Fig. 5, open circles). At a Fe protein to MoFe protein component ratio (CR) of
0.05, which corresponds to 10 molar equivalents of MoFe protein active sites per
apo Fe protein, we assumed apo Fe protein binding sites were saturated and undergo
pseudo first order kinetics. Under these conditions, the apo Fe protein hydrolyzed
ATP at a rate of 0.89 ± 0.01 µmol ATP min−1 mg Fe protein−1 (Fig. 5A). However,
some ATPase activity was observed in the MoFe protein alone control, most likely
due to a contamination from Fe protein or other ATPases that were not sufficiently
removed during the nitrogenase purification. The MoFe protein alone controls were
measured at the same concentration of MoFe protein used in the Fe protein to MoFe
protein CR 0.05 samples and had an ATP hydrolysis rate of 0.32 ± 0.02 µmol ATP
min−1 mg Fe protein−1. This rate was subtracted from the apo Fe protein hydrolysis
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Figure 5.5: ATPase activity assays of apo Fe protein (blue) and holo Fe protein (red)
at Left) a component ratio (CR) of 0.05 that corresponds to 10 molar equivalents of
MoFe protein active sites per apo Fe protein and Right) a CR of 0.25 corresponds
to 2 molar equivalents of MoFe protein per apo Fe protein. ATPase activity was
determined by measuring P𝑖 concentration in assay samples by ion chromatography.
Each point and error bars are the average and standard deviation, respectively of
three trials performed on the same day. The ATP regeneration system control
(black) had only basal levels of P𝑖. MoFe protein alone controls contained the same
concentration of MoFe protein as the CR of 0.05 samples and 5 times as much
MoFe protein as the CR of 0.25 samples. Dashed lines are linear least squares fits
of the data (only the linear region of holo Fe protein was used), the slope of which
is divided by the amount of Fe protein in the assays (0.008 mg) to obtain the rate
of ATPase activity by Fe protein: 𝜐ℎ𝑜𝑙𝑜𝐹𝑒𝑝𝑟𝑜𝑡𝑒𝑖𝑛 = 3.7 ± 0.3 µmol P𝑖 min−1 mg Fe
protein−1, 𝜐𝑎𝑝𝑜𝐹𝑒𝑝𝑟𝑜𝑡𝑒𝑖𝑛 = 0.90 ± 0.01 µmol P𝑖 min−1 mg Fe protein−1, 𝜐𝑀𝑜𝐹𝑒𝑝𝑟𝑜𝑡𝑒𝑖𝑛

= 0.33 ± 0.02 µmol P𝑖 min−1 mg Fe protein−1 (for the purpose of comparison with
assays with Fe protein, the rate of P𝑖 release was divided by 0.008 mg Fe protein in
the MoFe protein alone sample even though no Fe protein was added to this assay).

rate, yielding an adjusted rate of 0.57 ± 0.02 µmol ATP min−1 mg Fe protein−1.

We found the apo Fe protein ATP hydrolysis rate at a CR of 0.05 is roughly 6 times
lower than the hydrolysis rate of holo Fe protein (3.4 ± 0.3 µmol ATP min−1 mg
Fe protein−1) under identical conditions. This discrepancy is further exaggerated at
a component ratio of 0.25, which corresponds to two molar equivalents of MoFe
protein per Fe protein. The adjusted rates for holo and apo Fe protein were 2.6
± 0.2 µmol ATP min−1 mg Fe protein−1 and 0.25 ± 0.02 µmol ATP min−1 mg
Fe protein−1, respectively. This corresponds to an apo Fe protein ATP hydrolysis
rate being roughly 10 times lower than that of holo Fe protein. Controls of ATP
only, ATP regeneration system only, and all buffer components only, including
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phosphocreatine, had only baseline quantities of P𝑖, which did not increase over
time. All together these results indicated apo Fe protein catalytically hydrolyzes
ATP, albeit at a lower rate than the holo Fe protein.

X-ray crystal structure of ATP-bound apo Fe protein
While structures of holo Fe protein complexed with ATP analogues when bound to
the MoFe protein have provided valuable insights into the ATP-dependent electron
transfer process from Fe protein to MoFe protein, obtaining the structure of free Fe
protein with ATP bound has proven difficult. After discovering that apo Fe protein
is capable of binding ATP in solution, we attempted to capture the ATP-bound apo
Fe protein crystal structure by anaerobically soaking crystals with ATP immediately
before flash freezing in liquid nitrogen. This method allowed us to determine the
structure of free apo Fe protein with ATP bound. The resultant structure contained
two molecules of bound nucleotide per dimer with clear density for the ATP γ-
phosphate (Fig. 6B), which could not be modeled as ADP or ADP and a water
molecule (SI Fig. 6). Further inspection of the ATP binding mode revealed the γ-
phosphate of ATP extended out of the nucleotide binding pocket towards the dimer
interface. This caused the two terminal phosphates from each monomer to be only
3.0 Å away from each other (Fig. 6C). This seemingly unstable build-up of negative
charge was not neutralized by any direct coordination by positive residues. Our
ATP-bound apo Fe protein structure revealed a previously unrecognized feature, the
formation of a tunnel, which could facilitate release of cleaved phosphate. Several
positive residues including Lys41, Lys10, and Arg46 arranged at the surface of the
dimer, made a positively charged trap at the end of the tunnel, which extended from
the nucleotide binding site to the surface of the dimer (Fig. 6C, D). In fact, a
sulfate ion, likely present from the high concentration of ammonium sulfate in the
crystallization condition, was found snared in this trap (Fig. 6C, D). The surface
electrostatics representation shows this tunnel is highly positively charged (Fig. 6D).
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Figure 5.6: ATP-bound apo Fe protein structure revealed the formation of a cleaved
phosphate exit tunnel. A) Co-crystallization with MgATP yields apo Fe protein
crystals with MgADP bound. There is clear density for octahedral Mg coordinated
by Ser16, ADP γ-PO4, and four water molecules. B) ATP-bound apo Fe protein has
unambiguous electron density for the ATP γ-phosphate coordinated to Mg. C) The
terminal phosphates of the ATP molecules from each monomer are 3 Å apart from
each other across dimer interface causing a buildup of localized negative charge.
Cleaved phosphate could shuttle to the protein surface via a positively charged exit
tunnel. A sulfate ion from the crystallization solution is trapped in the tunnel. D)
Surface electrostatics shows the tunnel is positively charged.

5.3 Discussion
The holo Fe protein uses its [4Fe:4S] cluster to transfer electrons to the MoFe protein
for nitrogenase substrate reduction. However, the position and degree of surface
exposure of the cluster is modulated by changes driven by the Fe protein nucleotide
binding site, making the holo Fe protein susceptible to cluster loss in the presence
of MgATP. Under newly identified crystallization conditions, the holo Fe protein
co-crystallized with ATP resulted in loss of its cluster and crystals of apo Fe protein.
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This fortuitous discovery enabled us to structurally characterize the apo Fe protein
for the first time.

In the X-ray crystal structure of the apo Fe protein, we observed that the loops
containing the conserved the cysteines (Cys97 and Cys132) that coordinate the
[4Fe:4S] cluster were disordered and had no intact cluster. The apo Fe protein
adopted a dimer conformation not seen in any holo Fe protein structure, where each
monomer was rotated such that the cluster binding ligands were separated by 40 Å.
The dimer interface was composed of a small surface area of interacting residues
near the nucleotide binding site. Apo Fe protein co-crystallized with either ADP
or ATP had ADP bound to each monomer. Whether ATP was auto-hydrolyzed on
the time-scale of the crystallization (anywhere from 1 to 10 days), or whether Fe
protein is catalyzing the hydrolysis is unknown. In solution studies of both the holo
Fe protein[23–25] and apo Fe protein (this work), the Fe protein does not hydrolyze
ATP at meaningful rates without the presence of the MoFe protein. In the apo Fe
protein structures, the bound nucleotide likely contributes to the dimer stabilization
through π-stacking interactions with Arg187 and Arg213 from each monomer (SI
Fig. 2A).

Although the structure of the apo Fe protein generated from α,α’-dipyridyl chemical
chelation has not been solved, studies that mapped the location of surface exposed
cysteines by iodo[2-14C] acetate labeling rightly predicted a conformational change
occurs upon cluster loss.[16] Our results are consistent with the observation made
40 years ago by Hausinger et al. that the apo Fe protein has several surface exposed
cysteines, where the holo Fe protein has all buried cysteines (not including the two
that coordinate the cluster) (SI Fig. 7).

As the holo Fe protein performs ATP-dependent electron transfer, it is reasonable
to assume that the apo Fe protein, which cannot do electron transfer, would not
hydrolyze ATP. However, the resemblance of the apo Fe protein nucleotide binding
site to that of the holo Fe protein with ATP analogs bound led us to wonder if apo
Fe protein retained ATP hydrolysis activity. Thus, we measured the apo Fe protein
ATPase activity both with and without MoFe protein and found that the apo Fe
protein hydrolyzes ATP in the presence of MoFe protein at a rate of 0.57 ± 0.02
µmol ATP min−1 mg Fe protein−1. When the MoFe protein is in 10 times molar
excess of Fe protein, the ATP hydrolysis rate of apo Fe protein is 6 times lower than
that of holo Fe protein.

By soaking apo Fe protein crystals with excess ATP before freezing, we were able
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to trap an ATP-bound structure. In this structure, two ATP molecules per apo Fe
protein dimer were coordinated with the γ-phosphate of each ATP extended towards
the dimer interface. This arrangement resulted in the terminal phosphates being
only 3 Å apart, leading to a substantial accumulation of negative charge that was
not neutralized by any nearby positively charged residues. This highly unfavorable
conformation may lower the activation energy needed to cleave theγ-phosphate. The
ATP-bound apo Fe protein structure revealed the formation of a positively charged
tunnel that could facilitate the rapid dissociation of cleaved phosphate following
ATP hydrolysis (Fig. 6C, D).

This structure inspired us to look for the formation of this phosphate exit tunnel in
other structures of the Fe protein. By analyzing six previously published Fe protein
structures in different states, we reconstructed the complete ATP hydrolytic cycle.
These states include: 1) nucleotide-free,[7] 2) pre-ATP hydrolysis captured by
two equivalents of the nonhydrolyzable ATP analog (AMP-PCP),[10] 3) mid-ATP
hydrolysis with the ATP transition state analog ADP-AlF4

−,[8] 4) post-hydrolysis of
one ATP molecule captured by an asymmetric complex with one molecule of AMP-
PCP and one molecule of ADP bound,[10] 5) post hydrolysis of both ATP molecules
with two equivalents of ADP bound while Fe protein is bound to MoFe protein,[9] 6)
free Fe protein with ADP bound, no longer complexed with MoFe protein[7] (Fig.
7). The phosphate exit tunnel can be clearly visualized by surface electrostatics
calculated using the Adaptive Poisson-Boltzmann Solver.[26] The tunnel and the
positive patch at its surface forms just prior to the first ATP hydrolysis step and
subsequently closes, reverting to a neutral cavity after the last ATP hydrolysis step
is complete.

The hydrolysis of ATP by apo Fe protein raises questions about how ATP is utilized
and whether apo Fe protein couples ATP-hydrolysis to some other process, aside
from electron transfer. It is known that the Fe protein has alternate functions,
namely in the biosynthesis and insertion of the MoFe protein metalloclusters.[27–30]
Notably, Fe protein that is unable to perform electron transfer (due to mutagenesis)
is still capable of performing its biosynthetic role.[27–29, 31–33] Further, the Fe
protein missing its cluster entirely (apo Fe protein) has been shown to be active in
the biosynthesis of the MoFe protein metallocofactors.[34–36]

As the apo Fe protein exists in the cell after translation, but before cluster insertion,
it is tempting to consider whether this apo form is the relevant form for MoFe
protein metallocluster processing. Perhaps the dimer conformation seen in the apo
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Figure 5.7: Surface electrostatics of the holo Fe protein at six different stages
in the ATP hydrolysis cycle. ATP analogs are used to capture ATPases in pre-
hydrolytic, hydrolytic, and post-hydrolytic states. The formation of a positively
charged phosphate exit tunnel begins at the pre-hydrolytic state and progressively
becomes neutral after the first and second ATP hydrolysis steps.

Fe protein structure is by design whereby the cysteines that typically coordinate
cluster are forced apart to prevent [4Fe:4S] formation. This design would have the
useful benefit of freeing the cluster chelating cysteines for other functionalities, such
as binding, storing, or transporting free metals or immature clusters. Furthermore,
the apo Fe protein is the protein substrate for the FeS cluster insertion machinery,
NifU-NifS. Thus, these structural studies prompt consideration of how the apo Fe
protein facilitates coordination with the insertion machinery for [4Fe:4S] cluster
loading. Characterizing FeS cluster proteins in their apo forms, such as the apo
Fe protein, can help us better understand the capabilities and functional versatility
of these proteins, shedding light on their potential biological roles beyond their
well-established functions.
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5.4 Methods
Growth of A. vinelandii and nitrogenase purification
Nitrogenase Fe protein and MoFe protein were natively expressed and purified
from Azotobacter vinelandii using previously described procedures.[37, 38] Briefly,
cultures A. vinelandii were grown in Burk’s minimal medium containing nitrogen
limiting conditions (1.3 mM NH4Cl). Cells were harvested, pelleted, and flash
frozen in liquid nitrogen for storage. All steps after pelleted cells were thawed
were performed under strict anaerobic conditions either in anoxic chambers (COY
Laboratory products) containing a 97/3% Ar/H2 gas mixture or 100% Ar modified
Schlenk line. Cells were lysed by Emulsiflex (Avestin), and subsequently centrifuged
to separate cell debris. Fe protein and MoFe protein were individually isolated from
the soluble fraction by ion exchange chromatography and further purified by size
exclusion chromatography. Both proteins were stored in buffer containing 50 mM
Tris-HCl pH 7.5, 100 mM NaCl, and 5mM dithionite. Samples were flash frozen in
liquid nitrogen until further use.

Protein crystallization and structure determination
Purified holo Fe protein concentrated to 15 mg/mL in buffer containing 50 mM
Tris-HCl pH 7.5, 100 mM NaCl, and freshly supplemented 5 mM sodium dithionite
was crystallized by hanging drop vapor diffusion method. Both holo and apo Fe
protein crystals were generated by addition of 1 µL of protein sample to 1 µL of
precipitant solution containing 0.2 M ammonium sulfate, 0.1 M Bis-Tris pH 5.5, and
22% (w/v) PEG3350. Holo Fe protein crystallized as brown, plate-shaped crystals
after two days. Holo Fe protein that was co-crystallized with 5 mM ATP or 5
mM MgATP crystallized as clear block-shaped crystals after about 10 days. These
clear crystals contain apo Fe protein. The ATP-bound apo Fe protein crystals were
prepared by soaking crystals by direct addition of MgATP to the crystal drop to a
final concentration of 5 mM immediately before freezing. Harvested crystals were
cryoprotected in crystallization solution supplemented with 30% ethylene glycol
prior to freezing in liquid nitrogen. All crystal growth and manipulations were
performed under strictly anoxic conditions.

X-ray diffraction datasets were collected at 100 K at the Stanford Synchrotron
Radiation Light Source at beamline 12-2. Data were indexed, integrated, and scaled
using HKL3000.[39] Phases were obtained by molecular replacement (MR) with
PHASER.[40] The initial MR model was chosen using BALBES.[41] Initial MR
was performed using the protein atoms from a previously solved Fe protein structure
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PDB 2C8V [42] and subsequent MR was performed using the protein atoms of PDB
6N4L.[7] Model building was performed in Coot [43] and both REFMAC5[44] and
Phenix [45] were used for refinement. Software was installed and configured using
the SBGrid package manager.[46] All crystallographic figures were prepared using
PyMOL molecular graphics software package (Schödinger, LLC). Electrostatics
calculations were performed using the APBS PyMOL plugin.[47]

Size exclusion chromatography of dissolved apo Fe protein crystals
Crystals of apo Fe protein were anaerobically dissolved by addition of size exclusion
chromatography (SEC) buffer (50 mM Tris-HCl pH 7.5 and 100 mM NaCl) and
collected into a 1.5 mL Eppendorf tube. The crystallization solution was removed
by buffer exchange into fresh SEC buffer by spin column filtration using a 30 kDa
cut off 0.5 mL Amicon Ultra centrifugal filters (MilliporeSigma). All column ma-
nipulations were performed under an overpressure of Ar using Schlenk technique.
A 24 mL GE S200 increase 10/300 column was prepared by washing with 5 column
volumes (CV) of anaerobic SEC buffer, then 5 CV anaerobic SEC buffer supple-
mented with 5 mM dithionite to remove any residual oxygen. The dithionite was
removed by washing again with 5 CV of anaerobic SEC buffer. The apo Fe protein
sample was loaded into the injection loop using an airtight syringe immediately
before column injection. The samples were eluted at 0.5 mL/min and monitored at
280 and 410 nm.

Inductively coupled plasma mass spectrometry
The iron content of the Fe protein samples were quantified using a Hewlett-Packard
45000 ICP mass spectrometer (Agilent Technologies) with a CETAC ASX-5000
autosampler (CETAC) at the Caltech Resnick Water and Environmental Lab. Both
apo (10 µL of 4.74 mg/mL) and holo (2.5 µL or 18.36 mg/mL) Fe protein samples
were prepared by addition of 285 µl of 70% nitric acid and subsequent incubation
at 50 degrees C for 2 hr. Samples were diluted to a final volume of 10 mL prior
to analysis. ICP-MS was performed in both helium mode (kinetic energy discrimi-
nation) and oxygen mode (mass shift). Protein concentrations were determined by
amino acid analysis at the UC Davis Molecular Structure Facility.

Electron paramagnetic resonance
Apo (260 µL of 51.9 mM) and holo (260 µL of 52.1 mM) Fe protein were anaerobi-
cally prepared in 4 mm quartz EPR tubes. Both continuous-wave and parallel-mode
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EPR were performed at the Caltech EPR Facility on a Bruker EMX spectrometer
using Bruker Win-EPR software for data acquisition.

Ion chromatography and ATPase assay
ATP-hydrolysis assays were performed anaerobically (97% Ar and 3% H2 atmo-
sphere). Apo and holo Fe protein were prepared at component ratios (CR) of 0.05
and 0.25 was pre-incubated with the ATP regeneration system (12 mM creatine
phosphate, 5 mM MgCl2, 19 units of creatine kinase) and 20 mM dithionite. The
reaction was initiated by the addition of ATP (5 mM final concentration). Each
100 µL reaction was quenched by the addition of 25 µL of 400 mM EDTA (pH
7.8). The quenched samples were diluted 20x in milliQ water and analyzed by ion
chromatography using a Thermo Scientific Dionex Integrion HPIC with a Dionex
VWD. The samples were analyzed by isocratic method and eluents were detected
by 214 nm absorbance. Phosphate ion was quantified using a standard curve of
phosphate standards.
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5.5 Supplemental Information

Supplementary Figure 5.1: Overlay of holo Fe protein X-ray crystal structures
aligned on one monomer. Structures include Fe protein with 1) no nucleotide bound
(PDB 2NIP, gray)[19], 2) ADP-bound (PDB 1FP6, blue)[48], 3) AMP-PCP/ADP-
bound (PDB 4WZA, tan)[10], 4) ADP-AlF4- -bound (1M34, green)[49]. Alignment
of the structures show the dimer contracts as nucleotides bind and throughout the
ATP hydrolysis cycle.

Supplementary Figure 5.2: A) A 1.74 Å X-ray crystal structure of the apo Fe protein
with ADP bound exhibits arginine stacking that is reminiscent of B) the asymmetric
nucleotide binding structure of holo Fe protein (PDB 4WZA) with AMP-PCP and
ADP bound.[10] The asymmetric structure represents an intermediate in step-wise
ATP hydrolysis and P𝑖 release.
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Supplementary Figure 5.3: A) Electron paramagnetic resonance (EPR) spectrum
of Fe protein samples. Experimental data of holo Fe protein (dark red) and apo
Fe protein (light red) at 10K in perpendicular mode and B) 5K parallel mode.
Frozen solution spectra were collected at 9.38 GHz with a microwave power of 8.7
mW, a modulation amplitude of 8.00 G, a modulation frequency of 100 KHz and
conversion time of 42 ms. Simulation of holo Fe protein in gray. Holo Fe protein
simulation parameters are S=1/2, g=[2.049, 1.939, 1.864], gaussian linewidth 2.5
mT, Hstrain=[439, 100, 280] MHz. Simulated EPR spectra agree with previously
reported values.[50]

Table 5.1: Ratio of Fe atoms to Fe protein dimers in apo and holo Fe protein samples
measured by ICP-MS.
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Supplementary Figure 5.4: A) One monomer of the apo Fe protein protein dimer is
shown in gray cartoon. 2F𝑜-F𝑐 density map for bound ADP is shown as gray mesh.
Anomalous difference density at the Mg2+ binding site is show as orange mesh.
Two additional anomalous peaks appear at surface cysteines, Cys38 and Cys132. B)
Zoom-in of the Mg2+ binding site.
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Supplementary Figure 5.5: ATPase activity assays of apo Fe protein (solid blue)
and holo Fe protein (solid red) at two different component ratios (CR). A CR of
0.05 corresponds to 10 molar equivalents of MoFe protein per apo Fe protein and a
CR of 0.25 corresponds to 2 molar equivalents of MoFe protein per apo Fe protein.
ATPase activity was determined by measuring P𝑖 concentration in assay samples
by ion chromatography. Each point and error bars are the average and standard
deviation, respectively of three trials performed on the same day. Controls of
apo Fe protein alone (open blue), holo Fe protein alone (open red), and the ATP
regeneration system (solid black) have only basal levels of Pi. MoFe protein alone
controls contains the same concentration of MoFe protein as the CR of 0.05 samples
and 5 times as much MoFe protein as the CR of 0.25 samples.

Supplementary Figure 5.6: Refinement of ATP soaked apo Fe protein crystals with
A) ATP bound, B) ADP with no water trans to Ser16, C) ADP and an additional
water molecule. 2F𝑜-F𝑐 shown as gray mesh, 2.0 σ, carve 1.6, F𝑜-F𝑐 shown as green
(positive) and purple (negative) mesh, 3.0 σ, carve 1.6. C is white, O is red, N is
blue, P is orange, Mg is teal. The nucleotide density is best modeled as ATP.
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Supplementary Figure 5.7: Space filing model of holo Fe protein (top) and apo
Fe protein (side) from three angles. Cysteines, aside from the [4Fe:4S] cluster
coordinating Cys97 and Cys132, are not surface exposed in the holo Fe protein.
Cys5, Cys38, and Cys85 becomes exposed when the Fe protein is apo. Cys132 is
also solvent accessible in the apo Fe protein and Cys97 is disordered.
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Supplementary Figure 5.8: Anaerobic size exclusion chromatograms apo Fe protein
control (yellow), MoFe protein control (light green), reaction mixture after ATP,
NaF, AlCl3 incubation with apo Fe protein and MoFe protein (dark green), and
reaction mixture after ADP, NaF, AlCl3 incubation with apo Fe protein and MoFe
protein (brown). A small shoulder to the left of the MoFe protein peak (at c.a. 12.5
mL) may indicate some complex formation.
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Supplementary Figure 5.9: Anaerobic size exclusion chromatograms holo Fe protein
control (yellow), MoFe protein control (light green), reaction mixture after ATP,
NaF, AlCl3 incubation with holo Fe protein and MoFe protein (dark green), and
reaction mixture after ADP, NaF, AlCl3 incubation with holo Fe protein and MoFe
protein (brown). The shift of the MoFe protein peak (13.2 mL) to higher elution
volume (c.a. 12 mL) indicates the full complexation of holo Fe protein to MoFe
protein.
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Table 5.2: X-ray crystallographic data collection and refinement statistics.
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C h a p t e r 6

CHEMODIVERGENT C(SP3)-H AND C(SP2)-H
CYANOMETHYLATION USING ENGINEERED CARBENE

TRANSFERASES

Material for this chapter is published in: Zhang, J.; Maggiolo, A. O.; Alfonzo, E.;
Mao, R.; Porter, N. J.; Abney, N.; Arnold, F. H. Chemodivergent C(sp3)–H and
C(sp2)–H cyanomethylation using engineered carbene transferases, Nature Cataly-
sis 2023, 6, 152-160 and the full supplemental information can be found therein.
J.Z. initiated this project and conducted directed evolution experiments. A.O.M. ob-
tained the X-ray crystal structure of the engineered protein and performed structural
analysis.

6.1 Introduction
Given the ubiquity of C–H bonds in organic molecules, advancing selective C–H
functionalization methodologies can fundamentally simplify chemical synthesis.[1–
5] Ideally, precise and divergent alterations to a molecular scaffold would be achieved
by using a panel of highly selective catalysts that can functionalize each unique C–H
bond in a molecule, including both C(sp3)–H and C(sp2)–H bonds.[6] Methods of
this kind are promising in many settings, such as late-stage derivatizations of phar-
maceuticals, agrochemicals and materials.[4, 7–9] Notwithstanding the appeal of
this approach, design principles and methodologies featuring small-molecule cata-
lysts with complementary selectivity are scarce. Successful examples have exploited
directing groups to guide the functionalization of the desired C–H bonds.[10–13]
Divergent, highly selective methods that act on desired substrates absent of guiding
functional groups are desired.[3]

Enzymes are ideal candidates to address unmet selectivity challenges in C–H func-
tionalization reactions: catalyst-controlled selectivity can be achieved and repro-
grammed in enzyme active sites through fine-tuned substrate alignments that enable
complementary reaction outcomes. C–H hydroxylases and halogenases exemplify
this impressive capability, with divergent chemo-, regio- and stereoselectivity either
found in nature or engineered using directed evolution (Fig. 1a).[14–21] Over the
past decade, our group and others have broadened the scope of enzymatic C–H func-
tionalization reactions by introducing new transformations originally developed by
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synthetic chemists.[22] Examples include repurposing haem proteins and non-haem
Fe enzymes to selectively alkylate or aminate C–H bonds via carbene- or nitrene-
transfer reactions[23–26] and exploiting non-haem Fe enzymes for radical-mediated
selective C–H azidation and nitration reactions.[20, 27, 28] However, most of these
efforts have focused on targeting a specific sp3-hybridized C–H bond (Fig. 1b);
chemodivergent approaches to functionalizing C(sp3)–H bonds and arene C(sp2)–H
bonds present in the same molecule are lacking.

Here, we describe two complementary P450-based carbene transferases that can
selectively introduce a cyanomethyl group into a C(sp3)–H bond or a nearby arene
C(sp2)–H bond (Fig. 1c). Whereas enzymatic and transition metal-catalysed
C(sp3)–H carbene insertion are well documented,[1, 29–35] examples of highly se-
lective intermolecular carbene transfer to an arene C(sp2)–H bond remain rare.[36,
37] In small-molecule catalysis, high regioselectivity is challenging to achieve via the
postulated Friedel–Crafts-like electrophilic aromatic substitution mechanism.[38–
41] Site-selective transformations often occur at the least sterically demanding para-
position.[42–47] Meanwhile, state-of-the-art biocatalytic systems have been limited
to electron-rich heteroaromatics48,49. Inspired by these precedents, we set out to en-
gineer carbene transferases that favour arene C–H functionalization, to complement
reported ‘C(sp3)–H alkylases’. This complementary, chemodivergent enzymatic
platform can enable straightforward generation of constitutional isomers, which are
otherwise laborious to prepare and would require wholly different strategies and
starting materials to access. Additionally, nitriles and their derivatives (for exam-
ple, amides) are well-established functional groups in medicinal chemistry that can
be diversified readily in complexity-building transformations.[48, 49] We see this
enzymatic platform as a proof of principle and starting point from which to generate
new ‘C–H cyanomethylases’ for functionalization of targeted C–H bonds in complex
bioactive molecules.

6.2 Results
Initial activity screening and reaction discovery
We commenced by evaluating the biocatalytic C–H carbene-transfer reaction with
N-phenyl-morpholine 1a and diazoacetonitrile 2, which has multiple C(sp3)–H and
C(sp2)–H bonds where cyanomethylation could occur (Fig. 1d). This transforma-
tion relies on the generation and transfer of an α-cyanocarbene intermediate,[50]
which has been reported in both chemocatalytic and biocatalytic systems for cyclo-
propanation, N–H and S–H insertion, and indole alkylation reactions.[50–52] C–H
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Figure 6.1: Reaction design. A) Enzymatic C–H functionalization reactions can
be highly selective and divergent. B) Previous work on abiological enzymatic C–H
functionalization has mainly focused on modifying C(sp3)–H bonds. C) The goal of
this study is to demonstrate that closely related C–H alkylases can enable divergent
functionalization of arene C(sp2)–H bonds and nearby C(sp3)–H bonds. D) Model
reaction for the initial activity discovery.

cyanomethylation via catalytic carbene transfer has not been reported. In initial
studies, we examined the enzymatic C(sp3)–H cyanomethylation reaction with a
panel of 82 different variants of axial serine-ligated cytochromes P450 (P411s, pre-
viously engineered for abiological carbene-transfer reactions). The haem cofactor
alone is not an active catalyst for this reaction. Many of the P411 variants, however,
catalysed the carbene insertion into the α-amino C(sp3)–H bond of 1a, affording
3a with moderate yields. Notably, P411-PFA, a carbene transferase previously en-
gineered to catalyse α-amino C(sp3)–H fluoroalkylation,[31] afforded the α-amino
C(sp3)–H cyanomethylation product with 11% yield.

We were fascinated to observe that a small number of P411 variants also ex-
hibited basal-level ortho-arene C–H functionalization activity affording 4a (Fig.
1d). This activity was not seen in previous studies with diazoesters (for exam-
ple, ethyl diazoacetate) or perfluorinated diazo compounds (for example, 2,2,2-
triflurodiazoethane).[30–32] The formation of 4a is not catalysed by the haem co-
factor, nor is it produced by the cellular background. Notably, whereas P411-PFA
is a selective C(sp3)–H alkylase, variant P411-FA-E3, which differs by only a single
mutation (P401L) to P411-PFA, exhibits the highest selectivity to yield 4a among
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the enzymes tested (3a:4a = 2:1). Even though P411-FA-E3’s carbene-transfer se-
lectivity towards the arene C–H bond was still poor, this result encouraged us to
explore the extent to which arene C–H functionalization selectivity could be im-
proved by directed evolution, and whether we could develop a set of chemodivergent
C(sp3)–H and C(sp2)–H carbene transferases.

Figure 6.2: Crystallographic studies of P411-PFA (PDB 8DSG). A) Overall fold
(white cartoon) and active-site cavity of P411-PFA (left, purple mesh) compared to
a closely related C–H aminase, P-4 A82L A78V F263L (PDB 5UCW) (right, orange
mesh). B) An unusual backbone conformation, a peptide flip, is observed in the I
helix (teal) of P411-PFA at residue position E267. The E267 backbone carbonyl is
indicated by a red arrow. Mutations on the I helix from wild-type P450 BM3 (pink)
to P411-PFA are indicated as black residue labels. C) Close-up view of the helical
bulge that resides at the bottom of a water channel. The disruption of the I helix
generates a partial dipole near the active site, which may make the local electronic
environment more favourable for diazo binding and activation. D,E) Waters (red
spheres) stabilizing the bulged helix are shown in D) P411-PFA (white) and E)
P411-PFA overlaid on P411 P-4 A82L A78V F263L (orange).
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Structural studies of P411-PFA
To gain structural insight into the α-amino C(sp3)–H cyanomethylase and help guide
the directed evolution of a highly selective arene C–H cyanomethylase, we deter-
mined the X-ray crystal structure of P411-PFA’s haem domain to 1.87-Å resolution
(Protein Data Bank (PDB) 8DSG). P411-PFA adopts an overall architecture sim-
ilar to previously solved structures of cytochromes P450 and P411 (refs.[53–56]).
P411-PFA contains 13 mutations relative to the closest related variant with a de-
termined structure, P-4 A82L A78V F263L (PDB 5UCW), an enzyme capable of
nitrene insertion into C–H bonds.[55] Most of the 13 mutations in P411-PFA are
near the active site (Supplementary Fig. 1) and reshape the substrate cavity into a
shallow pocket directly above the haem (Fig. 2a and Supplementary Fig. 2). This
probably facilitates binding of the smaller carbene precursors and organizes steric
interactions to orient the substrate for carbene insertion at the selected position.

Among the structural changes introduced through directed evolution, the most strik-
ing feature is an unusual helical backbone conformation observed in the structure
of P411-PFA. (Fig. 2b and Supplementary Figs. 3 and 4). Specifically, a peptide
flip at residue position 267 fully disrupts the helical hydrogen bonding pattern of
the I helix. Such drastic structural rearrangements in this region led us to analyse
the progression of the I helix hydrogen bonding pattern over generations of directed
evolution. In the structure of wild-type P450 BM3 (PDB 1FAG),[56] this region of
the I helix exhibits a conformation reminiscent of the i+5→i hydrogen bonding pat-
tern present in a π helix,[57] resulting in a bulge around residue 267. In the evolved
P411 P-4 A82L A78V F263L aminase structure, this helical bulge is stabilized by
a water molecule (w1) probably present but not modelled in wild-type P450 BM3,
indicating a feature that has persisted over many generations of directed evolution of
this enzyme (Fig. 2c–e and Supplementary Fig. 3).[53–56] Notably, however, this
distortion is further expanded in the structure of P411-PFA; the peptide flip present
at position 267, which fully disrupts the helical hydrogen bonding network, traps a
second water molecule (w2) within an expanded coil and breaks the standard I helix
into two distinct helices. This breakage results in the accumulation of complemen-
tary dipoles on either side of this expanded coil, altering the electrostatics in the
active site (Fig. 2c and Supplementary Fig. 5). In the wild-type monooxygenase,
residues within this region have been suggested to influence C–H hydroxylation by
facilitating oxygen binding and activation.[58] The helical disruption and resultant
complementary macrodipoles in this pocket of the carbene transferase may promote
binding or activation of the zwitterionic diazo compounds (carbene precursors).
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Whereas P411-PFA contains 26 haem-domain mutations compared to wild-type
P450 BM3, E267 had not been changed (Supplementary Fig. 3). Instead, muta-
tions flanking the helical bulge around this site, L263Y, H266V and T268G, which
have been introduced to enhance carbene and nitrene C–H insertion activities,[30,
54, 55] probably stabilize the otherwise unfavourable flipped conformation of the
E267 peptide.

Directed evolution of a selective arene C–H cyanomethylase
To develop highly active and selective arene C(sp2)–H carbene transferases, we used
P411-FA-E3 as the starting enzyme for directed evolution by sequential rounds of
site-saturation mutagenesis, error-prone PCR mutagenesis and screening (by gas
chromatography–flame ionization detection (GC–FID)) (Fig. 3a). To preserve
the helical disruption found in P411-PFA, presumed to be beneficial for carbene-
transfer activity, we targeted amino acid residues for site-saturation mutagenesis on
the opposite side of the active site from the disrupted I helix and those previously
found to affect abiological carbene- and nitrene-transfer activities (Fig. 3b,c). We
found beneficial mutations within the proximal active-site pocket (A87V, M177Y,
W325C, V330C and M354V) as well as distal ones (S118Q, G252L) that affect the
chemoselectivity of the protein catalysts.

Meanwhile, in comparison to P411-FA-E3, α-amino C(sp3)–H cyanomethylase
P411-PFA contains an additional L401P mutation in the axial ‘Cys pocket’, which
disrupts the hydrogen bond between the amide hydrogen of residue 402 and axial
serine ligand (Supplementary Fig. 6); mutations in this pocket are known to tune
the electronic properties of haem.[53, 59, 60] The different selectivities of these
two variants encouraged us to investigate whether mutations at other residues in
the Cys pocket improve arene C(sp2)–H functionalization selectivity. F393W was
identified as a beneficial mutation from site-saturation mutagenesis of this region.
In summary, a total of seven rounds of mutagenesis and screening yielded the final
variant P411-ACHF (arene C–H functionalization enzyme), which contains eight
additional mutations relative to P411-PFA (Fig. 3b). Under yield-optimized reac-
tion conditions, arene C(sp2)–H cyanomethylase P411-ACHF delivers 4a in 51%
yield and excellent chemoselectivity (3a:4a = 1:17).

Like many small-molecule arene C–H carbene-transfer catalysts,[38–42, 47, 61–
63] P411-ACHF was found to exhibit (low) Buchner ring expansion activity. This
activity was not seen in the parental C(sp3)–H alkylase, P411-PFA. We observed
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Figure 6.3: Directed evolution of a selective arene C–H cyanomethylase. Reaction
conditions: anaerobic; 5 mM 1a or 1b; 48 mM 2 (9.63 equiv.); E. coli whole cell
harbouring P411 variants (OD600 = 30) suspended in M9-N aqueous buffer (pH
7.4); 10% v/v EtOH (cosolvent); room temperature; 18–20 h. A) Initial activity
screening revealed the formation of C(sp3)–H insertion product 3a and ortho-arene
C–H alkylation product 4a. B) Locations of beneficial mutations are highlighted in
the P411-PFA structure. C) Directed evolution of a highly selective arene C(sp2)–H
cyanomethylase; E. coli whole cell harbouring P411- ACHF (OD600 = 30) suspended
in M9-N aqueous buffer (pH 7.4); 10% v/v EtOH (cosolvent); room temperature;
18–20 h). Reactions were performed in triplicate (n = 3). Yields reported are the
means of three independent experiments. Error bars indicate the standard deviation
of the yields. D) Observed product distribution with 1b includes ring-expanded
Buchner products (5b, **inseparable mixture of tautomers).

the highest level of Buchner product formation when the enzyme was challenged
with 1b and 2 (Fig. 3d). In that case, P411-ACHF affords cycloheptatriene 5b,
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presumably through cyclopropanation, electrocyclic ring opening and tautomeriza-
tion. The enzymatic Buchner ring expansion reaction was found to be sensitive
to the pH of the reaction buffer (Fig. 3d). It was observed that basic conditions
(pH 7.4–8.0) suppressed Bucher product formation. Thus, the scope of arene C–H
functionalization with P411-ACHF was examined under basic conditions.

Substrate scope studies of P411-PFA and P411-ACHF
We investigated the substrate scope of the reaction under yield-optimized condi-
tions with the two highly selective but distinct cyanomethylases, P411-PFA and
P411-ACHF. As shown in Fig. 4a, these enzymes are capable of alkylating N-
substituted arenes with complementary chemoselectivity. Without additional pro-
tein engineering, the previously engineered C(sp3)–H fluoroalkylase P411-PFA ef-
ficiently installs cyanomethyl groups to secondary, α-amino C(sp3)–H bonds with
high chemo-, regio- and enantioselectivity. Whereas P411-PFA functionalizes the
C(sp3)–H bonds of these N-substituted arenes (3a–e; Fig. 4a), P411-ACHF alky-
lates their arene ortho-C–H bonds (4a–e). Notably, even though introduction of the
cyanomethyl group to an arene C(sp2)–H bond does not establish a new stereocentre,
when a racemic mixture of 1j is used as the substrate, P411-ACHF preferentially
converts the (R)-enantiomer into the ortho-cyanomethylation product (4j) with 81:19
e.r. via a kinetic resolution (Fig. 4a).

Substrate recognition in the enzyme active site is key to carbene-transfer selectivity.
P411-PFA preferentially functionalizes the secondary α-amino C(sp3)–H bonds in
the presence of other C–H bonds with similar bond-dissociation energies (for exam-
ple, benzylic C–H bonds in 1d and 1e). Meanwhile, P411-ACHF exhibits exclusive
selectivity towards ortho-C–H bonds (to nitrogen) over other activated positions
(positions ortho to –OMe in 4m). Transition metal-catalysed carbene transfer to
C(sp2)–H bonds of N-substituted arenes, in contrast, favours the kinetically more ac-
cessible para-positions.[42–47] The para-positions are probably sterically occluded
by the enzyme, leading to the observed ortho-selectivity. Overall, the substrate scope
studies reveal that the multiple potential non-covalent interactions between the en-
zymes and the substrate are key to determining carbene-transfer selectivity, and a
small number of mutations can cause these new-to-nature enzymes to discriminate
nearby C–H bonds.

Although chemoselectivity of P411-ACHF is not yet excellent with some substrates,
further directed evolution should be able to improve activity and selectivity on
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Figure 6.4: Substrate scope study. A) Substrate scope of P411-PFA and P411-
ACHF. Analytical yields of desired products were determined by using their GC
calibration curves. Reaction conditions: anaerobic; 2.5 mM 1; 51.6 mM 2 (20.63
equiv.); E. coli whole cells harbouring P411 variants (OD600 = 30) M9-N aqueous
buffer (pH 7.4); 10% v/v EtOH (cosolvent); room temperature; 18–20 h. Yields
are reported as the means of three independent experiments (n = 3). B) The arene
C(sp2)–H functionalization activity and selectivity can be further optimized on
individual target molecules. C) Chemodivergent, preparative-scale syntheses using
P411-PFA and P411-ACHF. Reaction conditions: anaerobic; 5 mM 1d; 48 mM 2
(9.63 equiv.); E. coli whole cells harbouring P411 variants (OD600 = 30) M9-N
aqueous buffer (pH 7.4); 10% v/v EtOH (cosolvent); room temperature; 18–20 h.
e.r., enantiomeric ratio.

any specific substrate. To demonstrate this, we performed an additional round of
directed evolution using 1b as the new model substrate and identified Y263W as a
beneficial mutation. The optimized variant, P411-ACHF Y263W, with decreased
active-site volume, delivers 4b with 54% yield and <1:10 3b:4b ratio (Fig. 4b).
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To demonstrate the synthetic use of these enzymes, we performed chemodivergent
derivatization of 1d using P411-PFA and P411-ACHF on a preparative scale, where
the enzymes yielded constitutional isomers 3d and 4d with 30% (1-mmol scale, 56
mg) and 37% (2-mmol scale, 136 mg) isolated yield, respectively (Fig. 4c).

6.3 Discussion
We have demonstrated that complementary, closely related P450-based carbene
transferases can selectively functionalize either a C(sp3)–H bond or an arene C(sp2)–H
bond present in the same molecule. These results support our proposal that the di-
vergent, native C–H hydroxylating selectivity widely exhibited by P450s can be
re-established for a non-native enzymatic reaction. Given these results, it is rea-
sonable to expect that these enzymes can serve as starting points from which to
evolve C–H alkylases to divergently functionalize C(sp3)–H and C(sp2)–H bonds
with high selectivity, provided some promiscuous activity for the targeted position
can be found. In fact, as we have shown here, less selective generalist enzymes are
excellent starting points from which to evolve catalysts that are highly selective for
a desired transformation.

Furthermore, X-ray crystallographic studies of the C(sp3)–H carbene transferase,
P411-PFA, revealed an unusual helical disruption in the active site of the cyanomethy-
lase that is neither observed in reported P450 structures nor captured by computa-
tional structure predictions (AlphaFold2; Supplementary Fig. 3). This underscores
the advantages of using directed evolution to establish new-to-nature functions in
engineered enzymes, which often calls for new structural features that differ from
the native proteins and may be challenging to predict or design. In summary, we
hope that these complementary C–H functionalization carbene transferases promote
the use of bio-catalysts to perform challenging, divergent C–H alkylation reactions
with selectivity unmatched by chemical catalysts.



128

6.4 Methods
Cloning and site-saturation mutagenesis
The genes encoding all enzymes described in this study were cloned using Gibson
assembly[64] into vector pET22b(+) (Novagen) between restriction sites NdeI and
XhoI in frame with a C-terminal 6× His-tag. Site-saturation mutagenesis was
performed using the ‘22c trick’67 or ‘NNK’ as degenerative codons. The PCR
products were digested with DpnI, gel purified and ligated using Gibson Mix. The
ligation mixture was used to directly transform electrocompetent Escherichia coli
BL21 (DE3) cells (Lucigen).

Protein expression of P450 and P411 variants in 96-well plates
Single colonies from Luria-Bertani (LB) agar plates with ampicillin were picked
using sterile toothpicks and cultured in deep-well 96-well plates containing LB
medium with ampicillin (400 µl per well) at 37 °C, 80% humidity and 220 r.p.m.
shaking overnight. Subsequently, Hyper Broth medium (AthenaES) with ampicillin
(1,080 µl per well) in a deep-well plate was inoculated with an aliquot (120 µl per
well) of these over-night cultures and allowed to shake for 3 h at 37 °C, 80% humidity
and 220 r.p.m. The plates were then cooled on ice for 30 min and the cultures were
induced with 0.5 mM isopropyl-β-d-1-thiogalactopyranoside (IPTG) and 1.0 mM
5-aminolevulinic acid (final concentrations). Expression was then conducted at 20
°C, 220 r.p.m. for 18–20 h.

Reaction screening in whole-cell format
E. coli cells harbouring P411 variants in deep-well 96-well plates were pelleted
(3,500 g, 5 min, 4 °C) and resuspended in M9-N buffer (375 µl) by gentle vortexing.
The 96-well plates were then transferred to an anaerobic chamber. To deep-well
plates of cell suspensions were added the N-phenyl-morpholine substrate (5 µl per
well, 400 mM in EtOH) and diazoacetonitrile (35 µl per well, 550 mM in EtOH).
During the addition, the stock solution of diazoacetonitrile was kept on an ice
bath to minimize evaporation. The plates were sealed with aluminium sealing
foil immediately after the addition and shaken in the anaerobic chamber at room
temperature and 600 r.p.m. After 18–24 h, the seals were removed and 610 µl
of 1:1 ethylacetate/hexanes solution containing 0.66 mM 1,2,3-trimethoxybenzene
internal standard was added. The plates were tightly sealed with silicone mats,
vigorously vortexed and centrifuged (5,000 g, 5 min) to separate the organic and
aqueous layers. The organic layer of each well was then transferred to individual
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vials equipped with autosampler vial inserts and analysed by GC–FID or GC–mass
spectrometry (GC–MS).

Protein expression of P411 variants
E. coli cells carrying plasmid encoding the appropriate P411 variant were grown
overnight in 5 ml of LB culture with ampicillin. The preculture (1.5 ml) was used
to inoculate 28.5 ml of Hyper Broth media with ampicillin (5% v/v inoculation)
in a 125-ml Erlenmeyer flask; this culture was incubated at 37 °C, 230 r.p.m. for
2.5 h. The culture was then cooled on ice for 30 min and induced with 0.5 mM
IPTG and 1.0 mM 5-aminolevulinic acid (final concentrations). Protein expression
was conducted at 20 °C, 150 r.p.m. for 16–18 h. Subsequently, the E. coli cells
were pelleted by centrifugation (3,000 g, 5 min, 4 °C). Media was removed, and the
resulting cell pellet was resuspended in M9-N buffer to an optical density (OD600)
of 30, unless otherwise specified.

Biotransformations using whole E. coli cells
Suspension of E. coli cells expressing the appropriate haem protein variant in M9-N
or potassium phosphate (KPi) buffer (typically OD600 = 30) were transferred to a
reaction vial. The headspace of the reaction vial was purged with a stream of argon
for at least 15 min. Enzymatic reactions were then set up in an anaerobic chamber.
To a 2-ml vial were added degassed suspension of E. coli expressing P411 variant
(typically OD600 = 30, 360 µl), N-substituted arene substrate (typically 2.5 or 5 µl of
400 mM stock solution in EtOH) and the diazoacetonitrile solution (typically 37.5
or 35 µl of 550 mM stock solution in EtOH). The concentration of the solution was
measured by 1H-NMR and adjusted to 550 mM. The diazoacetonitrile solution was
kept in an ice bath and added last. The final volume of the biotransformation was
400 µl, with 10% vol EtOH. The reaction vials were then capped and shaken in the
anaerobic chamber at room temperature and 600 r.p.m. for 18–20 h. After the com-
pletion of the reaction, 610 µl of 1:1 ethylacetate/hexanes solution containing 0.66
mM 1,2,3-trimethoxybenzene internal standard was added to the vial. The resulting
mixture was transferred to a 1.5-ml microcentrifuge tube, vigorously vortexed and
centrifuged (20,000 g, 10 min) to separate the organic and aqueous layers. The
organic layer was transferred to a vial equipped with an autosampler vial insert and
analysed by GC–FID or GC–MS.
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Enzymatic preparative syntheses
The E. coli cell suspension harbouring either P411-PFA or P411-ACHF was prepared
as described above. The cell suspension was placed in a sealed flask on ice, and
its headspace was purged with a stream of argon for at least 30 min. The reaction
flask was then transferred to an anaerobic chamber. To every 100-ml cell suspension
(OD600 = 30), N-arylamine substrate (1.25 ml from 400 mM EtOH stock solution,
final concentration of 5 mM, 1 mmol, 1.0 equiv.) and diazoacetonitrile (7.5 ml of
550 mM EtOH stock solution, 8.25 mmol, 8.25 equiv.) were added. The reaction
vial was immediately capped and sealed with parafilm, removed from the anaerobic
chamber and shaken at room temperature at 200 r.p.m. for 18 h. The reaction
solution was then extracted with 100 ml of 1:1 hexane/ethylacetate three times.
The combined organic layer was then washed with brine and dried over anhydrous
MgSO4. The solvent was removed in vacuo, and the product was purified by flash
chromatography.
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6.5 Supplemental Information
Crystallography of P411-PFA haem domain
The construct employed for crystallization is the haem domain of P411-PFA (residue
1– 463 of the holoprotein, followed by an XhoI site and a C-terminal 6×His-tag).
The amino acid sequence is:

MTIKEMPQPKTFGELKNLPLLNTDKPVQALMKIADELGEIFKFEAPGRVTRY
LSSQRLIKEACDESRFDKTLSQGLKFLRDFLGDGLATSWTHEKNWKKAHNI
LLPSFSQQAMKGYHASMVDIAVQLVQKWERLNADEHIEVSEDMTRLTLDTI
GLCGFNYRFNSFYRDQPHPFIISMVRALDEVMNKLQRANPDDPAYDENKRQ
FQEDIKVMNDLVDKIIADRKATGEQSDDLLTQMLNGKDPETGEPLDDGNIR
YQIITFLYAGVEGTSGLLSFALYFLVKNPHVLQKVAEEAARVLVDPVPSYKQV
KQLKYVGMVLNEALRLWPVVPVFSLYAKEDTVLGGEYPLEKGDEVMVLIPQ
LHRDKTVWGDDVEEFRPERFENPSAIPQHAFKPFGNGQRASPGQQFALHEAT
LVLGMMLKHFDFEDHTNYELDIKELQTLKPKGFVVKAKSKKIPLGGIPSPST
LEHHHHHH

Protein expression of the P411-PFA haem domain follows the protocol described in
the Methods section in the main text (3 L Hyper Broth expression culture). The cells
were pelleted, frozen, and stored at -20 degrees before use. For protein purification,
the frozen pellets were resuspended in His-trap buffer A (25 mM Tris-HCl, 100
mM NaCl, 25 mM imidazole, pH = 7.5 at room temperature, 4 mL/g of cell wet
weight), added with DNaseI, and lysed by sonication. Cell debris was removed by
centrifugation (20,000 x g, 20 min, at 4 °C). The lysate was further clarified by
filtration.

For protein purification, the clarified lysate harboring P411-PFA haem domain with
C- terminal 6×His-tag was first subjected to a Ni-NTA column (5 mL HisTrap HP,
GE Healthcare) on an AKTA purifier FPLC system (GE Healthcare). The enzyme
was eluted with a linear gradient from 100% HisTrap buffer A to 100% HisTrap
buffer B (25 mM Tris-HCl, 100 mM NaCl, 300 mM imidazole, pH = 7.5 at room
temperature) over 10 column volumes.

The enzyme was further purified by anion exchange chromatography. Fractions
contain the haem protein (absorption at 280 nm and 417 nm was monitored) were
pooled and buffer exchanged (3 times) to anion exchange buffer A (25 mM Tris-
HCl, 25 mM NaCl, pH = 7.5) using centrifugal spin filters (10 kDa molecular weight
cut-off, Amicon Ultra, Merck Millipore). Subsequently, the protein was purified
with an anion exchange Q Sepharose column (5 mL HiTrap Q HP, GE Healthcare).
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Enzymes are eluted with a linear gradient by increasing NaCl concentration (25
mM to 300 mM NaCl) over 10 column volumes. Fractions containing the desired
protein were pooled, buffer exchanged into storage buffer (25 mM Tris-HCl, 25
mM NaCl, pH 7.5 at room temperature), and concentrated using centrifugal spin
filters. Protein concentration was determined by BCA assay using a bovine serum
albumin standard curve. Purified P411-PFA haem domain protein was aliquoted,
flash-frozen on powered dry ice, and stored at -80 degrees C before use.

All crystallization experiments were performed in an anoxic chamber (COY Lab-
oratory Products) with a 97% Ar and 3% H2 atmosphere. Purified P411-PFA
concentrated to 10 mg/mL in stabilization buffer containing 250 mM Tris-HCl pH
7.5 and 25 mM NaCl was crystallized by sitting drop vapor diffusion method. Ini-
tial crystallization conditions were identified from the commercial screening kit,
NeXtal JCSG+ (Qiagen). Crystals were generated by addition of 1 µL of protein
sample to 1 µL of a precipitant solution containing 0.2 mM ammonium sulfate,
0.1 M Bis-Tris pH 5.5, and 20% (w/v) PEG 3350 and subsequent streak seeding.
Brown, rod-shaped crystals appeared after 4 days. Harvested crystals were soaked in
cryoprotectant containing the well solution supplemented with 20% (v/v) ethylene
glycol prior to flash freezing by direct plunge into liquid N2.

X-ray diffraction data sets were collected at 100K at the Stanford Synchrotron Ra-
diation Lightsource (SSRL) at beamline 12-2 equipped with a Dectris Pilatus 6M
detector. Data were indexed, integrated, and scaled using HKL3000.[65] Two com-
plete crystallographic data sets from two parts of the same crystal were merged and
scaled together for the final analysis. Phases were obtained by molecular replacement
(MR) with PHASER [66] implemented within the CCP4 crystallographic suite.[67]
Proteinic atoms from a previously solved cytochrome P411 structure (PDB acces-
sion code 5UCW) was used as the MR input model. Model building was performed
in Coot,[68] and both REFMAC5 [69] and Phenix [70] were used for refinement.
The MolProbity [71] server was used to identify Ramachandran outliers and ana-
lyze geometric parameters. Software was installed and configured using the SBGrid
package manager.[72] All crystallographic figures were prepared using the PyMOL
molecular graphics software package (Schrödinger, LLC). Cavity analysis was per-
formed with Hollow and electrostatics calculations were performed using the APBS
PyMOL plugin.[73, 74] The P411-PFA coordinates and electron density maps were
deposited in the Protein Data Bank with the accession code 8DSG.
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The haem domain of P411-ACHF was purified using the same procedure. How-
ever, structural determination attempts of the haem domain of P411-ACHF were
unsuccessful under similar purification and crystallization conditions.

Protein Structure prediction using AlphaFold2
The AlphaFold2 prediction of the haem domain of P411-PFA was performed using
the ColabFold web tool.[75] The I helix of the predicted model was colored by
atom pLDDT scores using the alphafold_coloring.py PyMOL extension, available
on GitHub.

Supplementary Figure 6.1: The 13 mutations in P411-PFA (PDB 8DSG) relative
to the closely related C–H aminase, P-4 A82L A78V F263L (PDB 5UCW).[55]
P411-PFA is shown in cartoon representation and mutated residues are highlighted
as green sticks. V330 is modeled in two conformations. The haem cofactor is
represented in sticks with carbon (white), oxygen (red), nitrogen (blue), and Fe
(orange) coloring.
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Supplementary Figure 6.2: Side-on (above) and top-down (below) view of the active
site cavity comparison between P411-PFA (PDB 8DSG) and P-4 A82L A78V F263L
(PDB 5UCW).[55] Residues which significantly shape the active site are noted
near their cavity contact site. Cavity surface representations were calculated using
Hollow[73] and depicted in PyMOL.
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Supplementary Figure 6.3: Comparison of I helices of (starting from the bottom):
wild-type P450 BM3 (PDB 1FAG, red);[56] the P411 C-H aminase, P-4 A82L A78V
F263L (PDB 5UCW, orange),[55] which is closely related to P411-PFA; P411-PFA
(PDB 8DSG, teal); and AlphaFold 2 predicted model of P411-PFA (blue, colored
by pLDDT score). PyMOL script to color AlphaFold2 predicted models by pLDDT
scores is available at: https://github.com/ailienamaggiolo/alphafold_coloring. The
hydrogen bonding of the I helix is disrupted between residue positions 263 and 268.
This disruption is stabilized by an intercalated water molecule (w1), modeled in
PDB 5UCW and likely present in PDB 1FAG, although not modeled. The peptide
flip of E267 in P411-PFA is stabilized by a second water molecule (w2). Although
the template-based model prediction of P411-PFA using AlphaFold 2 captured the
disrupted hydrogen bonding of the I helix, AlphaFold 2 failed to predict the E267
peptide flip.



136

Supplementary Figure 6.4: Stereo image of the simulated annealing omit map of
a portion of the I helix calculated after removal of residues 266-268. The F𝑜-F𝑐

(green mesh (positive, 3.5 σ, carve 2.0), purple mesh (negative, 3.5 σ, carve 2.0))
and 2F𝑜-F𝑐 (gray mesh, 1.5 σ, carve 1.5) densities show the peptide of E267 has
flipped to the opposite orientation relative to the neighboring carbonyl in the helix,
disrupting the normal hydrogen bonding pattern of the α-helix.
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Supplementary Figure 6.5: Local electrostatics of the I helix shown as cartoon and
surface representations. Top left: P411-PFA (PDB 8DSG, white); top right: the
P411 C–H aminase, P-4 A82L A78V F263L (PDB 5UCW, orange),[55] which is
closely related to P411-PFA; and bottom right: wild-type P450 BM3 (PDB 1FAG,
red).[56] Bottom left: zoomed-in view of the electrostatics directly above the haem
reveals a negatively charged patch resulting from the peptide flip of residue E267.
Surface electrostatics were calculated using the APBS PyMOL plugin.[74]
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Supplementary Figure 6.6: Structural difference between P411-PFA (PDB 8DSG,
white) and P-4 A82L A78V F263L (PDB 5UCW, orange)[55] at the “Cys pocket”
region. Residues in this region are highly conserved and affect the electronic
properties of haem. Mutation L401P in P411-PFA has disrupted the hydrogen bond
between the backbone amide of G402 to the axial S400 (an effective hydrogen
bond should be < 3.3 Å). This structural change has led to the enzyme activity and
selectivity differences between P411-PFA (P401) and FA-E3 (L401). We postulated
that other residues in this region can be targeted to further improve arene C–H
functionalization selectivity and identified F393W as a beneficial mutation.
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Table 6.1: X-ray crystallographic data collection and refinement statistics.
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