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ABSTRACT 

Human bodies are home to a vast assortment of microbes, including bacteria, fungi, and 

viruses. These microbes live within their human hosts, interacting with each other and 

influencing states of health and disease. Despite their prevalence and importance, studying 

host-microbe interactions has been limited by the dearth of appropriate tools and approaches, 

and an underappreciation for the role of biophysics.  

This thesis describes the development and application of novel tools and approaches for 

studying bacteria, fungi, and viruses to uncover their potential roles in human health and 

disease.  

In my first project, we investigated bacterial aggregation, a phenomenon related to important 

host-microbe interactions such as biofilm formation and the clearance of pathogens from the 

gastrointestinal tract. We found that bacteria aggregate in the presence of polymers (such as 

dietary fiber) via a mechanism that is qualitatively consistent with depletion-type forces 

under gut-like conditions. Surprisingly, motile bacteria aggregate more than nonmotile 

bacteria in viscous, high-polymer concentrations due to the higher effective diffusivity and 

inter-bacterial collisions enabled by motility. These two results give insight on how the foods 

(such as fiber) that we consume can physically affect the structure of microbes and other 

matter in the gut. 

In my next projects, we investigated viral-load kinetics to understand the best testing 

modality for early detection of SARS-CoV-2 via a large community-based household 

transmission study. By collecting longitudinal, paired saliva and nasal-swab specimens from 

SARS-CoV-2 patients starting from the incident of infection, we quantified the viral-load 

trajectories of COVID-19-positive participants in each specimen type over time. Our results 

revealed that viral loads increased quickly and reached a higher peak in nasal-swab 

specimens, whereas viral loads were detectable earlier but reached a lower maximum in 

saliva. Both specimen types exhibited a temporal trend whereby viral loads were higher in 

specimens collected in the morning compared with the evening. In samples where infectious 

viral titer was measured, we found that the ratio of N gene viral load and infectious viral titer 
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did not remain consistent throughout the course of infection. These three results help us 

understand the heterogeneity of SARS-CoV-2 disease progression in different individuals, 

and how the analytical sensitivity of a diagnostic, the specimen type, and time of sampling 

can be crucial in conducting community surveillance programs during a pandemic.   

Finally, we extended and co-validated for fungi a novel sample-preparation method that 

enriches fungal cells in host-rich samples to enable the first demonstration of deep 

metagenomic sequencing of fungal communities directly from clinical samples (without a 

culture step). Our results show that this method depletes host DNA by over 1000-fold by 

mass, improving taxonomic classification and gene calling, as well as enabling de novo 

metagenome assembled genome (MAG) assembly in samples dominated by human biomass.  
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C h a p t e r  1  

INTRODUCTION 

Bacteria, fungi, and viruses colonize most of the human body, including the oral cavity (1), 

gastrointestinal (GI) tract (2), skin (3), vagina (4), and the respiratory system (5). Microbes 

are implicated in a wide range of health outcomes, from maintaining homeostasis to 

contributing to the pathogenesis of many diseases (6, 7). Yet, despite their ubiquity and 

importance to human health, the roles microbes play in human health, including biophysical 

and pathological, are still largely unknown (8). The motivation behind this thesis is to study 

host-microbe interactions and to develop novel methods and approaches to gain insights into 

microbes’ contributions to human health and disease. 

 

Bacterial Aggregation in the Gut 

 

The intestines are home to more than a trillion commensal bacteria, living within the complex 

and diverse environment of the gastrointestinal (GI) mucosa (9). Many of the functions 

carried out by these bacteria are mediated by their aggregation behavior. One such 

mechanism is through quorum sensing, a regulatory pathway that is modulated by the local 

bacterial cell density (10). Quorum sensing has been shown to regulate virulence (10, 11), 

biofilm formation (12, 13), and metabolism (14, 15), depending on the biological context. 

Therefore, one step towards elucidating the roles of bacteria in gut pathogenicity and 

homeostasis includes understanding the biophysical mechanisms by which bacteria 

aggregate in the gut.  

 

Polymer-driven Bacterial Aggregation.  

Gut bacteria live among a wide variety of macromolecules and polymers, such as those from 

host cell secretions (e.g., mucus, immunoglobulins) and food (e.g., dietary fibers) (16). Host 

cell secretions in the GI tract primarily act to protect the host from invading pathogens (17). 
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For example, the mucus layer contains secreted mucin glycoproteins used to protect the host 

epithelium (18, 19). In addition to mucins, secretory Immunoglobulin A (sIgA) is another 

prominent intestinal secretion involved in host defense (20).  

 

The GI tract also contains polymers in the form of dietary fibers, which are mostly from plant 

material. Dietary fibers cannot be digested by human enzymes, so they reach the large 

intestine relatively intact and are metabolized there by resident microbes. Dietary fibers have 

a wide range of physicochemical properties, including different sizes, molecular weights, 

degrees of solubility, and gel-forming capabilities (16).  

 

Generally, polymers can aggregate bacteria via two mechanisms: chemically mediated or 

through physical forces. One example of chemically mediated aggregation is the binding of 

mucin glycoproteins to Lactobacillus plantarum in the intestines (21). Similarly, in the 

presence of pathogenic bacteria, sIgA has been shown to bind to the O-antigen component 

of lipopolysaccharides such as those found on Salmonella typhimurium (20). 

 

Previous work from our lab demonstrated that particulate matter in the gut may aggregate 

through a physical mechanism consistent with depletion forces (16). Depletion forces arise 

when particles are suspended in polymer solutions, and polymers avoid the surface of the 

particles within length scales on the order of the polymer size to minimize entropic penalties. 

This creates a volume around the particles that is lower in polymer concentration compared 

to the bulk solution, called the depletion zone. Depletion forces arise when two particles 

approach each other and their depletion zones overlap (called the overlap region), creating 

an osmotic pressure difference between the overlap region and the bulk solution. This 

pressure differential pulls the particles together, causing aggregation (22–26).  

 

Unlike chemically mediated forces, which rely on specific chemical epitopes to bind to 

bacteria, physical forces such as depletion are agnostic to surface chemistry. Instead, 

depletion forces are a function of the physicochemical properties of the polymer, such as its 

concentration, molecular weight, and size (22). In our lab’s previous work, it was 
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demonstrated that particulate matter can aggregate in the presence of soluble, high 

molecular weight dietary fibers in a gut-like environment, through a mechanism qualitatively 

consistent with polymer-driven depletion aggregation (16).  

 

Motility and Bacterial Aggregation 

The gut is a dynamic environment. In addition to polymer-driven aggregation forces, bacteria 

in the gut are also subjected to forces generated from their own motility (27, 28). Bacteria 

swim using the rotation of flagella, a slender projection outside of the bacterium that rotates 

to generate sufficient torque and drag on a bacterium’s body (27).  

 

Flagella has been linked to host epithelial cell binding and pathogenicity. For example, 

enteropathogenic E. coli utilize a type III protein secretory complex during flagellar assembly 

which mobilizes virulence factors from within the bacterium across its membrane (29). As 

flagella are implicated in virulence, environmental pressures from the gut microbiota select 

for non-flagellated, nonmotile commensal bacteria (30). Flagellar motility can be used as a 

distinguishing characteristic between pathogenic and commensal bacteria in the gut; 

Therefore, it is of biological interest to distinguish between their behaviors in polymer-driven 

aggregation.  

 

Very little is understood about how gut polymers affect motile bacteria and their early 

aggregation behavior at time scales relevant to the gut. In Chapter I of this thesis, I investigate 

the polymer-driven aggregation of bacteria through the depletion mechanism using a 

polymer physics framework. Furthermore, I investigate the interplay of these polymer-driven 

depletion forces with bacterial motility to understand how swimming forces and depletion 

forces affect bacterial aggregation.  

 

SARS-CoV-2 Viral Load Kinetics to Educate COVID-19 Public Healthy Strategy. 

 

In March 2020, the World Health Organization declared COVID-19 a global health 

emergency, marking the official start of a pandemic that had already infected millions 
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worldwide. By the end of the year, the virus had claimed over a million lives (31). Shortly 

thereafter, various states in the US began implementing stay-at-home orders to prevent the 

spread of SARS-CoV-2, shutting down schools and businesses that were not deemed 

essential (32).  
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Figure 1.1: Two hypothetical scenarios resulting from different viral-load trajectories. Hypothetical 

viral-load trajectories for two different specimen types (A, gray and B, green) show the rise and fall 

of viral loads over the course of an infection. Horizontal lines indicate the hypothetical limits of 

detection (LODs) for diagnostic tests with high (blue) or low (red) analytical sensitivity.  

 

Due to the significant strain the COVID-19 pandemic was placing on the healthcare system 

and the economy, community testing was initiated to help mitigate the spread of disease. 

This testing typically utilized nucleic acid amplification-based diagnostic platforms. Nucleic 

acid amplification tests (NAATs) use quantitative polymerase chain reaction (qPCR) to 

measure the amount of SARS-CoV-2 RNA (viral load) in a person’s specimen sample (33). 

An effective surveillance testing program requires implementing a diagnostic platform that 

that has sufficient analytical sensitivity, quantified by the limit of detection (LOD; defined 

as the lowest amount of analyte that can be detected with statistical certainty), to detect 

disease early in infection and thus enable timely quarantine and treatment (34-36). 
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However, test sensitivity is not sufficient; to be effective, the test must be used on the 

specimen type (e.g., saliva or nasal swab) containing enough viral particles to be detected. 

Selection of the best specimen type requires knowledge of the viral load trajectories in 

different anatomical locations over time.  

 

The importance of implementing a diagnostic with the appropriate LOD can be illustrated in 

two hypothetical viral load trajectories (Figure 1.1). 

1. For example, if a patient’s viral load trajectory for a given specimen type stays low upon 

incident of infection (Figure 1A), a test with poor analytical sensitivity (red dotted line) 

would not yield a positive result until day 6. In contrast, a test with good analytical 

sensitivity (blue dotted line) would yield a positive result on day 2.  

2. However, if a patient’s viral load trajectory increases quickly, (Figure 1B), then using a 

test with a good analytical sensitivity does not yield a much faster result compared to a 

test with poor analytical sensitivity (the infection would be detected just one-half day 

later using a test with poor sensitivity).  

In the case of the viral load trajectory illustrated in Figure 1A, a more sensitive test (low 

LOD) would be needed to be able to detect SARS-CoV-2 RNA early in infection. If instead 

the SARS-CoV-2 viral load trajectory resembled the one illustrated in Figure 1B, where viral 

load rises rapidly, a test with low sensitivity (high LOD) would achieve similar results to a 

high sensitivity test. An important consideration is that different specimen types in the same 

individual may exhibit completely different viral-load trajectories. 

 

In Chapters II and III, we quantify and characterize the N gene viral load kinetics of 

participants infected with SARS-CoV-2 starting from the incidence of infection. From these 

datasets, we infer sensitivities of hypothetical diagnostics at various LODs to underscore the 

importance of considering both viral load trajectories and specimen type when implementing 

a surveillance testing program. 
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Finally, although measuring viral RNA in a specimen can tell us if the patient has been 

recently infected by SARS-CoV-2, it does not indicate whether the patient is infectious at 

that point in time. Infectiousness is often determined by the presence of replicable virus, 

measured by viral titer. Unfortunately, measuring viral titer can take up to several days and 

requires specialized biosafety considerations, whereas an NAAT can yield results within a 

few hours (37). Establishing the correlative relationship between viral RNA load and 

infectious titer could help provide a guideline for determining the infectivity of a patient 

simply by quantifying viral load (without undergoing a lengthy viral titer measurement).  

In Chapter IV, we measure the viral titer of two participants from one household to 

understand the relationship between viral RNA load and infectious viral titer. 

 

Extending the Microbial Enrichment Method (MEM) for Metagenomic 

Characterization of Fungi in Clinical Specimens 

 

The human mycobiome is an often overlooked but highly consequential component of 

human health (38, 39). Fungal pathogens and microbial dysbiosis have been identified ass 

the direct causative agent in conditions including aspergillosis lung infections (40), vaginal 

candidiasis (41), Candida auris infections (42), and invasive candidiasis in the gut (43), and 

highly implicated in conditions such as inflammation (44) and cancer (45).  

 

Mycobiome studies often use sequencing methods, such amplicon or shotgun sequencing to 

detect and identify fungi (46–52). Although amplicon sequencing is highly sensitive, it can 

only target a single gene if the sequence is known a priori; it cannot reveal functional 

information regarding the genes present in the fungal genome (53). In contrast with amplicon 

sequencing, shotgun sequencing involves sequencing all DNA in a sample. This approach 

reveals a broader range of genetic information beyond just taxonomic classification, 

including genes of interest (54).  

 

However, a significant challenge in using shotgun sequencing to studying microbial 
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communities in clinical samples is the over-abundance of host DNA. Because shotgun 

sequencing sequences all DNA fragments in a sample, a substantial portion of the sequencing 

reads are allocated to host DNA, leaving few, if any, for fungi. Host reads can comprise 

anywhere between 85-99.9% of the total DNA in host-rich clinical samples such as vaginal 

swabs (55), saliva (56), bronchoalveolar lavage (57), and colonic biopsy (54).  

 

A previous study in our lab developed a novel microbial enrichment method (MEM) for 

improving the relative abundance of bacterial DNA in host-rich clinical samples, such as 

colonic biopsies (54). By reducing the total host DNA mass in a sample by over 1000x, MEM 

enabled deeper shotgun metagenomics and the construction of metagenome assembled 

genomes (MAGs) to for strain level identification of the bacteria that reside in the colon (54). 

 

In Chapter VI of this thesis, we extend and validate MEM to show that it can be used to 

enrich the relative abundance of fungi in host-rich clinical samples, such as bronchoalveolar 

lavage and vaginal swabs. Using this method, we show the first fungal MAGs that were 

assembled directly from host-rich human samples.   
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Abstract 

 

 

Motile bacteria are often found in complex, polymer-rich environments in which microbes 

can aggregate via polymer-induced depletion forces. Bacterial aggregation has many 

biological implications; it can promote biofilm formation, upregulate virulence factors, and 

lead to quorum sensing. The steady state aggregation behavior of motile bacteria in polymer 

solutions has been well studied and shows that stronger depletion forces are required to 

aggregate motile bacteria as compared with their nonmotile analogs. However, no one has 

studied whether these same trends hold at the initial stages of aggregation. We use 

experiments and numerical calculations to investigate the polymer-induced depletion 

aggregation of motile Escherichia coli in polyethylene glycol solutions on short experimental 

timescales (~10 min). Our work reveals that in the semi-dilute polymer concentration regime 

and at short timescales, in contrast to what is found at steady state, bacterial motility actually 

enhances aggregate formation by increasing the collision rate in viscous environments. These 

unexpected findings have implications for developing models of active matter, and for 

understanding bacterial aggregation in dynamic, biological environments, where the system 

may never reach steady state. 

 

Introduction 

 

Bacteria thrive in a wide range of biological and ecological contexts and play important roles 

in the human gut, soil, wastewater sludge, and other complex environments. In these 

environments, bacterial motility has implications for biofilm formation and virulence. For 

example, in the gut, Salmonella typhimurium uses its flagella to burrow through the intestinal 

mucus layer and penetrate the host epithelium, causing infection (2). Certain species of 

Pseudomonas aeruginosa require motility to form biofilms, such as those found on medical 

devices (3). Microbial motility is further influenced by polymers, which are abundant in 

many environments (4). For example, in the gut, polymers are secreted by the host (5–8) and 

dietary fibers are ingested regularly (1). In wastewater treatment plants, sludge used to collect 

microbes and particulate waste also contains polymers (9, 10). 
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Polymers are well known to aggregate bacteria, which is important because aggregation 

precedes biofilm formation (11), correlates with altered gene expression (3, 12), including 

antibiotic resistance genes (13), and induces phenotypic changes such as quorum sensing 

(14). Polymers can bind to bacteria via specific chemical interactions and cause aggregation 

through agglutination. These interactions are found in biological settings such as the gut, 

where mucins (5), immunoglobulins (6), and other host-secreted proteins (7) can aggregate 

bacteria via chemically mediated interactions. Polymers can also aggregate microbes via 

depletion forces. This mechanism of aggregation does not depend on microbes binding to 

specific chemical functional groups but is instead only a function of the physical parameters 

of the polymer (molecular weight (MW), hydrodynamic radius) and bacteria size (15–17). 

In the presence of non-adsorbing polymers such as polyethylene glycol (PEG), bacteria 

aggregate through depletion interactions, which occur when two bacteria approach each 

other at a close enough distance that the polymer is excluded from the space between the 

bacteria, a region called the depletion zone (13). The difference in polymer concentration 

between the depletion zone and the bulk solution results in an osmotic pressure difference 

that generates an attractive force between bacteria. Because depletion forces depend on the 

physical properties of polymers and bacteria, these forces can drive bacterial aggregation 

irrespective of bacterial surface chemistry. In the case of nonmotile bacteria (which are not 

auto-aggregating) in solutions of non-adsorbing polymers, the only driving forces for 

aggregation are polymer-induced depletion forces (17,18). However, for motile bacteria in 

solutions of non-adsorbing polymers, there are forces due to the motility of the bacteria and 

due to depletion forces; the competition between these forces determines the steady-state 

aggregation behavior (18). At sufficient polymer concentrations and long time scales, when 

the system reaches steady state, polymer-induced depletion attractions between bacteria can 

result in aggregation (i.e., phase separation) (18). The addition of motility has been found to 

require significantly stronger depletion attraction to achieve the aggregation as compared 

with nonmotile bacteria (18). Active matter is an area of intense research, and the field is 

currently working on a unified theoretical framework to understand these systems (19,20). 

In particular, the aggregation behavior of motile bacteria in polymeric solutions at long time 
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scales is widely studied (18,21–24); however, to our knowledge there are no published 

studies on aggregation at short time scales. 

 

The initial stages of aggregate formation are of particular interest because microbial 

responses to aggregation (e.g., upregulation of quorum sensing and virulence pathways) 

occur on short time scales (tens of minutes) and would be influenced by the initial stages of 

aggregation. Furthermore, the initial stages of aggregation are particularly relevant for 

biological systems where the system may never reach steady state; for example, in the 

gastrointestinal (GI) tract where food and ingested material are constantly in transit (1, 25) 

In these environments, aggregate formation is constantly disrupted because of shear, 

peristaltic contractions, and other forces, making early aggregate formation relevant to these 

biological systems. 

 

In this study, we investigate how motility influences the polymer-induced depletion 

aggregation of bacteria at short time scales (t ~ 10 min). We quantify this experimentally by 

using confocal fluorescence microscopy to measure the size distribution of bacterial 

aggregates in PEG solutions with molecular weights and concentrations relevant to the 

murine small intestine (1). Furthermore, we develop an understanding of which physical 

parameters influence the initial formation of these aggregates. We use a physical model for 

motile bacteria in PEG solutions that focuses on the balance of depletion and swim forces as 

well as the effective diffusivity of the bacteria. 

 

Experimental 

 

Bacteria cell culture 

 Overnight cultures of naturally motile E. coli K12 MG1655 (ATCC 47076) were prepared 

in liquid lysogeny broth (LB) culture incubated at 35 ˚C to mid-exponential phase. These 

cultures were combined to reach the desired cell concentration for the experiment (109 cells 

per mL). Cells were first centrifuged at 4.8 kG for 10 min and then resuspended in motility 

buffer (MB; 10 mM potassium phosphate buffer, 0.1 mM EDTA, pH 7.0) to stain with SYTO 
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9 (live, ex/em 480/500 nm). Following staining, cells were centrifuged again to wash out 

excess stain. To obtain nonmotile E. coli, cells were treated with 0.5% (75 mM) sodium azide 

in MB after washing. 

 

Confocal microscope imaging and bacterial aggregation in polyethylene glycol (PEG).  

All images and z-stacks were obtained using a Zeiss LSM 800 confocal fluorescence 

microscope (488 nm excitation, detection at 490–540 nm). Each stack was 200 200 45 mm 

in volume and contained about 135 slices. Nonmotile and motile E. coli K12 were prepared 

and stained using the method described above. PEG solutions were prepared by dissolving 

four times the overlap concentration into MB (for motile conditions) or by using MB with 

0.5% sodium azide (for nonmotile condition). A range of 10 kDa, 100 kDa, and 1 MDa PEG 

solutions were achieved by serial dilution. A 5 mL aliquot of each respective PEG solution 

was combined with 0.5 mL E. coli for a final cell concentration of 109 cells per mL. We 

pipetted 2 mL of each combined suspension into an imaging chamber made from SecureSeal 

imaging spacer (Electron Microscopy Sciences; 0.12 mm depth and 9 mm diameter) and a 

glass slide, and the top of the chamber was immediately sealed with a #1.5 glass coverslip. 

A single z-stack of each PEG dilution sample was taken approximately 10 min after the 

imaging chamber was sealed. Each biological replicate was conducted with a new bacterial 

cell culture. 

 

FIJI macro imaging and empirical bootstrapping 

All imaging analysis was performed as previously described in ref. 1. 

 

Measuring mean-squared displacement (MSD) of E. coli 

E. coli K12 were cultured and prepared as described above. The final cell concentration was 

diluted to 5x108 cells per mL when added to each PEG solution in MB. A Leica DMI6000 

with a Visitech Infinity3 confocal microscope was used to obtain 20 s videos of the cells at 

about 16 frames per second. Videos were analyzed using an ImageJ plugin developed by the 

MOSAIC group for 2D/3D particle tracking using an algorithm developed in ref. 26. At least 

1000 bacteria were analyzed per condition. Data output from the ImageJ plugin was further 
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analyzed and the MSD was calculated using MATLAB code used in ref. 27 in conjunction 

with an in-house script. (Script will be provided by request.) 

 

Estimating overlap concentration for PEG 

The polymer overlap concentration 𝑐𝑃
∗  was estimated using the following relation (26, 27):  

𝑐𝑃
∗ =

𝑀𝑊

4𝜋
3 𝑁𝐴𝑣𝑜𝑅𝑔(0)3

 

(Eq. 2.1) 

where 𝑀𝑊 is the polymer molecular weight in kDa, 𝑁𝐴𝑣𝑜 is Avogadro’s number, and 

𝑅𝑔(0) is the radius of gyration given in m. 

 

Estimating solution viscosity 

We estimated the solution viscosity via a virial expansion (28):  

𝜂 = 𝜂𝑠(1 + [𝜂]𝑐𝑃 + 𝑘𝐻[𝜂]2𝑐𝑃
2 + ⋯ ) 

(Eq. 2.2) 

where 𝜂𝑠 is the solvent viscosity in Pa s, 𝑐𝑃 is the polymer mass concentration in kg m-3, 

[𝜂] is the intrinsic viscosity measured to be 452.8 mL g-1 (using literature measurements 

for PEG 1 MDa),30 and 𝑘𝐻 is the Huggins parameter for PEG 1 MDa, approximated to be 

0.4. Using this equation, 𝜂 at 𝑐𝑃 = 6.5 mg mL-1 is ~7 mPa s compared with ~1 mPa s at 𝑐𝑃 

= 0.4 mg mL-1. Literature measurements report similar values for the zero shear rate 

viscosity (𝜂0) of PEG 1 MDa at high concentrations, where 𝜂0 = 10 mPa s at 𝑐𝑃 = 5 mg 

mL-1 (our experiments were conducted our quiescent conditions, i.e., no shear) (31). 

 

Results and Discussion 

 

Measuring E. coli aggregation at short time scales 

To understand how motility affects the depletion-driven aggregation of bacteria at short time 

scales, we measured the initial formation of bacterial aggregates. As a model organism, we 

used E. coli K12 MG1655. This naturally motile strain of E. coli displays ‘‘run and tumble’’ 
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dynamics, and can be rendered nonmotile by treating with 0.5 wt% sodium azide (32, 33). 

This method of rendering cells nonmotile has been used before in research focusing on the 

flagellar motility of E. coli in studies conducted by Christopher V. Gabel and Howard Berg, 

(32). Briefly, sodium azide acts as a respiratory poison that disrupts the cell’s protonmotive 

force, which inhibits flagellar motility within 1-2 minutes (32). Plating showed that the azide 

treatment killed nearly all of the cells 1 h after the initial treatment (Figure 2.S1). To ensure 

we selected biologically relevant physical parameters for our experiments, we used data from 

our previous gel permeation chromatography experiments on luminal fluid from the murine 

small intestine to determine the range of the polymer molecular weights and concentrations 

(1). In these previous experiments, the polymers we found in the murine small intestine 

ranged in size from a few kDa to a few MDa (1). Therefore, we chose to tune the depletion 

potential in this work with polymers within this size range. As our test polymer, we chose to 

use PEG solutions in a motility buffer (MB, 0.1 mM EDTA, 10 mM potassium phosphate, 

pH 7.0). PEG is a linear, chemically inert polymer (33, 34) that is well characterized in 

inducing depletion forces in passive colloid solutions (35–42). We used a range of 1 MDa 

PEG concentrations (0.05–6.5 mg mL-1) to adjust the depletion potential and rheology of the 

solution, which span both the dilute and semi-dilute polymer concentration regimes (the 

transition between these regimes is denoted by the overlap concentration, 𝑐𝑃
∗  = 1.6 mg mL-1 

(see calculations in Experimental)). We also measured bacterial aggregation in 10 kDa and 

100 kDa PEG near their respective overlap concentrations (𝑐𝑃
∗  = 8.5 mg mL-1 and 85 mg mL-

1 for 100 kDa and 10 kDa PEG, respectively). We previously detected polymers of a similar 

size and concentration in the murine small intestine (1). A motility buffer control was 

implemented to confirm that the cells were not auto-aggregating and that the aggregation 

measured in each sample containing PEG was the result of the PEG in the solution. 

 

To quantify the initial aggregation of bacteria, we measured the volume-weighted average 

aggregate sizes (N) using fluorescence confocal microscopy (Figure 2.1a). After mixing the 

E. coli with the PEG, the bacterial suspension was placed into an imaging chamber, and 

sealed with a glass coverslip to eliminate drifting and evaporation effects. Z-stacks of cells 

in solutions of PEG at various concentrations were obtained after 10 min to focus on the 
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behavior on short timescales (Figure 2.1b and c). Separate experiments were performed 

for motile and nonmotile cells. Imaging at short timescales also reduces the effects of 

sedimentation from gravity (43). Imaging analysis was performed (using an ImageJ pipeline 

that we developed previously (1)) to count each object, measure the volumes of each 

aggregate, and normalize by the singlet volume to obtain the volume-weighted average 

aggregate size. 

 

 

 

 

Figure 2.1: Measuring the volume-weighted average size of bacterial aggregates in PEG solution. (a) 

Cartoon depicting experimental setup of motile or nonmotile E. coli (green) in buffer or PEG. (b) 

Representative slices of nonmotile E. coli taken in motility buffer with no aggregation and in (c) 0.8 

mg mL-1 PEG showing aggregation. 

 

 

In these experiments, we found that nonmotile bacterial aggregation in the presence of 1 

MDa PEG (Figure 2.2a) was qualitatively consistent with depletion-driven aggregation with 

similar trends observed at half (Figure 2.2b) and double (Figure 2.2c) the bacterial 

concentration. Additionally, we tested the effect of changing PEG MW and found trends that 

were qualitatively consistent with depletion-driven aggregation (Figure 2.S2); the extent of 

aggregation generally decreased with MW. Nonmotile E. coli aggregated less in the presence 

of PEG 100 kDa (Figure 2.S2b) as compared to in the presence of PEG 1 MDa (Figure 2.2a) 

and no aggregation was observed in the presence of PEG 10 kDa. Somewhat 

counterintuitively, as the 1 MDa PEG concentration increased, aggregate size increased up 



 

 

23 

to a limit and then started decreasing. We previously measured similar aggregation profiles 

with particles in PEG solutions (1); the shape of those profiles was at least in part attributed 

to the increase in solution viscosity, which hindered the Brownian motion of the particles, 

limiting the inter-particle collisions that initiate aggregation. We suspect that a similar 

mechanism may be at play for the nonmotile bacteria in this study. The depletion attractions 

increase as a function of polymer concentration due to the contribution of osmotic pressure, 

which is mirrored by the increasing aggregate size of the nonmotile bacteria in the dilute 

PEG concentration regime (Eq. (2.3) and (2.4)). We observed that as the PEG concentration 

increased and approached the semi-dilute concentration regime, the aggregate sizes became 

larger. In the semi-dilute regime, the depletion attractions continued to increase with the 

increase in PEG concentration, but the range of these attractions decreased with PEG 

concentration. At PEG concentrations far above the overlap concentration, we observed a 

decrease in aggregate sizes. The use of sodium azide to render E. coli nonmotile could alter 

cell surface properties in a manner that affects their depletion-driven aggregation. However, 

due to their lack of aggregation in the motility buffer control and the aggregation curve being 

qualitatively similar to bioinert particles in similar polymer solutions (1), we assume that this 

effect is minimal. Similar aggregation behavior was measured using a nonmotile mutant of 

E. coli (without the use of sodium azide), further suggesting that the aggregation measured 

in the nonmotile conditions is minimally affected by azide treatment (Figure 3.S3). We 

hypothesized that at higher PEG concentrations, the enhanced viscosity decreased inter-

bacterial collisions, thus hindering aggregate formation. 

 

Motile bacteria demonstrated different aggregation trends compared with their nonmotile 

analogs. In the PEG 1 MDa solutions, we observed no aggregation in the dilute PEG 

concentration regime, but at 𝑐𝑃 = 0.8 mg mL-1, motile E. coli abruptly began to aggregate, 

and continued to aggregate through the semidilute polymer concentration regime (Figure 

2.2a). Similar trends were observed when we halved (Figure 2.2b) or doubled (Figure 2.2c) 

the bacterial concentrations. In the lower MW PEG solutions, we found minimal aggregation 

for the motile bacteria in PEG 100 kDa (Figure 2.S2b) and no aggregation for motile bacteria 

in PEG 10 kDa (Figure 2.2a). Because the main physical difference between the motile and 
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nonmotile bacteria is their motion, we hypothesized that the differences in depletion 

attractions required to aggregate motile versus nonmotile bacteria at short time scales are due 

to cell motility. Previously, researchers have modeled the steady-state depletion aggregation 

of motile bacteria by assuming that the swim force produced by bacterial motility directly 

counteracts the depletion force (18). We hypothesized that a similar framework could be 

applied here; the swim force counteracts the depletion force at low PEG concentrations, 

negating any attractive force to aggregate the cells. Therefore, a stronger depletion force, or 

higher PEG concentration, is necessary to aggregate the motile bacteria to the same extent as 

the nonmotile bacteria. Support for this hypothesis was experimentally demonstrated at 𝑐𝑃 = 

0.4 mg mL-1 whereby we observed the nonmotile bacteria aggregate but the motile do not. 

 

Effective potentials describe E. coli aggregation in the dilute polymer concentration regime 

To investigate the interplay of swim and depletion forces that give rise to the differences in 

the observed aggregation behavior between motile and nonmotile bacteria, we began by 

using effective potentials to describe aggregation in the dilute polymer concentration regime. 

We focused on explaining the discrepancy in aggregation at 𝑐𝑃= 0.4 mg mL-1, where we 

observed substantial aggregation of nonmotile bacteria but no aggregation of motile bacteria 

(Figure 2.3a). In The dilute regime, nonmotile bacterial aggregation increased with the PEG 

polymer concentration from the osmotic pressure contribution in the depletion potential 

(Figure 2.3b). The effective potential between nonmotile bacteria can be described by the 

Asakura–Oosawa depletion potential (15, 16, 44): 

𝑈𝑑𝑒𝑝(𝑟) = {

+∞ 𝑓𝑜𝑟 𝑟 ≤ 0

−2𝜋Π𝑃𝑎 (𝑅𝑃 −
𝑟

2
)

2

𝑓𝑜𝑟 0 < 𝑟 < 2𝑅𝑃

0 𝑓𝑜𝑟 𝑟 > 2𝑅𝑃

 

(Eq. 2.3) 

where 𝑈𝑑𝑒𝑝 is the depletion potential (in J), Π𝑃 is the osmotic pressure of the polymer 

solution (in Pa), 𝑎 is the radius of the bacteria (approximated as a sphere, in m), 𝑅𝑃 is the 

characteristic polymer length scale (in m), and 𝑟 is the separation distance between two 

bacteria surfaces (in m). The contribution of polymer concentration to the depletion potential 
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is implicit in the osmotic pressure. PEG behaves as a polymer in good solvent in buffer 

(45), and we can use the following crossover equation for the osmotic pressure of a polymer 

solution which spans the dilute and semi-dilute polymer concentration regimes (46, 47): 

Π𝑃 =
𝑁𝐴𝑣𝑜𝑘𝑇

𝑀𝑊
𝑐𝑃 (1 + (

𝑐𝑃

𝑐𝑃
∗ )

1.3

) 

(Eq. 2.4) 

where 𝑁𝐴𝑣𝑜 is Avogadro’s number, 𝑘 is the Boltzmann constant, 𝑇 is the temperature (in 

Kelvin), 𝑀𝑊 is the molecular weight of the polymer (in kDa), 𝑐𝑃 is the polymer mass 

concentration (in kg m-3), and 𝑐𝑃
∗  is the overlap mass concentration (in kg m-3). We use the 

concentration-dependent radius of gyration to estimate the characteristic polymer length 

scale (48, 49):  

𝑅𝑃(𝑐𝑃) = 𝑅𝑔(0) (
𝑀𝑊

𝑁𝐴𝑣𝑜𝑘𝑇
 
𝑑Π𝑃

𝑑𝑐𝑃
)

−1/2

 

(Eq. 2.5) 

where 𝑅𝑃(𝑐𝑃) is the characteristic polymer length scale (in m), and 𝑅𝑔(0) is the radius of 

gyration at dilute concentrations (in m).  

 

To estimate the depletion potential in polymer concentrations around the overlap 

concentration, equations 2.4 and 2.5 are used to obtain the correct scaling arguments with 

respect to polymer concentration (𝑐𝑃). In the dilute polymer concentration regime (𝑐𝑃 < 𝑐𝑃
∗), 

the polymer osmotic pressure (Π𝑃) scales linearly with polymer concentration (matching the 

van’t Hoff Law) and the characteristic polymer length scale (𝑅𝑃) is given by the radius of 

gyration at dilute concentrations (𝑅𝑔(0)) and is independent of polymer concentration (𝑐𝑃). 

In the semi-dilute polymer concentration regime (𝑐𝑃 > 𝑐𝑃
∗ ), the polymer osmotic pressure 

(Π𝑃) scales as Π𝑃 ∝ 𝑐𝑃
1.3 as according to de Gennes scaling theory, and the characteristic 

polymer length scale (𝑅𝑃) goes with the correlation length of the polymer solution (𝜉), which 

scales as 𝜉 ∝ 𝑐𝑃
−0.77 for a good solvent (28). Thus, equations 2.4 and 2.5 reasonably captures 

the scaling for the polymer concentrations regimes around the overlap concentration, which 

is the polymer concentration regime studied in this chapter. Previous studies have derived 



 

 

26 

similar crossover equations to describe experimentally observed depletion driven 

aggregation in polymer concentrations that span the dilute and semi-dilute concentration 

regimes (53).  

 

 

 

 

 

Figure 2.2: A comparison of the aggregation of motile and nonmotile E. coli K12 at a range of 

concentrations of 1 MDa PEG. Volume-weighted average aggregate sizes (Vol Wt Avg Size) of 

nonmotile and motile E. coli K12 for serial dilutions of 1 MDa PEG using a bacteria concentration of 

1 × 109 𝐶𝐹𝑈/𝑚𝐿 (a) and for E. coli at half (b) and twice (c) this concentration. Aggregate sizes were 

measured 10 min after cells were mixed with PEG. Volume-weighted average sizes in terms of 

bacteria per aggregate (𝑁) are plotted against polymer mass concentration (𝑐𝑃) in mg/mL. Vertical 

error bars are 95% empirical bootstrap confidence intervals using the bootstrapping protocol 

described in [Imaging Analysis] in Methods of Ref.1 Data for each PEG concentration were compiled 

from at least four (a), at least three (b), or at least two (c) biological replicates in these experiments 

(where a replicate is a new bacterial culture). For each concentration of PEG, each replicate was 

obtained from one z-stack that was comprised of about 135 slices. 

 

 

𝑅𝑔(0) was estimated using literature values of the hydrodynamic radius of PEG (30) and the 

Kirkwood–Riseman relation (50, 51) We estimated 𝑅𝑔(0) to be 62.6 nm for 1 MDa PEG, 



 

 

27 

and using this value and the molecular weight of the polymer, we estimated 𝑐𝑃
∗  to be 1.6 

mg mL-1 (see Experimental for calculation). Combining Eq. (2.3)–(2.5) gives us an 

expression for the depletion potential that closely approximates the Asakura– Oosawa 

potential in the dilute polymer concentration regime and the potential derived by Joanny, 

Leibler, and De Gennes in the semi-dilute regime (52) Similar crossover equations for the 

depletion potential have been previously used to quantitatively describe experimentally 

observed depletion-driven colloid aggregation in polymer solutions that span the dilute and 

semi-dilute concentration regimes (1, 53) As the polymer concentration increases, the 

depletion potential also increases. We observed that the aggregate size of the nonmotile E. 

coli increases with PEG concentration in the dilute polymer concentration regime, which 

suggests that depletion forces drive aggregation. 

 

We found that motile bacteria do not aggregate at low PEG concentrations until a certain 

PEG concentration threshold is reached (Figure 2.3c). To estimate the effective potential of 

motile bacteria and the effect of the swim force on the aggregation of motile bacteria, we 

used a previously established theoretical framework (18). We began by considering the 

forces that bacteria experience in solution. This model accounts for the swim force that arises 

from bacterial motility and the polymer-induced depletion force. The swim force can be 

described from the ellipsoid approximation to the Stokes–Einstein drag coefficient (17, 54): 

𝐹𝑠𝑤𝑖𝑚 = −
4𝜋𝜂𝑏

ln(2𝑏/𝑎) − 1/2
𝑉 

(Eq. 2.6) 

where 𝜂 is the solution viscosity in Pa s (see Experimental for details of estimate), 𝑎 and 𝑏 

are the lengths of the semi-minor and semi-major axes for E. coli (in m), and 𝑉 is the speed 

(in m s-1). For E. coli, 𝑎 and 𝑏 are approximated to be about 0.5 mm and 2 mm (55) 

respectively, and 𝑉 is assumed to be constant at about 10 mm s-1 (4). The effective force is 

then calculated using a force balance on the bacteria, assuming that the swim force directly 

counteracts the depletion force: 

𝐹𝑒𝑓𝑓 = 𝐹𝑠𝑤𝑖𝑚 −
𝜕𝑈𝑑𝑒𝑝(𝑟)

𝜕𝑟
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(Eq. 2.7) 

where 𝐹𝑒𝑓𝑓 is the effective force (in Newtons) and the depletion force is given by the negative 

first derivative of 𝑈𝑑𝑒𝑝(𝑟) with respect to 𝑟. To find the effective potential 𝑈𝑒𝑓𝑓, we integrate 

Eq. (2.5) with respect to 𝑟: 

𝑈𝑒𝑓𝑓 = { 

∞  𝑓𝑜𝑟 𝑟 ≤ 0

−𝐹𝑠𝑤𝑖𝑚𝑟 +  𝑈𝑑𝑒𝑝(𝑟) + 𝑈0   𝑓𝑜𝑟 0 < 𝑟 < 𝑟∗

0 𝑓𝑜𝑟 𝑟∗ ≥ 0

 

(Eq. 2.8) 

The integration constant, 𝑈0(𝐽), is defined as described previously (18). In a condition where 

two bacteria are swimming in the exact opposite direction, there is a separation distance 𝑟∗ 

where the effective force acting on each bacterium is zero. Beyond this range, the swim force 

overwhelms the depletion potential, and the effective potential on the bacteria is zero. 𝑈0 is 

defined such that 𝑈𝑒𝑓𝑓 is zero beyond 𝑟∗. 

 

In the dilute polymer concentration regime, we observed that the aggregation trends for both 

motile and nonmotile bacteria were qualitatively consistent with expectations based on the 

changes of the minima of their respective effective potentials (𝑈𝑒𝑓𝑓 (𝑟 = 0)) at each PEG 

concentration (Figure 2.3d). For nonmotile bacteria, the effective potential consists of only 

the depletion potential, which increases with polymer concentration. Our observations of the 

aggregation of nonmotile bacteria were qualitatively consistent with what is predicted from 

the depletion potential. In contrast, for motile bacteria, theoretical calculations suggest that 

swim force will exceed the depletion force at low polymer concentrations, resulting in no 

effective potential. Our experimental observations were consistent with these calculations; 

we saw no aggregation in motile bacteria at PEG 1 MDa concentrations less than 0.8 mg mL-

1. This effect is further illustrated by looking at the shape of the effective potentials for motile 

and nonmotile bacteria at 𝑐𝑃 = 0.4 mg mL-1 (Figure 2.3e). For nonmotile bacteria, the total 

depletion range spans about 120 nm from the bacteria surface, and at inter-bacterial contact, 

the depletion well is at its minimum at approximately -5kT. In contrast, theory suggests that 

the swim force of motile bacteria will completely dominate over the depletion potential, 

resulting in no net attractive potential. The predicted lack of net attractions between motile 
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bacteria is supported experimentally as we did not observe aggregation of motile bacteria 

at 𝑐𝑃 ≤ 0.4 mg mL-1; the depletion forces are simply not strong enough to compete with the 

swimming force of the motile bacteria to induce aggregation. 

 

 

 

 

[Figure on next page] Figure 2.3: Effective potentials describe aggregation of motile and nonmotile 

E. coli in the dilute concentration regime of PEG 1 MDa. (a) The volume-weighted average aggregate 

size (Vol Wt Avg Size, N) are plotted for both motile and nonmotile E. coli at cP = 0.4 mg mL-1 PEG. 

The box plots depict the 95% empirical bootstrap confidence intervals of the Vol Wt Avg Size 

calculated using the method described in the ‘‘Imaging analysis’’ section of the Methods of Ref. 1. 

The line bisecting the box is the 50th percentile; the upper and lower edges of the box are the 25th 

and 75th percentile, respectively; and the whiskers are the 2.5th and 97.5th percentiles. Data were 

compiled from at least three biological replicates. (b) A schematic of nonmotile bacteria (orange) in 

PEG (purple) solution at 0 min and at (c) 10 min. The PEG is excluded from the inter-bacterial volume 

inducing an effective potential (brown dotted line) due to depletion (pink arrows). (d) A schematic of 

motile bacteria (blue) in PEG (purple) solution at 0 min and at (e) 10 min. Although the PEG induces 

the same depletion potential (pink arrows) at a given concentration, the swim force (white arrows) 

from the bacterial motility decreases both the well depth and the range, reducing their effective 

potential (blue dotted line) and preventing aggregation in the dilute PEG concentration regime. (f) 

The effective potential at contact (𝑈𝑚𝑖𝑛/𝑘𝑇) is plotted for motile and nonmotile E. coli against PEG 

concentration (mg mL-1). The vertical black dotted lines at 𝑐𝑃  = 0.4 and 𝑐𝑃  = 1.6 mg mL-1 denote 

the potential minima taken from the complete potentials plotted in (g) and (h), respectively. (g) The 

full effective potential (𝑈𝑒𝑓𝑓/𝑘𝑇) is plotted against distance from the bacterial surface for both motile 

and nonmotile E. coli at cP = 0.4 mg mL-1 PEG. (h) The full effective potential (𝑈𝑒𝑓𝑓/𝑘𝑇) is plotted 

against distance from the bacterial surface for both motile and nonmotile E. coli at 𝑐𝑃  = 1.6 mg mL-

1 PEG. 
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At 𝑐𝑃 ≥  0.4 mg mL-1 and as the polymer concentration enters the semi-dilute regime, 

effective potentials are insufficient to explain the experimentally observed aggregation 

results. At 𝑐𝑃 = 1.6 mg mL-1 (overlap concentration), where both motile and nonmotile E. 

coli aggregate, the depletion potential is strong enough to induce attractions between motile 

bacteria (Figure 2.3f). Beyond the overlap concentration, in which the solution enters the 

semi-dilute regime, the magnitude of the effective potential minima continues to increase 

(Figure 2.3d). Based on these predictions, we expect to see greater aggregation of nonmotile 

bacteria in the semi-dilute regime. However, in our experiments, we observed that 

aggregation actually began to decrease for the nonmotile bacteria at PEG concentrations of 

40.8 mg mL-1 (Figure 2.2a). Because the theory did not match with our experimental 

observations at these short time scales, it suggests that effective potentials are insufficient to 

explain the observed aggregation behavior at PEG concentrations greater than 0.8 mg mL-1. 

We therefore proposed an alternate explanation for bacterial aggregation in the semi-dilute 

polymer concentration regime that relies on effective diffusivity. We test this hypothesis 

next. 

 

 

 

Figure 2.4: The mean-squared displacement (MSD) of E. coli in 1 MDa PEG solutions. (a) The MSD 

(μm2) of both motile (blue) and nonmotile (orange) E. coli are plotted against lag time t (s) in 𝑐𝑃  = 

0.4 mg mL-1 and (b) 𝑐𝑃  = 6.5 mg mL-1 PEG. 
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Reduction in bacterial diffusivity explains aggregation in the semi-dilute polymer 

concentration regime where effective potentials are insufficient 

We hypothesized that in the semi-dilute concentration regime, the higher solution viscosity 

limits Brownian motion more appreciably than it limits bacterial motility. If this were the 

case, one would expect a reduced collision frequency among nonmotile bacteria leading to 

reduced aggregation at short time scales in viscous environments. In contrast, because motile 

bacteria are able to swim in viscous environments (4), their rate of collision would remain 

high and they would aggregate at short time scales even in highly viscous environments. 

 

To test our hypothesis, we compared the displacement of both motile and nonmotile E. coli 

in the dilute concentration regime (𝑐𝑃  = 0.4 mg mL-1) and in the semi-dilute concentration 

regime (6.5 mg mL-1) by measuring their MSD (Figure 2.4a). The MSD (in μm2) is defined 

as 𝑀𝑆𝐷(𝜏) =  〈|𝒓(𝑡0 + 𝜏) − 𝒓(𝑡0)|2〉, where r (in μm) is a vector describing the position of 

the bacteria at a given time scale t (in s). At cP = 0.4 mg mL-1, where nonmotile bacteria 

aggregate but motile do not, displacement of both motile and nonmotile cells is high. At this 

PEG concentration, we had already established that the depletion force is strong enough to 

aggregate nonmotile bacteria but is not strong enough to overcome the swim force induced 

by the motile cells. Although motile cells are likely undergoing more collisions due to their 

motility, there are insufficient attractions to initiate aggregation. The displacement of the 

nonmotile bacteria at 𝑐𝑃  = 6.5 mg mL-1 was substantially lower than their displacement at 

𝑐𝑃  = 0.4 mg mL-1, supporting the assertion that their collision frequency, and therefore 

aggregation rate, was decreased. The displacement of motile bacteria at this PEG 

concentration was much larger than the nonmotile bacteria, confirming that the higher 

viscosity did not impede movement and therefore collisions (Figure 2.4b). The higher 

collision frequency of the motile bacteria, combined with the high depletion potential at the 

𝑐𝑃  = 6.5 mg mL-1 PEG concentration, resulted in aggregation of the motile bacteria (Figure 

2.2). These results suggest that the at short time scales, aggregation becomes kinetically 

limited and is controlled by collision frequency of bacteria and their aggregates. 
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Conclusions 

 

Bacterial aggregation often occurs in complex physiological environments such as the 

gastrointestinal tract or the lungs; in these settings it is important to understand the initial 

formation of aggregates before physiological factors such as peristalsis or swallowing play a 

role. Bacterial aggregation is thought to be the first step in colonization and biofilm 

formation; therefore, understanding the mechanism by which aggregates initially form could 

reveal important patterns in these processes. In this paper, we investigated how the interplay 

of swim forces that arise from motility and polymer-induced depletion forces influence 

bacterial aggregation. It has been reported previously that, at steady state, E. coli aggregate 

in the presence of non-adsorbing polymers, due to polymer-induced depletion forces (18). 

At steady state, an effective potential incorporating contributions from swim forces and 

depletion forces adequately describes the aggregation behavior of the system (18), wherein 

motility diminishes depletion-driven aggregation. Thus, polymers in greater quantities and/or 

sizes (i.e., a stronger depletion potential) are required for motile bacteria to aggregate 

compared with their nonmotile analogs. Here, we investigated the effect of bacterial motility 

on aggregation at short time scales (before the system reaches steady state). 

 

We found that, in contrast to what has been demonstrated at steady state, at short time scales, 

motility can actually enhance aggregation, resulting in the formation of aggregates that are 

larger than those formed by nonmotile bacteria under the same conditions. For polymer-

induced depletion forces to result in bacterial aggregation at short time scales, two conditions 

must be met: (i) sufficient inter-bacterial attractions, and (ii) sufficient inter-bacterial 

collisions. In the dilute polymer concentration regime, swimming competes with depletion 

to reduce the effective potential of a bacteria, resulting in less aggregation. Above the overlap 

concentration, motility allows the bacteria to overcome kinetic hindrances that may 

otherwise prevent aggregation at high viscosity environments, resulting in an increase in 

aggregation. 
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Future work should explore whether differences in motility impact aggregation of 

microbes and microbial physiology in more complex environments, e.g., in the 

gastrointestinal tract and the lungs. Beyond bacterial aggregation, this work may inform other 

studies of the behavior of active matter at early timescales. 
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Supplemental Information 

 

Supplemental experimental section. Viability of E. coli K12 after treatment with sodium 

azide was tested by plating cells onto lysogeny broth (LB) with 1.5% agar. Cells were 

prepared as described in the Experimental section, and were left to incubate at room 

temperature for 1 h before plating. Duplicate agar plates were incubated at 35 °C overnight 

and then colonies were counted. None of the cells in the azide-treated group survived, 

whereas the cells washed in motility buffer maintained viability.  

 

 

Figure 2.S1: Confirming the deactivation of Escherichia coli via plating. Escherichia coli washed (a) 

with sodium azide in motility buffer and (b) motility buffer (no sodium azide) which were then plated 

on LB and 1.5% agar.   
 

 

Aggregation of motile and nonmotile E. coli was measured in a serial dilution of 10 kDa and 

100 kDa PEG around their respective overlap concentrations. In 10 kDa PEG, neither motile 

nor nonmotile bacteria aggregated at the concentrations tested (𝑐𝑃/𝑐𝑃
∗= 1/32 to 4). A similar 

observation was made using PEG-coated particles instead of bacteria in a similar MW PEG 

solution in our previous publication (Preska Steinberg et al. 2019).   
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In the 100 kDa PEG solutions, nonmotile E. coli aggregated in a manner qualitatively 

consistent with polymer-driven depletion aggregation, as reported with PEG-coated particles 

tested with the same MW PEG in the same concentration range (𝑐𝑃/𝑐𝑃
∗= = 1/32 to 4). The 

nonmotile bacteria aggregation measured in the 100 kDa PEG is similar but smaller in 

magnitude compared to the aggregation measured in the 1 MDa PEG, indicative of the 

smaller depletion potential exerted from the smaller MW PEG. Minimal aggregation was 

measured for the motile E. coli in 100 kDa PEG, suggesting that at this MW and 

concentration range, the swim force is strong enough to overcome the depletion potential.    

 

 
Figure 2.S2: A comparison of the aggregation of motile and nonmotile E. coli K12 in a range of 

concentrations of 10 kDa and 100 kDa PEG. Volume-weighted average aggregate sizes (Vol Wt Avg 

Size) of nonmotile and motile E. coli K12 for serial dilutions of (a) 10 kDa PEG and (b) 100 kDa 

PEG. Aggregate sizes were measured 10 min after cells were mixed with PEG using a cell 

concentration of 109 cells/mL. Volume-weighted average sizes in terms of bacteria per aggregate (N) 

are plotted against polymer mass concentration (𝑐𝑃) normalized by overlap concentration (𝑐𝑃
∗ ). 

Overlap concentration was estimated to be 85 mg/mL for 10 kDa PEG and 8.5 mg/mL for 100 kDa 

PEG. Vertical error bars are 95% empirical bootstrap confidence intervals using the bootstrapping 

protocol described in the “Imaging Analysis” section of the Methods in Ref.1 Data for the 10 kDa 

PEG concentration were compiled from one biological replicate and data for the 100 kDa PEG 

concentration were compiled from two biological replicates (where each replicate is a separate 

bacterial culture). For each concentration of PEG, each replicate was obtained from one z-stack that 

was comprised of at least 120 slices.   
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Figure 2.S3: Aggregation of nonmotile E. coli without azide treatment. A comparison of the 

aggregation of E. coli ORN225 (1) grown until stationary phase at a range of concentrations of 1 

MDa PEG. Volume-weighted average aggregate sizes (Vol Wt Avg Size) of E. coli ORN225 for 

serial dilutions of 1 MDa PEG using a bacteria concentration of 1 × 109 𝐶𝐹𝑈/𝑚𝐿. Aggregate sizes 

were measured 10 min after cells were mixed with PEG. Volume-weighted average sizes in terms of 

bacteria per aggregate (𝑁) are plotted against polymer concentration normalized by overlap 

concentration (𝑐𝑃/𝑐𝑃
∗) in mg/mL. Vertical error bars are 95% empirical bootstrap confidence intervals 

using the bootstrapping protocol described in [Imaging Analysis] in Methods of Supplemental Ref 

(2). Data for each PEG concentration was compiled from one biological replicate in these experiments 

(where a replicate is a new bacterial culture). For each concentration of PEG, each replicate was 

obtained from one z-stack that was comprised of about 135 slices. 
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Abstract 

 

Early detection of SARS-CoV-2 infection is critical to reduce asymptomatic and 

presymptomatic transmission, curb the spread of variants, and maximize treatment efficacy. 

Low-analytical-sensitivity nasal-swab testing is commonly used for surveillance and 

symptomatic testing, but the ability of these tests to detect the earliest stages of infection has 

not been established. In this study, conducted between September 2020 and June 2021 in the 

greater Los Angeles County, California, area, initially SARS-CoV-2 negative household 

contacts of individuals diagnosed with COVID-19 prospectively self-collected paired 

anterior-nares nasal-swab and saliva samples twice daily for viral-load quantification by 

high-sensitivity reverse-transcription quantitative PCR (RT-qPCR) and digital-RT-PCR 

assays. We captured viral-load profiles from the incidence of infection for seven individuals 

and compared diagnostic sensitivities between respiratory sites. Among unvaccinated 

persons, testing saliva with a high-analytical-sensitivity assay detected infection up to 4.5 

days before viral loads in nasal swabs reached concentrations detectable by low-analytical-

sensitivity nasal-swab tests. For most participants, nasal swabs reached higher peak viral 

loads than saliva but were undetectable or at lower loads during the first few days of 

infection. High-analytical-sensitivity saliva testing was most reliable for earliest detection. 

Our study illustrates the value of acquiring early (within hours after a negative high-

sensitivity test) viral-load profiles to guide the appropriate analytical sensitivity and 

respiratory site for detecting earliest infections. Such data are challenging to acquire but 

critical to designing optimal testing strategies with emerging variants in the current pandemic 

and to respond to future viral pandemics. 

 

Introduction 

 

Early detection of SARS-CoV-2 infection is needed to reduce asymptomatic and 

presymptomatic transmission, including the introduction and spread of new viral variants. 

More than half of transmission events occur from presymptomatic or asymptomatic persons 

(1). Early detection enables individuals to isolate sooner, reducing transmission within 

households and local communities and to vulnerable populations. Rapid antigen or molecular 
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tests performed on nasal swabs are common for both SARS-CoV-2 screening and 

symptomatic testing (2) but can have low analytical sensitivity compared with lab-based 

molecular tests. As new variants of concern emerge with increased transmissibility (3–5), 

high viral loads (4, 6), and breakthrough infections (7), these testing strategies (analytical 

sensitivity and sample type) need to be assessed and adjusted to ensure detection of early 

infection. It is still unclear which testing strategy can detect SARS-CoV-2 infection at the 

earliest stages. Does one need a high-sensitivity test, or would a test with low analytical 

sensitivity suffice? Which sample site contains detectable virus first? 

 

Tests with high analytical sensitivity can detect low levels of molecular components of the 

virus (e.g., RNA or proteins) in a sample. Analytical sensitivity is described by the limit of 

detection (LOD) of a test (defined as the lowest concentration of the viral molecules that 

produces 95% or better probability of detection). LOD of SARS-CoV-2 diagnostic tests are 

described in various units; the most directly comparable among tests are units that report the 

number of viruses (viral particles) or viral RNA copies per milliliter of sample. Viral RNA 

copies/mL are roughly equivalent to genome copy equivalents/mL (GCE/mL) or nucleic-

acid detectable units/mL (NDU/mL). These LOD values are tabulated by the U.S. Food and 

Drug Administration (FDA) and vary by ≥5 orders of magnitude between tests (8). Tests 

with high analytical sensitivity have LOD values equivalent to ∼102 to 103 copies/mL of 

sample, whereas tests with low analytical sensitivity have LOD values equivalent to ∼105 to 

107 copies/mL (9–12). Importantly, test types (e.g., reverse transcription-quantitative PCR 

[RT-qPCR], antigen) are often incorrectly equated with a certain analytical sensitivity, 

despite an FDA analysis (8) demonstrating that the sensitivity of different RT-qPCR tests 

ranges from highly sensitive (e.g., LOD of 180 NDU/mL for PerkinElmer and 450 NDU/mL 

for Zymo Research) to substantially less sensitive (e.g., LOD of 180,000 NDU/mL for 

TaqPath COVID-19 combo kit and 540,000 NDU/mL for Lyra Direct SARS-CoV-2 assay). 

The low end of this range (corresponding to the higher LOD values) overlaps with the range 

of low-analytical-sensitivity rapid isothermal nucleic acid tests (e.g., LOD of 180,000 

NDU/mL for Atila BioSystems and 300,000 NDU/mL for Abbott ID NOW tests) and 

approaches the analytical sensitivity range of antigen tests (9, 10). To choose the appropriate 
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test for reliable early detection, one needs to measure viral loads present in samples 

collected early in the course of infection (13) and then choose a test with an LOD below that 

viral load. Initial data by us (14) and others (15, 16) show that, at least in some humans, 

SARS-CoV-2 viral load can be low (in the range of 103 to 105 copies per mL of saliva 

sample) early in infection; therefore, only tests with high analytical sensitivity would reliably 

detect virus in saliva. 

 

Sampling site or specimen type may also be critical to early detection. Other respiratory 

viruses have been shown to have detection rates that vary by sampling site (17), which have 

occasionally been linked to viral tropism. For example, the cellular receptor for entry of 

Middle East respiratory syndrome coronavirus (MERS-CoV) is expressed nearly exclusively 

in the lower respiratory tract, prompting recommendations for diagnostic testing of specific 

sample types (bronchoalveolar lavage fluid, sputum, and tracheal aspirates) (18). A previous 

study on SARS-CoV found high levels of viral RNA in saliva and throat-wash early in the 

infection course (before the development of lung lesions), suggesting saliva as a promising 

sample type for early detection (19). Although nasopharyngeal (NP) swab is often considered 

the gold standard for SARS-CoV-2 detection, it requires collection by a health care worker 

and is not well tolerated. Furthermore, the performance of NP swabs for early detection of 

current SARS-CoV-2 variants is unknown. Sample types such as anterior-nares or mid-

turbinate nasal swabs (20–23) and saliva (24–27) are more practical, especially for repeated 

sampling in screening. 

 

To understand the required test sensitivity and the optimal sample type for earliest SARS-

CoV-2 detection, we designed a case-ascertained study of household transmission with high-

frequency sampling of both saliva and anterior-nares nasal swabs. Building on our earlier 

work (14), we enrolled individuals ages 6 years and older who had recently tested positive 

(household index case) and their exposed household contacts at risk of infection. Negative 

samples preceding the first positive result are needed to confirm that a participant is within 

the first days of detectable SARS-CoV-2 RNA. All participants self-collected saliva and 

anterior-nares nasal swabs twice daily, in the morning upon waking and before bed. 
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Importantly, all samples were immediately placed in a guanidinium-based inactivating and 

RNA-stabilizing solution (see Materials and Methods) Samples were screened for SARS-

CoV-2 N1 and N2 gene positivity using a high-sensitivity assay. When a transmission event 

was observed (a previously SARS-CoV-2-negative participant tested positive in at least one 

sample type), we quantified viral loads in all samples prospectively collected from that 

participant for at least 2 weeks from their first positive result. Quantification was performed 

via quantitative reverse-transcription PCR (RT-qPCR), with a subset of measurements 

validated by reverse-transcription droplet digital PCR (RT-ddPCR), capturing the early and 

full course of acute SARS-CoV-2 infection with high sensitivity. 

 

Materials and Methods 

 

Refer to the supplemental material for detailed methods. 

 

Questionnaires and sample collection 

Acquisition of participant data was performed as described previously (14). Symptoms 

(including those listed by the Centers for Disease Control and Prevention [CDC]) were 

reported by participants twice daily at the time of sample collection (28). 

 

Participants self-collected nasal-swab and saliva samples in the Spectrum SDNA-1000 

Saliva Collection Kit (Spectrum Solutions LLC, Draper, UT, USA), which contains 1.5 mL 

of liquid buffer, at home twice per day (after waking up and before going to bed), per the 

manufacturer’s guidelines. A parent or legal guardian assisted all minors with collection and 

were instructed to wear a face covering during supervision. 

 

Samples were stored at 4°C and equilibrated to room temperature before being processed 

with extraction protocols. 

 

RNA extraction and nucleic acid quantification 

Participant saliva and anterior-nares swab samples were extracted using the KingFisher Flex 
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96 instrument (Thermo Fisher Scientific) with the MagMax Viral Pathogen I Nucleic Acid 

Isolation Kit (catalog [cat.] no. A42352; Applied Biosystems, Waltham, MA, USA) guided 

by Thermo Fisher technical notes for SARS-CoV-2 modification and saliva. 

 

RT-qPCR was performed as previously described (14) using the CDC 2019-novel 

coronavirus (2019-nCoV) real-time RT-PCR diagnostic panel (29), with duplicate reactions. 

See the supplemental material methods for establishing the extraction to RT-qPCR assay 

workflow LOD of 1,000 copies/mL (Figures 3.S1A and B in the supplemental material). 

 

 

 

 

 

Figure 3.1: SARS-CoV-2 viral-load quantification measured with RT-ddPCR and RT-qPCR. (A) 

Calibration curves were prepared with contrived saliva and nasal-swab samples. The theoretical 

SARS-CoV-2 concentration was calculated from a dilution series of contrived samples that were 

prepared using commercial, inactivated SARS-CoV-2 and commercially available SARS-CoV-2-

negative saliva (black circles) or nasal fluid (green triangles) and run with the CDC SARS-CoV-2 

RT-qPCR assay. Detailed calibration curves are shown in Figure 3.S2. (B) Participant nasal-swab or 

(C) saliva samples positive for SARS-CoV-2 RNA at a range of viral loads were selected. SARS-

CoV-2 N1 concentrations (copies/mL) by detection method of RT-ddPCR (gold triangles in panel B, 

gold circles in panel C) and RT-qPCR (green triangles in panel B, black circles in panel C) are plotted 

against the geometric mean of RT-qPCR and RT-ddPCR viral-load concentrations (the square root 

of the product of the two viral-load measurements). A total of 42 nasal-swab and 63 saliva samples 

from study participants were quantified with both methods. The gray line represents x = y. See the 

supplemental material methods for details of contrived samples, calibration curves, and calculations. 
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For samples defined as positive by assay guidelines from the CDC (29), viral load was 

quantified by conversion of the mean quantification cycle (Cq) of duplicate RT-qPCRs using 

the equations obtained from calibration curves of contrived samples—healthy human saliva 

or nasal fluid spiked with heat-inactivated SARS-CoV-2 particles. See the supplemental 

material methods for additional details. 

 

Quantification was also performed by reverse-transcription droplet digital PCR (RT-ddPCR) 

on both the calibration curve samples (Figures 3.1, Figures 3.S2) and participant samples 

(Figure 3.1) using the Bio-Rad SARS-CoV-2 droplet digital PCR kit (cat. no. 12013743; 

Bio-Rad). Droplets were created using the QX200 Droplet Generator (cat. no. 1864002; Bio-

Rad); thermocycling was performed on a Bio-Rad C1000 and detected using the QX200 

droplet digital PCR system (cat. no. 1864001; Bio-Rad). Samples were analyzed with 

QuantaSoft analysis Pro 1.0.595 software following Bio-Rad’s research-use only (RUO) 

SARS-CoV-2 guidelines (30). 

 

Viral sequencing 

Saliva and nasal-swab samples with an N1 gene Cq of below 26 were sent to Chan 

Zuckerberg Biohub for SARS-CoV-2 viral genome sequencing, a modification of Deng et 

al. (31) as described in Gorzynski et al. (32). Sequences were assigned pangolin lineages 

described by Rambaut et al. (33) using Phylogenetic Assignment of Named Global outbreak 

LINeages software 2.3.2 (github.com/cov-lineages/pangolin). Chan Zuckerberg Biohub 

submitted the resulting genomes to GISAID. 

 

Data availability 

Data are available on CaltechDATA at https://data.caltech.edu/records/1942. 

 

Results 

 

We first established and validated two independent quantitative assays to measure SARS-

CoV-2 viral load, an RT-qPCR based on the assay put forth by the U.S. Centers for Disease 

http://github.com/cov-lineages/pangolin
https://data.caltech.edu/records/1942
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Control and Prevention (CDC) (29) and an RT-ddPCR assay developed by Bio-Rad (30). 

Both of these assays received an emergency use authorization (EUA) for qualitative, but not 

quantitative, detection of SARS-CoV-2. We optimized the extraction and each quantitative 

assay protocol (see supplemental material methods) to obtain more reliable quantification of 

SARS-CoV-2 viral load. The LOD of the modified assay was determined to be 1,000 

copies/mL or better by following FDA guidelines (see Materials and Methods; Figure 3.S1). 

Commercial, heat-inactivated SARS-CoV-2 virus was used to establish calibration curves to 

convert RT-qPCR quantification cycle values (Cq) to viral load (Figure 3.1A; full details in 

Figure 3.S2 and supplemental material methods). The linearity of these calibration curves 

was assessed with 43 participant nasal-swab (Figure 3.1B) and 63 participant saliva samples 

(Figure 3.1C) across a wide dynamic range of viral loads. 

 

 

 

 

[Figure on next page] Figure 3.2: Symptoms and SARS-CoV-2 viral loads in paired saliva and nasal-

swab samples of seven participants who became SARS-CoV-2 positive during study participation. 

(A to G) Self-reported twice-daily symptom data over the course of enrollment are shown as the top 

panel for each of the participants (see color-coded legend for symptom categories). Details of 

symptoms are included in the raw data files. Demographic data including any reported medical 

conditions are included in Table S1. Viral loads are reported for the N1 and N2 genes of SARS-CoV-

2 for both saliva (black and gray circles) and nasal-swab samples (dark-green and light-green 

triangles); ND, not detected for Cqs of ≥40. Samples with an indeterminate result by the CDC RT-

qPCR assay are shown along the horizontal black dashed line (see Materials and Methods for details). 

The limit of detection (LOD) of the assay used for high-analytical-sensitivity measurements is shown 

with a horizontal gray dashed line. The inferred low-analytical-sensitivity threshold 

(1.0 × 105 copies/mL) is indicated by the horizontal green dashed line; the low-analytical-sensitivity 

range (horizontal green bar) is shown. A diagnostic test does not provide reliable detection for 

samples with viral loads below its LOD. For each participant, the first detected saliva point is 

emphasized with a pink circle (high analytical sensitivity), and the first nasal-swab point with a viral-

load concentration at or above 1.0 × 105 copies/mL (low-analytical-sensitivity threshold) is 

emphasized with a pink triangle. Vertical shading in gray indicates nighttime (8 pm to 8 am). Internal 

controls of RNase P gene Cqs from the CDC primer set are provided for each sample to compare self-

sampling consistency and sample integrity (failed samples, where RNase P Cq is ≥40, are not plotted). 

Participant sex, age range, and SARS-CoV-2 variant are given in each panel’s title. Two regions of 

interest (ROI) are indicated by purple-shaded rectangles and discussed in the main text. 
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Next, to quantify the viral load at the earliest stage of infection, we analyzed the viral loads 

in the saliva and nasal swabs of participants who were negative in both sample types upon 

enrollment and became positive during their participation in the study (Figure 3.2). We 

extended each participant’s enrollment in our study to acquire 14 days of paired saliva and 

nasal-swab samples starting from the first positive sample. The data in Figure 3.2 report the 

viral-load concentrations as measured on the day of extraction. All samples were stored at 

4°C before extraction; time of storage varied between 0 and 27 days. The stability of SARS-

CoV-2 RNA and impact on our conclusions is discussed in the supplemental material 

methods, Figure 3.S3, and Figure 3.S4. 

 

Here, we report complete viral-load curves in saliva and anterior-nares nasal swabs from 

seven individuals (Figure 3.2). Each participant tested negative (ND, not detected; Figure 

3.2) in both saliva and nasal swabs upon study enrollment, demonstrating that we captured 

the earliest days of infection. RNase P Cq values remained consistent throughout the 

collection period for saliva and swabs for most participants (Figure 3.2A, B, D, F, and G), 

indicating that observed changes in viral loads were likely not a sampling artifact but 

reflected the underlying biology of the infection. Because nasal swabs are commonly used 

with tests of low analytical sensitivity, and because such tests are proposed to be utilized for 

SARS-CoV-2 serial screening testing (34, 35), we wanted to compare whether low-

analytical-sensitivity testing with nasal swabs could provide equivalent performance to high-

analytical-sensitivity testing with saliva (26, 36, 37). We did not run any tests with low 

analytical sensitivity; our quantitative viral-load measurements were used to infer the 

performance of a test with an LOD representing low analytical sensitivity. When viral loads 

in nasal swabs crossed a threshold of 1.0 × 105 copies/mL, entering the low-analytical-

sensitivity range, shown as the inferred low-analytical-sensitivity threshold (Figure 3.2), we 

marked the sample with a pink triangle. 

 

In six out of seven participants, high-analytical-sensitivity saliva testing would have been 

superior for early detection of SARS-CoV-2 infection compared with the predicted 

performance of nasal-swab tests with low analytical sensitivity. This prediction was made by 
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evaluating when nasal-swab viral loads entered the LOD range of nasal-swab tests with 

low analytical sensitivity. In the seventh participant, the first positive high-analytical-

sensitivity saliva test was detected at the same time point that the first nasal-swab test reached 

a viral load likely to be detected by a low-analytical-sensitivity nasal-swab test (Figure 3.2D). 

In the first participant (Figure 3.2A), detection occurred first in saliva at low viral load 

(1.3 × 103 copies/mL N1 gene, pink circle), while the nasal swab remained negative, and 

days before the participant reported any symptoms. As measured, viral load in nasal-swab 

samples reached the level of LOD of low-analytical-sensitivity tests 1.0 days after the first 

saliva positive samples (pink triangle). This same pattern of earlier detection in high-

sensitivity saliva was observed in five of the other six participants; high-sensitivity saliva 

was 2.5 days earlier (Figure 3.2B), 3.0 days earlier (Figure 3.2C), 6.0 days earlier (Figure 

3.2E), 4.5 days earlier (Figure 3.2F), and 2.5 days earlier (Figure 3.2G). The maximum delay 

in detection between saliva and nasal swab in an unvaccinated person was observed in the 

youngest participant in our study (see region of interest [ROI] no. 1 of Figure 3.2F). This 

participant had detectable but low viral load (103 to 104) in saliva for 4 days, while nasal 

swabs remained negative by high-sensitivity measurements. Nasal viral loads spiked above 

1010 copies/mL while the participant’s only symptoms were mild congestion/runny nose. 

 

Even with high-analytical-sensitivity nasal-swab testing, only one participant tested positive 

in nasal swab before saliva (Figure 3.2D). In this participant, SARS-CoV-2 RNA was 

detectable with a high-analytical-sensitivity nasal swab 1 day before it was detectable in a 

high-analytical-sensitivity saliva test. Nasal swabs reached the detection range of low-

analytical-sensitivity tests (pink triangle) on the same day as the first saliva sample was 

detected by high-analytical sensitivity testing (pink circle). For all seven participants, high-

analytical-sensitivity saliva testing would have detected SARS-CoV-2 RNA either the same 

day or up to 6 days before viral loads in nasal swab reached the detection limits of low-

sensitivity nasal-swab tests. 

 

Two participants (Figure 3.2C and E) had low viral load in both saliva and nasal swabs. Their 

viral-load measurements were near the LOD of our assay, and therefore, as expected, many 
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samples from these participants had indeterminate results. One participant (Figure 3.2E) 

had received one dose of the Pfizer-BioNTech COVID-19 vaccine (38) 13 days prior to her 

first sample, though observations here are not powered to make conclusions about viral load 

due to vaccination. 

 

Remarkably (see ROI no. 2 in Figure 3.2G), in one participant, saliva viral load spiked to 

3.7 × 108 viral copies/mL (N1 gene target) while SARS-CoV-2 RNA remained undetectable 

in nasal swab, even by the high-analytical-sensitivity assay used here. 

 

Compiled data from all seven participants highlight the importance of the interplay among 

anatomical sampling site, infection stage, and diagnostic test sensitivity (Figure 3.3). 

Participant results were aligned to the first positive result from either sample type (day 0). If 

a saliva or nasal-swab sample had a SARS-CoV-2 viral load above 1.0 × 105 copies/mL, 

entering the low-analytical-sensitivity range (39), we inferred that a low-analytical-

sensitivity test would have correctly determined that sample to be positive. The percentage 

of participants with either observed or inferred positive results at each time point (0.5-day 

intervals) from the first positive sample revealed that high-analytical-sensitivity saliva testing 

outperformed low-analytical-sensitivity nasal-swab testing for the first 5.5 days of detectable 

infection (Figure 3.3A) and high-analytical-sensitivity nasal-swab testing during the first 

4 days (Figure 3.3A). Analytical sensitivity affects the overall test performance in each 

sample type. Based on early viral loads in saliva, we inferred that low-sensitivity saliva 

testing was outperformed by high-sensitivity saliva and both high- and low-sensitivity nasal-

swab testing (Figure 3.3A). 

 

Next, we plotted paired viral loads in each respiratory site starting from the first positive test 

(Figure 3.3B). From day 0 to day 6, using high-sensitivity testing for both sample types, 

saliva was more frequently positive than nasal swabs (Figure 3.3B). Comparison of paired 

samples between day 6 and day 12 for both sample types showed highly concordant 

detection. In a later time interval, between days 12 and 16, nasal swabs were more frequently 

positive than saliva (Figure 3.3B). The median of peak viral loads was higher in nasal swabs 
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than saliva (Figure 3.3C), consistent with the literature (21, 23, 40). 

 

Many testing strategies and decisions are based on the presence or absence of symptoms 

(2, 41). We considered the positivity rate of high- or low-analytical-sensitivity testing 

methods with each sample type during the first ten days of test-positive infection (to capture 

the presymptomatic and symptomatic phases of infection for this cohort, not the 

postsymptomatic phase), separating them into categories of no symptoms or symptomatic if 

the participant reported at least one COVID-19-like symptom (Figure 3.3D). For samples 

collected while participants were asymptomatic, high-sensitivity saliva testing was more 

effective (74% positivity) than high- (52%) or low-sensitivity (39%) nasal-swab testing and 

low-sensitivity saliva testing (20%). In contrast, during symptomatic phases, which are often 

concurrent with peak nasal viral loads (Figure 3.2), high-sensitivity saliva (88%) and high-

sensitivity nasal-swab testing (89%) have similar positivity rates (Figure 3.3D). Additionally, 

based on our measured viral loads, low-sensitivity nasal-swab testing is predicted to perform 

better in symptomatic cohorts (81%) than in asymptomatic persons (39%), consistent with 

how these tests were originally authorized. 

 

These data reveal a more nuanced view than “saliva is better than swab”. Using tests with 

high analytical sensitivity, SARS-CoV-2 RNA is more detectable in saliva than nasal swab 

during the early phase of the infection (Figure 3.3B). However, because viral loads in saliva 

generally remained lower than those in nasal swabs (Figure 3.3C), we infer that positivity by 

a low-analytical-sensitivity saliva test would be outperformed by both high- and low-

analytical-sensitivity nasal-swab testing (Figure 3.3A), independent of symptom status 

(Figure 3.3D). It was the combination of test analytical sensitivity along with sample type 

that determined the overall test performance. 
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[Figure on previous page] Figure 3.3: Summary of diagnostic insights from study participants who 

became infected with SARS-CoV-2 while enrolled in the study. (A) Participant infection time courses 

were aligned to the first high-sensitivity (LOD of ≤1 × 103 copies/mL) positive result from either 

saliva or nasal-swab sample type (day 0), and the percentage of positive tests was calculated for each 

time point (0.5-day intervals) from the first positive sample. The predicted performance of nasal 

swabs or saliva with low analytical sensitivity was determined using the SARS-CoV-2 N1 viral-load 

values for each participant shown in Figure 3.2, above a viral-load threshold of 1.0 × 105 copies/mL, 

entering the low-analytical-sensitivity range. We show the percentage of participants who were 

detected by our high-analytical-sensitivity saliva test (pink circle), high-analytical-sensitivity nasal-

swab test (black triangle), or that could be inferred to be detectable by a low-analytical-sensitivity test 

nasal-swab (pink triangle) or saliva test (black circle) at a given time point. (B) Quantitative SARS-

CoV-2 N1 viral loads of paired samples collected during time windows of the infection (aligned to 

first positive result by high-sensitivity testing of either sample type) are shown for saliva (gray circles) 

and nasal swabs (green triangles). Paired samples for a given time point are connected with gray lines, 

with emphasis on paired samples where only saliva (black connecting line) or nasal swab (green 

connecting line) was positive. ND, not detected; Ind, indeterminate result. (C) Peak SARS-CoV-

2 N1 viral loads measured in saliva (gray circles) and nasal swab (green triangles) for each of the 

seven participants are shown. Horizontal black line indicates the median. (D) Percentage of positive 

samples (out of all samples of that type and symptom status) are shown for the first ten days of 

detectable infection for each participant. Saliva (gray bars with circles) and nasal swab (green bars 

with triangles) are shown. Positivity by a high-analytical-sensitivity test was observed by our assay, 

while positivity by a low-analytical-sensitivity test was inferred if the sample had a viral load above 

1.0 × 105 copies/mL. The symptom status was classified as symptomatic if the participant reported 

one or more COVID-19-like symptoms at the time of sample collection. Details of the data analysis 

are included in the supplemental material methods. 

 

 

 

Discussion 

 

Limitations 

Our study needs to be interpreted in the context of its limitations. First, our results capture 

viral-load dynamics from a limited number of individuals from one region of one country 

with limited SARS-CoV-2 diversity. Follow-up studies with a larger sample size, including 

individuals of diverse ages, genetic backgrounds, medical conditions, COVID-19 severity, 

and SARS-CoV-2 lineages would be ideal to provide a more nuanced and representative 

understanding of viral dynamics in saliva and nasal-swab samples. Second, the commercial 

inactivating buffer used here (Spectrum SDNA-1000) is not authorized (at the time of this 

writing) for the sample collection of nasal swabs. The solution in the Spectrum SDNA-1000 

kits is a guanidinium-based inactivating and stabilizing buffer that preserves viral RNA but 
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eliminated the opportunity to also perform viral culture. Third, we have paired data for 

saliva and anterior-nares nasal swabs but do not compare nasopharyngeal (NP) swabs, 

sputum, or other lower-respiratory specimens. We do not know whether other sampling sites, 

such as NP swabs or oropharyngeal swabs, would have provided earlier or later detection 

than saliva. Fourth, we are inferring the ability of tests with low analytical sensitivity to detect 

infections based on the quantified viral load in the participant samples and the LODs reported 

by the FDA for the diagnostic platforms. Fifth, some degradation may have occurred in some 

samples (see supplemental material for a complete analysis of RNA stability). Sixth, all 

samples were self-collected, which may result in lower-quality specimens. 

 

Conclusions 

By rapidly enrolling household members at high risk for contracting COVID-19 and having 

them self-sample twice daily in paired respiratory sites, we observed patterns in SARS-CoV-

2 viral load in the earliest days of infection. All seven participants tested negative in saliva 

and nasal swabs upon enrollment, demonstrating that we captured the earliest detectable 

SARS-CoV-2 viral load (within 12 h) in both sample types. Our data set helps inform 

diagnostic testing strategies by showing differences in viral loads in paired nasal swabs and 

saliva samples at high temporal resolution during the early days and presymptomatic phases 

of infection. 

 

We made five conclusions from our study. 

 

First, choosing the correct respiratory sampling site is critical for earliest detection of SARS-

CoV-2 infection. In our study, alignment of longitudinal data to the first day of positivity 

clearly shows the superiority of high-sensitivity saliva testing for detection in the first 

5.5 days of infection (Figure 3.3A). Given our data, early infection viral-load dynamics in 

multiple sampling sites should be investigated and compared with saliva as new SARS-CoV-

2 variants emerge. 

 

Second, our data explain the conflicting results in the literature comparing test performance 
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in paired respiratory sites, with some studies showing that nasal swabs outperform saliva 

(21, 23, 40) and others showing that saliva (or oral fluid) has detection equivalent to or better 

than that of nasal swabs (16, 25, 42–50). Through longitudinal rather than cross-sectional 

sampling, we show that the relative viral loads in each respiratory site are a factor of infection 

stage (shown in time intervals in Figure 3.3B), and the kinetics of viral load may be quite 

distinct in each sample type for an individual (Figure 3.2). Most studies examining paired 

sample types enrolled participants after a positive test or symptom onset; as our data show, 

detectable viral loads precede symptoms, in most cases (5 of 7 participants) by several days 

(Figure 3.2). 

 

Third, peak viral load measured in nasal swabs (Figure 3.3C) is not representative of 

detectable viral load in the earliest days of infection (Figure 3.3A) or during the 

presymptomatic phase (Figure 3.3D). Early in an infection, it is inappropriate to assume that 

a person is “not infectious” or “has low viral load” based on a measurement from a single 

sample type, such as a nasal swab, given that saliva is known to carry infectious virus (51). 

In our study, we observed a participant with very high (>107 to 108 copies/mL) viral load in 

saliva samples while the paired nasal swab was either negative (Figure 3.2G, ROI no. 2) or 

had low (∼103 copies/mL) viral load (Figure 3.2G, day after ROI no. 2). Quantitative SARS-

CoV-2 culture from paired saliva and swab samples is still needed to understand 

infectiousness during the early stages of SARS-CoV-2 infection. 

 

Fourth, using a diagnostic test with high analytical sensitivity (Figure 3.3D), rather than a 

test of a particular detection method (RT-qPCR, antigen, next-generation sequencing, etc.), 

is essential to early detection. With many strategies for asymptomatic screening/surveillance 

testing in use, it is critically important to consider whether the LODs of the tests would be 

able to detect early infection and to prompt actions that minimize transmission. 

 

Fifth, our data show the utility of combining knowledge of the appropriate respiratory site 

and the appropriate test analytical sensitivity for achieving earliest detection. Among our 

unvaccinated participants, when a high-sensitivity test was combined with saliva as a sample 
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type, SARS-CoV-2 infection was detected up to 4.5 days before viral loads in nasal swabs 

reached the LODs of low-analytical-sensitivity tests (Figure 3.2F). Although high-sensitivity 

saliva testing was usually able to detect virus earlier than nasal swabs (Figure 3.3A), during 

the peak of the infection viral loads in nasal swabs were usually higher than in saliva (Figure 

3.3C). Furthermore, SARS-CoV-2 was detected in saliva with high-sensitivity methods, and 

the viral loads were low (Figure 3.2, 3.3A and D); low-sensitivity saliva tests would likely 

not have been able to detect these infections early. These observations support the preferred 

use of nasal swabs in environments where only low-sensitivity testing is available, although 

the performance of such testing for early detection is poor (Figure 3.3D). These observations 

also show that the optimal respiratory sampling site is nuanced and depends on the phase of 

the infection being detected (early versus peak) and on the analytical sensitivity of the test 

being used with each sample type. 

 

Our work suggests four steps to improve the effectiveness of diagnostic tests in early 

detection and preventing transmission of SARS-CoV-2 as new variants emerge and as 

infections spread to additional segments of the global population. (i) Additional longitudinal 

studies are needed that include high-frequency collection from multiple respiratory sites 

using quantitative assays with high analytical sensitivity. (ii) Policy makers need to use such 

quantitative data to revise and optimize screening testing guidelines to ensure early detection 

of SARS-CoV-2 infections and reduction of transmission. (iii) Innovation is needed to 

produce rapid point-of-care tests with high analytical sensitivity for a range of sample types 

(including saliva) at a price point to enable global distribution. (iv) Quantitative studies of 

the kinetics of early stage viral loads in each respiratory site (collected in parallel with viral 

culture data) must be updated with the emergence of new SARS-CoV-2 variants. 

 

We hope our data, important work by others in this area (15, 16, 51, 52), and future 

quantitative studies of early viral-load kinetics will lead to improved testing strategies to 

combat the current COVID-19 pandemic. The methodology for performing such studies 

efficiently and quickly will likely be extendable to defining strategies for early detection of 

causative pathogens in subsequent pandemics. 
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Supplementary Information 

 

 

 

Figure 3.S1: Limit of detection of saliva and nasal-swab RT-qPCR assays used in this study. RT-

qPCR quantification cycle (Cq) for SARS-CoV-2 N1 gene (blue circle), N2 gene (purple circle), and 

human RNase P gene (orange circle) in 20 replicates of pooled matrix spiked with 1000 copies/mL 

(cp/mL) heat-inactivated SARS-CoV-2 RNA and three replicates of pooled matrix spiked with a 

buffer blank for saliva (A) and nasal-swab (B) samples. Duplicate RT-qPCR reactions were 

performed for each extraction replicate and the averages are shown, with the following three 

exceptions: replicate 9 (saliva), in which the N1 gene only amplified in one of the duplicate runs (N2 

in this run was positive, so per CDC EUA guidelines1 this run was interpreted as inconclusive), 

replicate 10 (nasal swab) in which the N2 gene only amplified in one of the duplicate runs (N1 in this 

run was positive, so this run was interpreted as inconclusive), and replicate 18 (nasal swab) in which 

the N1 gene only amplified in one of the duplicate runs (N2 in this run was positive, so this run was 

also interpreted as inconclusive). None of the samples spiked at 1000 copies/mL gave a negative 

detection result. 
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[Figure on previous page] Figure 3.S2: Calibration curve of SARS-CoV-2 inactivated particles to 

establish viral-load conversion equations. Linear regression of RT-qPCR quantification cycle (Cq) 

for N1 (red circle) and N2 (blue circles) genes at known concentrations of inactivated SARS-CoV-2 

particles for saliva (A) or nasal swab (B) using this study’s collection and laboratory workflows. 

Triplicate replicates per concentration were performed. Linear regression for N1 represented by red 

line and N2 represented by blue line. Linear regression R2 values are 0.986 for N1 in nasal swabs, 

0.994 for N2 in nasal swabs, 0.989 for N1 in saliva, and 0.979 for N2 in saliva. 
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Figure 3.S3: SARS-CoV-2 RNA stability over time in Spectrum SDNA-1000 buffer at 4 °C. (A) 

Positive extraction control samples from 71 saliva extraction runs and 27 nasal-swab extraction runs 

are included to show the measurement noise in the quantification workflow. The standard deviation 

for the positive control measurements was 0.74 Cq for saliva and 0.49 for nasal swab. (B) The 

observed half-life (days) of participant saliva (blue circles) and nasal-swab (orange circles) samples 

in Spectrum SDNA-1000 buffer stored at 4 °C. Individual samples were extracted at multiple time 

points. Half-life in this context refers to the time required to observe a 1 Cq increase (representing a 

2-fold decrease) in RNA detected by RT-qPCR. The median point is identified for each sample type 

(black bars), at 15.0 days for nasal swabs (red circle) and 51.0 days for saliva (green circle). Of the 

110 total participant saliva samples plotted in panel B, 36 samples had no evidence of degradation 

(DNO) under the time frame measured. Only 3 of the 36 total participant nasal-swab samples plotted 

in panel B had no evidence of degradation under the timeframe measured. DNO = degradation not 

observed, meaning that the difference in extraction Cq values of the same sample at multiple time 

points was within 1 standard deviation observed in replicate extraction positive controls for the 

respective sample type, as shown in panel A. 
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[Figure on previous page] Figure 3.S4. Predicted impact of SARS-CoV-2 RNA stability on 

quantitative viral loads shown in Figure 3.2. (A-G) The time [days] of sample storage at 4 °C between 

sample collection and RNA extraction is shown in the topmost panels. Open circles represent saliva 

samples and yellow triangles represent the nasal swabs. Viral-load calculations are corrected for the 

median half-life (1 Cq decrease in RNA detected by RT-qPCR) of each sample type and the duration 

of storage at 4 °C before quantification (15 days for 2-fold decrease in detected RNA in nasal swabs 

and 51 days for 2-fold decreased in detected RNA in saliva). The degradation ranges, represented by 

a shaded yellow (nasal swab) or pink (saliva) region to represent how a measured value of 1,000 

copies/mL may have degraded from concentrations in this range. As in Figure 3.2, ND = not detected 

for Cqs ≥40 (see Methods for details). The LOD of the saliva and nasal-swab assays used here (1,000 

cp/mL) is indicated with the purple dashed line; low-analytical-sensitivity threshold 

Supplemental Information page 6 is indicated by the horizontal green dashed line; the low-analytical-

sensitivity range (horizontal blue bar) is shown for reference. A diagnostic test does not provide 

reliable detection for samples with viral loads below its LOD. For each participant, the first detected 

saliva point is emphasized with a pink circle and their first nasal-swab point above the LOD of the 

ID NOW is emphasized with a pink triangle. Vertical shading in gray indicates nighttime (8pm – 

8am). Internal control of RNase P gene Cqs from the CDC primer set are provided for each sample 

to compare self-sampling consistency and sample integrity (failed samples, where RNase P Cq ≥40, 

are not plotted). Samples with an indeterminate result by the CDC RT-qPCR assay are shown along 

the horizontal black dashed line. Participant gender, age range, and SARS-CoV-2 variant is given in 

each panel’s title. Two regions of interest (ROI) are indicated by purple-shaded rectangles and 

discussed in the main text. For the two points that change interpretation with the viral-load adjustment, 

orange triangles show which new data points become the first nasal-swab point in range of low-

analytical-sensitivity tests.  
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Table 3.S1. Study participant demographic data. Figure 2 shows viral loads and symptoms data for 

the seven participants for whom we observed transmission during their enrollment in the study. 

  
Age Range 

(Years)  
Sex  

Race;  

Ethnicity  

Reported Medical Conditions 

Associated with Increased Risk of 

Severe   

COVID-1988  

Fig. 2A, Fig. 

S4A  
30-39  Male  

Other;  

Mexican/Mexican- 

American/Chicano 

(Salvadoran)  

Diabetes  

Fig. 2B, Fig. 

S4B  
50-59  Male  

Do not wish to respond; 

Mexican/Mexican- 

American/Chicano  

None  

Fig. 2C, Fig. 

S4C  
50-59  Female  

White;  

Mexican/Mexican- 

American/Chicano 

(Spanish-American from 

Spain)  

None  

Fig. 2D, Fig. 

S4D  
12-17  Female  

White;  

Mexican/Mexican- 

American/Chicano  

None  

Fig. 2E, Fig. 

S4E  
30-39  Female  

White;  

Mexican/Mexican- 

American/Chicano  

None  

Fig. 2F, Fig. 

S4F  
6-11  Female  

White;  

Non-Hispanic  
None  

Fig. 2G, Fig. 

S4G   
50-59  Male  

American Indian or 

Alaskan Native, White;  

Other Hispanic, Latinx or 

Spanish origin  

Obesity   
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Supplementary Methods 

 

Participant population 

This study is an extension of our previous study examining viral load in saliva (3). Both 

studies were reviewed and approved by the Institutional Review Board of the California 

Institute of Technology, protocol #20-1026. All participants provided either written informed 

consent (or for minors ages 6–17, assent accompanied by parental permission), prior to 

enrollment. Household index cases were eligible for participation if they had recently (within 

7 days) been diagnosed with COVID-19 by a CLIA laboratory test. Individuals were 

ineligible if they were hospitalized or if they were not fluent in either Spanish or English. All 

participant data were collected and managed using REDCap (Research Electronic Data 

Capture) on a server hosted at the California Institute of Technology. Demographic and 

health information for the seven participants can be found in Table 3.S1. 

 

Questionnaires and symptom monitoring 

Acquisition of participant data was performed as described previously (3). Briefly, upon 

enrollment each participant completed an online questionnaire regarding demographics, 

health factors, prior COVID-19 tests, COVID-19- like symptoms since February 2020, 

household infection-control practices, and perceptions of COVID-19 risk. Participants also 

filled out a post-study questionnaire in which they documented medications taken and their 

interactions with each household member during their enrollment. 

 

Information on symptoms was collected twice daily in parallel with sample collection. 

Participants recorded any COVID-19-like symptoms (as defined by the CDC4) they were 

experiencing at the time of sample donation on a symptom-tracking card or on a custom app 

run on REDCap (4). Whenever possible, participants indicated the self-reported severity of 

each symptom. Participants were also given the opportunity to write-in additional symptoms 

or symptom details not otherwise listed. 
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Collection of respiratory specimens 

Participants self-collected both their nasal-swab and saliva samples using the Spectrum 

SDNA-1000 Saliva Collection Kit (Spectrum Solutions LLC, Draper, UT, USA), which 

contains 1.5 mL of liquid buffer, at home twice per day (after waking up and before going to 

bed), per manufacturer guidelines. Of note, at the time of this writing, Spectrum devices are 

not approved for the collection of nasal-swab samples. Participants self-collected nasal-swab 

(1 swab) and saliva (~1.5 mL) samples in the Spectrum SDNA-1000 Saliva Collection Kit 

(Spectrum Solutions LLC, Draper, UT, USA), which contains 1.5 mL of liquid buffer, at 

home twice per day (after waking up and before going to bed), per manufacturer’s guidelines. 

Of note, at the time of this writing, Spectrum devices are not approved for the collection of 

nasal-swab samples. 

 

Participants were instructed not to eat, drink, smoke, brush their teeth, use mouthwash, or 

chew gum for at least 30 min prior to donating. Prior to nasal-swab donation, participants 

were asked to gently blow their noses to remove debris. Participants were provided with one 

of the following types of sterile flocked swabs: Nest Oropharyngeal Specimen Collection 

Swabs (Cat. NST-202003, Stellar Scientific, Baltimore, MD, USA) Puritan HydraFlock 

Swab (Cat. 25-3000-H E30, Puritan, Guilford, ME, USA) or Copan USA FLOQSwab (Cat. 

520CS01, VWR International, Radnor, PA, USA). Participants were instructed to swab each 

nostril for four complete rotations using the same swab while applying gentle pressure, then 

to break the tip of the swab into the Spectrum tube and securely screw on the cap. A parent 

or legal guardian assisted all minors with swab collection and they were instructed to wear a 

face covering during supervision. Tubes were labeled and packaged by the participants and 

transported at room temperature by a touch-free medical courier to the California Institute of 

Technology daily for analysis. 

 

Upon receipt of the samples in the California Institute of Technology laboratory, each sample 

was inspected for quality. A sample failed quality control if the preservation buffer was not 

released from the Spectrum SDNA1000 cap, or if sample tubes were leaking or otherwise 

unsafe to handle. Samples that failed quality control were not processed. Inactivated samples 
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were stored at 4 °C and were equilibrated to room temperature before being processed with 

extraction protocols. 

 

RNA extraction protocols 

In initial testing, when combined with standard KingFisher MagMax sample-preparation 

protocols, these assays performed well to quantify heat-inactivated SARS-CoV-2 viral 

particles spiked into commercially available SARS-CoV-2 negative saliva and nasal fluid 

from pooled donors. However, the assay did not provide reliable quantification from freshly 

collected individual saliva samples with varying viscosity from positive participants in this 

study. Carryover of materials from some of the mucus-rich samples was inhibitory, as 

determined by RTddPCR analysis of dilutions of eluted RNA (data not shown). Following 

recommendations from ThermoFisher, the protocol was adjusted and described below. 

Briefly, we added a centrifugation step after proteinase k treatment to pellet the mucus-rich 

cell debris. We also include a third wash to improve RNA quality for viral genome 

sequencing. These steps reduced bead carryover into the eluate, as well as ddPCR inhibition. 

 

Participant saliva and anterior-nares swab samples were extracted using the KingFisher Flex 

96 instrument (ThermoFisher Scientific) with the MagMax Viral Pathogen I Nucleic Acid 

Isolation kit (Cat. A42352, Applied Biosystems, Waltham, MA, USA) guided by 

ThermoFisher technical notes for SARS-CoV-2 modification and saliva. Each extraction 

batch, depending on the sample type being extracted, contained a contrived SARS-CoV-2 

negative control sample containing either 225 µL of Spectrum buffer mixed with 225 µL of 

commercial pooled human saliva (Lee Bio 991-05-P-PreC) or 240 µL of Spectrum buffer 

with 10 µL of pooled commercial nasal fluid (Lee Bio 991-13-P-PreC); a contrived SARS-

CoV-2 positive control sample was also included in each extraction batch, with the 

formulations above, but with the Spectrum buffer spiked with 7,500 genomic copy 

equivalents/mL of heat-inactivated SARS-CoV-2 particles (BEI NR-52286). 

 

Saliva and anterior-nares swab samples were prepared for purification by transferring 550 µl 

(for saliva) or 250 µl (for nasal swab) of each sample from its corresponding Spectrum buffer 
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tube into a 1.5 mL lo-bind Eppendorf tube containing 10 µl (for saliva) or 5 µl (for nasal 

swab) of proteinase K. To maximize recovery of RNA off swabs, prior to transfer, pipet 

mixing was performed 5–7 times near the swab in the Spectrum tube before aliquoting into 

an Eppendorf tube. Saliva samples were vortexed for 30 sec in the Eppendorf tube. Samples 

were incubated at 65 °C for 10 min, then centrifuged at 13,000 x g for 1 min. Aliquots of 400 

µl (for saliva) or 200 µl (for nasal swab) were transferred into a KingFisher 96 deep well 

plate (Cat. 95040450, ThermoFisher Scientific) and processed following KingFisher 

protocols MVP_400ul_3washes.bdz (for saliva) or MVP_200ul_2washes.bdz (for nasal 

swab). Ethanol washes were performed with 80% ethanol. Both sample types were eluted 

into 100 µl of MagMax viral pathogen elution buffer. 

 

RT-qPCR 

Quantification of SARS-CoV-2 was performed as previously described.3 Briefly, the CDC5 

SARS-CoV-2 N1 and N2 gene primers and probes with an internal control targeting RNase 

P gene primer and probe were run in a multiplex RT-qPCR reaction using TaqPath 1-Step 

Rt-qPCR Mastermix (Cat. A15299, ThermoFisher Scientific). Reactions were run in 

duplicate on a CFX96 Real-Time Instrument (Bio-Rad Laboratories, Hercules, CA, USA). 

 

RT-ddPCR 

Reverse-transcription droplet digital PCR (RT-ddPCR) was performed using the Bio-Rad 

SARS-CoV-2 Droplet Digital PCR kit (Cat. 12013743, Bio-Rad). Swab samples were 

processed following the manufacturer’s RUO protocol with 5.5 µl template per 22 µl 

reaction. A total of 42 participant nasal-swab samples were characterized by RT-ddPCR. 

Modifications were made for saliva samples by reducing the template addition to 2.75 µl per 

22 µl reaction. A total of 63 participant saliva samples were characterized by RT-ddPCR. 

Prior to adding template, samples were diluted into digital range using nuclease-free water. 

Droplets were created using the QX200 Droplet Generator (Cat #1864002, Bio-Rad), 

thermocycling performed on Bio-Rad C1000 and detected using the QX200 Droplet Digital 

PCR system (Cat. 1864001, Bio-Rad). Samples were analyzed with QuantaSoft analysis Pro 

1.0.595 software following Bio-Rad's RUO SARS-CoV-2 guidelines (6). 
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Viral-load calibration curves 

A calibration curve was prepared for both the saliva and nasal-swab protocols. Contrived 

samples were prepared with known concentrations (based on the certificate of analysis, 

COA) of heat-inactivated SARS-CoV-2 virus (3.75x108 GE/mL, Batch 70034991, Cat. NR-

52286, BEI Resources, Manassas, VA, USA) in the inactivating buffer from the Spectrum 

SDNA-1000 Saliva Collection Kit (Spectrum Solutions LLC, Draper, UT, USA) and 

commercial, healthy human fluids were used as healthy human samples. Commercial pooled 

human saliva collected prior to November 2019 (Cat, 991-05-P, Lee Biosolutions, Maryland 

Heights, MO, USA) for the contrived saliva samples or commercial human nasal fluid 

collected prior to November 2019 (Cat No 991-13-PPreC, Lee Biosolutions) for the 

contrived nasal-swab samples. Details of reagent volumes are described in the following two 

paragraphs for how the samples were prepared for both nasal swab and saliva calibration 

curves. 

 

To establish the nasal-swab calibration curve (Figure 3.S2A), contrived samples were 

prepared by creating a dilution series of commercial heat-inactivated SARS-CoV-2 virus 

from BEI (3.75x108 GE/mL) in a 10-fold dilution series from 1x106 to 1x104 copies/mL with 

finer resolution down to our LOD at 1x103 copies/mL. Dilutions were prepared in Spectrum 

device inactivation buffer, to a volume of 768 µL, at concentrations of 0 copies/mL, 1,000 

copies/mL, 2,500 copies/mL, 5,000 copies/mL, 7,500 copies/mL, 10,000 copies/mL, 

100,000 copies/mL, and 1,000,000 copies/mL. To bring the volume to 800 µL total, 32 µL 

of healthy human nasal fluid collected prior to November 2019 (Cat No 991-13-P-PreC, Lee 

Biosolutions) was added. Triplicate extractions, 250 µL each, were performed according to 

the nasal-swab RNA extraction protocol (described above). Each extraction was run in 

triplicate RT-qPCR reactions. 

 

To establish the saliva calibration curve (Figure 3.S2B), contrived samples were prepared by 

creating a dilution series of commercial BEI heat-inactivated SARS-CoV-2 virus in 

Spectrum device inactivation buffer at concentrations of 0 copies/mL, 1,000 copies/mL, 
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2,000 copies/mL, 4,000 copies/mL, 8,000 copies/mL, 16,000 copies/mL, 64,000 

copies/mL, 256,000 copies/mL, and 1,020,000 copies/mL. Contrived samples were made by 

mixing 620 µL of each concentration of the dilution series with 620 µL of healthy pooled 

human saliva (Cat, 991-05-P, Lee Biosolutions). Triplicate extractions, 550 µL each, were 

performed according to the saliva RNA extraction protocol. Each extraction was run in 

triplicate RT-qPCR reactions. 

 

Equations, calculated from the linear regression of the calibration curves, are shown below 

as Equations 3.1–3.4. These calibration curves are used to convert the Cq values obtained by 

RT-qPCR to viral load in each participant sample. For saliva, viral load is a calculation of 

viral copies/mL in the saliva corrected for dilution with the Spectrum buffer. We assumed 

that participants donate saliva to the fill line, matching the 1:1 dilution in Spectrum buffer 

recreated when preparing contrived samples for the saliva calibration curve. For nasal swabs, 

viral load is a calculation of the concentration of viral copies/mL released from the swab into 

the 1.5 mL of inactivating buffer (which is a similar volume as the 1–3 mL of viral transport 

media typically used for sample collection). Concentrations higher than 1,000,000 copies/mL 

could not be characterized due to a limitation of the available stock concentration of 

commercial inactivated SARS-CoV-2. To validate linear conversion was acceptable at 

concentrations higher than 1,000,000 copies/mL, we compared RT-ddPCR and RT-qPCR 

quantification on some participant samples (Figure 3.1) as described in the next section 

“Viral-load Quantification between qPCR and ddPCR assays.” 

 

𝑆𝑎𝑙𝑖𝑣𝑎 𝑁1 𝑔𝑒𝑛𝑒 𝑣𝑖𝑟𝑎𝑙 𝑙𝑜𝑎𝑑 [
𝑐𝑜𝑝𝑖𝑒𝑠

𝑚𝐿
] =  2((𝐶𝑞−46.349)/−1.0357) 

(Eq. 3.1) 

 

𝑆𝑎𝑙𝑖𝑣𝑎 𝑁2 𝑔𝑒𝑛𝑒 𝑣𝑖𝑟𝑎𝑙 𝑙𝑜𝑎𝑑 [
𝑐𝑜𝑝𝑖𝑒𝑠

𝑚𝐿
] =  2((𝐶𝑞−46.374)/−1.0759) 

(Eq. 3.2) 
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𝑁𝑎𝑠𝑎𝑙 𝑆𝑤𝑎𝑏 𝑁1 𝑔𝑒𝑛𝑒 𝑣𝑖𝑟𝑎𝑙 𝑙𝑜𝑎𝑑 [
𝑐𝑜𝑝𝑖𝑒𝑠

𝑚𝐿
] =  2((𝐶𝑞−48.221)/−1.0643) 

(Eq. 3.3) 

 

𝑁𝑎𝑠𝑎𝑙 𝑆𝑤𝑎𝑛 𝑁2 𝑔𝑒𝑛𝑒 𝑣𝑖𝑟𝑎𝑙 𝑙𝑜𝑎𝑑 [
𝑐𝑜𝑝𝑖𝑒𝑠

𝑚𝐿
] =  2((𝐶𝑞−48.330)/−1.1044) 

(Eq. 3.4) 

 

 

Viral-load quantification between qPCR and ddPCR assays 

Contrived saliva and nasal-swab calibration curve RT-qPCR data was converted into viral 

load (N1 copies/mL) using Eq. 3.1 and 3.3 listed in the above section. Calculated viral load 

was plotted against the theoretical input of heat-inactivated SARS-CoV-2. 

 

Extending quantification capabilities above 1x106 N1 copies/mL was achieved using SARS-

CoV-2-positive participant samples. Due to the limitation of the commercial SARS-CoV-2 

standard concentration, we were not able to prepare contrived samples with SARS-CoV-2 

input concentrations greater than 1x106 copies/mL. To capture a range of participant samples 

over 7 orders of magnitude (1x103 to 1x1010 copies/mL SARS-CoV-2 N1 gene), 63 saliva 

and 42 nasal-swab samples from SARS-CoV-2-positive participants were selected based on 

RTqPCR data to quantify using RT-ddPCR. Using the geometric mean of the viral load 

computed from RT-qPCR and the calibration curves and the concentration measured by RT-

ddPCR, we were able to evaluate the linearity of the calibration curve across the seven orders 

of magnitude viral load seen in the participant samples (Figure 3.1B–C). Samples were 

selected to capture the range of viral concentrations within our calibration curve and to the 

highest viral loads recorded for each sample type (nasal and saliva). The geometric means of 

RT-qPCR and RT-qPCR viral concentrations were calculated by taking the square root of 

RT-qPCR N1 concentrations × RT-ddPCR N1 concentration. 

 

We observed excellent concordance between the calibration curve (Figure 3.1A, complete 

data in Figure 3.S2), RT-qPCR and RT-ddPCR assays over the entire dynamic range of input 
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concentrations (Figure 3.1B-C), even though RT-qPCR eluents were run as-is and RT-

ddPCR eluents from high-concentration samples were significantly diluted. For nasal-swab 

samples, RT-ddPCR values were slightly below the RT-qPCR values, however this 

difference was consistent across the entire dynamic range, indicating no concentration-

dependent biases like enzymatic inhibition. We chose not to adjust the calibration curve to 

fit RT-ddPCR values; we reported the concentrations based on the calibration curves derived 

from the certificate of analysis from the BEI Resources reference material. For saliva 

samples, all points tightly clustered around the x=y line (Figure 3.1 A-C). 

 

Establishment of Limit of Detection 

Results of the calibration curve (Figure 3.S2 A, B) demonstrated 3 of 3 replicates detected at 

1,000 copies/mL saliva (for saliva) and 1,000 copies/mL buffer (for nasal swabs). For each 

sample type (saliva, nasal swab), 20 contrived samples with the equivalent of 1,000 

copies/mL were prepared as described above, individually extracted as described above, and 

subjected to RT-qPCR as described above. The LOD for each sample type through the 

workflow was considered established if a positive result for detection (as defined in the EUA 

for the CDC RT-qPCR assay) was obtained for ≥ 19 of 20 (≥95% as required by FDA EUA 

guidelines for determining LOD) of replicates at the input concentration (Figure 3.S1 A, B). 

 

Three of three replicate sample extractions included in the calibration curves for both 

contrived nasal-swab samples and contrived saliva samples spiked with heat-inactivated 

SARS-CoV-2 particles at a concentration of 1,000 copies/mL were detected by RT-qPCR, 

prompting testing of additional 20 replicates of each sample type spiked at that concentration, 

individually extracted, and tested by RT-qPCR to establishment of the LOD for our RT-

qPCR assay. For both sample types (saliva and nasal swabs), 20 of 20 replicates were positive 

for SARSCoV-2 (Figure 3.S1A, B), establishing 1,000 copies/mL of saliva and 1,000 

copies/mL of swab buffer as the high-sensitivity LOD for our RT-qPCR assays. 

 

Threshold to infer Performance of tests with low analytical sensitivity 

The threshold of 1.0x105 copies/mL is applied generally to both saliva and nasal swabs viral 
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loads (copies/mL) to infer detection by a test with low analytical sensitivity. The rationale 

to use this threshold is to demonstrate a best-case scenario performance of tests with low-

analytical-sensitivity (from the low-analytical-sensitivity range 1.0x105 – 1.0x107 copies/mL 

used in this paper). The comparisons in the paper would be more dramatic if a low analytical-

sensitivity threshold greater than this number was selected. 

 

Data analysis 

Before we converted Cq values to viral load, we used Cq cutoffs based on the CDC 

guidelines5 to define samples as positive, negative, indeterminate, or invalid (fail), and then 

excluded from the viral-load plots any points that failed, and any samples whose RNase P 

Cq values ≥40. Because we ran duplicate RT-qPCR reactions, the mean Cq of positive 

reactions was used for conversion to viral load. 

 

Figure 3A percentages are calculated by Equation 3.5, where the percentage positive by a 

test of a given analytical sensitivity (high-analytical-sensitivity results are all measured 

values, by our internal test with an LOD ≤ 1000 cp/mL; low-analytical-sensitivity results are 

measured values at or above a threshold of 1.0x105 cp/mL): 

 

𝑃𝑒𝑟𝑐𝑒𝑛𝑡 𝑃𝑜𝑠𝑖𝑡𝑖𝑣𝑒𝑎𝑠 =
𝑛

𝑁
× 100 

(Eq. 3.5) 

Where “as” refers to the analytical sensitivity. In Eq. 3.5, “N” is defined as the total number 

of participants with saliva samples passing quality-control evaluations (see Methods) for 

safety and human RNaseP gene Cq threshold at the corresponding aligned time point in 

column “Days from First Positive Results in Either Sample Type.” Maximum denominator 

of number of 7, corresponding to the number of participants in the study and each participant 

has a maximum of one sample per time point. Numbers may vary before day 0 as each 

participant had a variable number of negative test results before first detected SARS-CoV-2 

RNA. In Eq. 3.5, “n” represents the number of participants, at a given time point, with 

detectable SARS-CoV-2 RNA (see RT-qPCR methods) in the sample type (saliva or nasal 
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swab) using a high-analytical-sensitivity assay. For predicting performance of each sample 

type (saliva or nasal swab) with a test of low analytical sensitivity, “n” is defined as the 

number of participants with a SARS-CoV-2 N1 gene viral load of SARS-CoV-2 greater than 

1.0x105 copies/mL (cp/mL) in samples, which would indicate an inferred positive result 

using a low-sensitivity assay with an LOD of SARSCoV-2 N1 gene viral load of 1.0x105 

copies/mL. Details of the calculations are included in the Data_Annotation file on 

CaltechDATA. 

 

Figure 3.3D considers only samples collected within ten days after the assigned first positive 

result were analyzed to consider symptoms relevant to an early infection. The first date of 

positive result observed using our high analytical-sensitivity assay (either sample type) was 

assigned for each participant shown in the panels of Figure 3.2 and days 0–10 were analyzed 

for panel D. 

 

Samples were designated as being collected while symptomatic if the participant reported 

experiencing one or more COVID-19-like symptoms at the time of sample collection; if no 

COVID-19 like symptoms were reported, the sample was designated as “No Symptoms 

Reported”. Samples were defined as either positive, negative, or indeterminate by our high-

analytical-sensitivity assay, based on the criteria from the manufacturer of the RT-qPCR 

assay, detailed above. Samples were inferred as either positive or negative by a low-

analytical-sensitivity assay if the viral load measured in the sample was greater than our 

inferred low-analytical-sensitivity threshold, 1.0x105 copies/mL. 

 

Figure 3.3D utilizes Equation 5, where “N” is defined as the number of participant samples 

positive for SARSCoV-2 RNA within the symptomatic categories defined in the first 10 days 

of detectable infection (criteria above). There were 97 saliva and 95 nasal-swab samples 

collected while symptomatic, and 46 saliva and 44 nasal-swab samples collected with the 

participant reporting no symptoms. The value of “n” corresponds to the percent positive by 

either observed positivity by our high-analytical-sensitivity assay or inferred positive by a 
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low analytical-sensitivity assay as the numerator over the denominator corresponding to 

that sample type and symptom status, multiplied by 100%. 

 

RNAseq 

Saliva and nasal-swab samples below N1 Cq of 26 were sent to Chan Zuckerberg Biohub for 

SARS-CoV-2 viral genome sequencing, a modification of Deng et al. (2020)7 as described 

in Gorzynski et al. (2020).8 Sequences were assigned pangolin lineages described by 

Rambaut et al. (2020)9 using Phylogenetic Assignment of Named Global outbreak LINeages 

software v2.3.2 (github.com/cov-lineages/pangolin). Consequences viral genomes were 

submitted to GISAID by Chan Zuckerberg Biohub, see data availability section for accession 

id details. 

 

SARS-CoV-2 RNA stability at 4 ˚C 

As described above, each extraction batch included a contrived sample spiked with SARS-

CoV-2 heat-inactivated particles. For all available saliva or nasal-swab extraction batches, 

the Cq value of the SARS-CoV-2 N1 gene in the contrived SARS-CoV-2 positive extraction 

control was collected. The standard deviation of these measurements was calculated and used 

to establish a threshold for expected noise between repeat extractions of the same sample. To 

assess samples for evidence of SARS-CoV-2 RNA degradation, any participant sample that 

had more than one extraction replicate performed were analyzed. Samples where the 

difference in Cq values between the extractions was less than the threshold of expected noise 

between replicate extractions were defined as degradation not observed, (DNO). For samples 

where the difference was above this threshold, the time for 1 Cq increase (2-fold decrease) 

in RNA detected by RT-qPCR is described by the term half-life, which was calculated 

according to Eq. 3.6, below: 

 

𝑡1/2 =
− ln 2

𝑘
 

(Eq. 3.6) 

Where “k” is defined as the slope of the linear regression of the natural logarithm of the viral 
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load vs. extraction date (relative to sample collection date). The median over the entire 

dataset (saliva or swab) was used as a point estimate of RNA half-life. The median point was 

determined to be 15.0 days for nasal swabs and 51.0 days for saliva. 

 

Calculations that predict the impact of storage time at 4 °C and RNA stability on viral load 

are calculated according to Eq. 3.7, below. 

 

𝑦𝑎𝑑𝑗 = 𝑦𝑑𝑒𝑔2
∆𝑡

𝑡1/2 

(3.7) 

Where 𝑦𝑎𝑑𝑗 is defined as the adjusted viral load, 𝑦𝑑𝑒𝑔 is defined as the viral load before 

adjustment for degradation (as calculated by Eq. 3.1–3.4), and 𝑡1/2 is defined as the RNA 

half-life, shown in Eq. 3.5. 

 

All samples were stored at 4 °C before extraction; time of storage varied between 0–27 days. 

The stability of SARS-CoV-2 RNA in nasal-swab samples was slightly lower (1 Cq loss of 

RNA detected after a median of 15 days) than the stability of SARS-CoV-2 RNA in saliva 

samples (1 Cq loss of RNA detected after a median of 51 days) (Figure 3.S3). An assessment 

of how viral-load measurements in Figure 3.2 may have been affected by time between 

sample collection and quantification is included in Figure 3.S4. Given the large dynamic 

range of the viral loads in these samples (~24 Cq or about 10,000,000 fold), we considered 

stability corresponding to a 1 Cq (2 fold) loss to be adequate. 

 

The predicted impact of RNA degradation on the comparisons of high-analytical-sensitivity 

saliva to inferred low-analytical-sensitivity nasal testing is shown in Figure 3.S4. Accounting 

for potential decreases of viral RNA in the nasal swab resulting from delays between sample 

collection and quantification only impact the interpretation of two points, conservatively 

decreasing the delay from 2.0 to 1.5 day for the first participant (Figure 3.2B and Figure 

3.S4B) and from 3.0 to 2.0 days for the third participant (Figure 3.2C and Figure 3.S4C). 
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Supplementary Discussion 

 

Three participants (Figure 3.1C–E) were infected with the same variant, B.1.429 (CAL20), 

classified as a variant-of concern at the time of this study. The SARS-CoV-2 variant for the 

participants in Figure 3.1D and Figure 3.1E were inferred from the sequenced sample of the 

household’s presumed index case. Saliva viral loads for each of these participants (Figure 

3.2C-E) were low. Of note, the participants in Figure 3.2C and 3.2E showed high RNase P 

Cq values (indicating low concentration of the human control target); and variability of 

RNase P Cq values across the nasal swab samples suggests that inconsistent swab-sampling 

quality could have impacted these participants’ viral-load data and should be taken into 

account when interpreting those data. 

 

Beyond outbreak prevention and control, early detection of COVID-19 may also be useful 

for individual patient care, as high-risk patients who are identified early can be monitored 

and have treatment initiated swiftly if it becomes appropriate. Several treatments show 

exclusive or increased efficacy only when given early in the infection. The advantage of 

earlier treatment initiation is likely due to reduction of viral replication either directly or by 

promotion of an early effective immune response, which prevents a later exaggerated 

inflammatory response (10). Results of the ACTT-1 trial demonstrated a survival benefit in 

patients for whom Remdesivir was initiated in the early stages of treatment (supplemental 

oxygen only), but that benefit was lost once disease progressed, and advanced respiratory 

support was needed (10–12). More recently, the MOVe-OUT clinical trial demonstrated the 

efficacy of molnupiravir when (per trial inclusion criteria) initiated among outpatients within 

the first five days from symptom onset, whereas the inpatient study (MOVe-IN) did not 

proceed to Phase 3, as clinical benefit was not observed for hospitalized patients with a longer 

duration of symptoms prior to initiation of the treatment (10). Other therapies, such as plasma 

and monoclonal antibody therapies (bamlanivimab or casirivimab plus imdevimab) show 

similar clinical benefits in early initiation of treatment (11–16). 

 

Although national vaccination efforts are reducing severe COVID-19 outcomes in the U.S., 
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a sizable portion of the world’s population is likely to remain unvaccinated due to limited 

vaccine availability, medical ineligibility (in the U.S., children under 5 years of age are not 

yet eligible), or personal preference. Thus, testing remains an important tool for preventing 

outbreaks among children in schools and daycare facilities (where children under age 2 

generally do not wear masks), which may spread to the community and increase rates of 

infection among high-risk and unvaccinated individuals. Tests that detect early infections are 

also important to prevent viral transmission in congregate settings with high-risk or 

unvaccinated populations, such as hospitals, college dormitories, homeless shelters, 

correctional facilities, summer camps for children, elementary schools, and long-term care 

facilities.  

 

As new SARS-CoV-2 variants emerge, quantitative studies of the kinetics of early stage viral 

loads must be continually updated in follow-up studies. Importantly, such studies should be 

undertaken in people of a wide range of ethnicities, races, health conditions, vaccination 

status, and ages. Breakthrough cases are often asymptomatic (17) and recent evidence 

suggests that vaccinated individuals may transmit infections from the new variants, including 

Delta (18). Another reason for continued monitoring of early viral kinetics is that viral 

evolution, including of host tropism, can markedly diminish the effectiveness of a diagnostic 

strategy. In one study, decreased clinical sensitivity of NP swabs was observed in SARS-

CoV-2 variant B.1.616 (19) which may indicate a tropism shift of the virus into lower-

respiratory compartments. Finally, quantitative data must be acquired in parallel with viral-

culture data to understand the viral loads and phases of infection that are most relevant to 

transmission. 

 

Early detection of infection clearly reduces community transmission, however, for most of 

the COVID-19 pandemic, policy makers have had to develop testing strategies in the absence 

of quantitative data on viral kinetics from the earliest stage of infection. Lacking such data-

based guidance, diagnostic tests have been used incorrectly (with false-negative results due 

to using tests with insufficient sensitivity) in several scenarios, resulting in outbreaks that 

could have been prevented with an appropriate testing strategy (20–26). 
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One barrier to implementing such more advanced testing strategies is availability of 

appropriate tests. Because the optimal sample type for early detection might be different for 

different populations, or might change as new variants emerge, tests with robust high 

analytical sensitivity across multiple sample types are needed. Developing such tests is 

challenging because it requires incorporating robust sample-preparation technology to purify 

and concentrate pathogen nucleic acids from diverse human matrices, from upper respiratory 

(e.g., fluids from the nasal, nasopharyngeal, oral and oropharyngeal compartments, captured 

in swabs or saliva) to lower respiratory samples (e.g., sputum, tracheal aspirate, 

bronchoalveolar lavage). It is even more challenging to incorporate such sample-preparation 

technology into tests that can be broadly deployed—at very low cost—at the point of care in 

limited-resource settings (such as schools, homes, and businesses, and especially in the 

developing countries). Development of such highly sensitive, rapid, and inexpensive tests 

with broad sample-type compatibility is urgently needed. 
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Abstract 

 

Optimizing specimen collection methods to achieve the most reliable SARSCoV-2 detection 

for a given diagnostic sensitivity would improve testing and minimize COVID-19 outbreaks. 

From September 2020 to April 2021, we performed a household-transmission study in which 

participants self-collected specimens every morning and evening throughout acute SARS-

CoV-2 infection. Seventy mildly symptomatic participants collected saliva, and of those, 29 

also collected nasal swab specimens. Viral load was quantified in 1,194 saliva and 661 nasal 

swab specimens using a high analytical-sensitivity reverse transcription-quantitative PCR 

(RT-qPCR) assay. Viral loads in both saliva and nasal swab specimens were significantly 

higher in morning-collected specimens than in evening-collected specimens after symptom 

onset. This aspect of the biology of SARS-CoV-2 infection has implications for diagnostic 

testing. We infer that morning collection would have resulted in significantly improved 

detection and that this advantage would be most pronounced for tests with low to moderate 

analytical sensitivity. Collecting specimens for COVID-19 testing in the morning offers a 

simple and low-cost improvement to clinical diagnostic sensitivity of low- to moderate-

analytical-sensitivity tests. 

 

Importance 

 

Our findings suggest that collecting saliva and nasal swab specimens in the morning 

immediately after waking yields higher SARS-CoV-2 viral loads than collection later in 

the day. The higher viral loads from morning specimen collection are predicted to 

significantly improve detection of SARS-CoV-2 in symptomatic individuals, particularly 

when using moderate- to low-analytical-sensitivity COVID-19 diagnostic tests, such as 

rapid antigen tests. 

 

Introduction 

 

Although vaccination has substantially reduced hospitalizations and death from COVID-

19, limited vaccine uptake and availability and the potential for breakthrough infections 
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(particularly with novel viral variants) support the continued necessity for diagnostic 

testing and subsequent isolation of infected individuals (1, 2). Optimizing how 

diagnostics are used can enhance our ability to combat the COVID-19 pandemic. 

 

Nasopharyngeal swab, anterior nares swab, mid-turbinate swab, oropharyngeal swab, 

buccal swab, gingival crevicular fluid, sputum, tracheal aspirate, and saliva have all been 

utilized and compared as diagnostic specimens for the detection of SARS-CoV-2 

infection. Work done by many groups (3–5), including ours (6), has suggested that 

SARS-CoV-2 is detectable, albeit at low viral loads, in saliva before anterior nares nasal 

swab specimens. However, conflicting results have been reported in head-to-head 

comparisons of saliva to other specimen types in cross-sectional studies. 

 

Lack of clarity on which specimen type is most reliable for SARS-CoV-2 detection is 

likely due to the dynamic nature of viral loads in different specimen types through the 

course of an infection (3, 6–11) and the differences in analytical sensitivity of diagnostic 

assays used in the comparisons. Currently available SARS-CoV-2 diagnostics span a 

wide (6 orders of magnitude) range of analytical sensitivities, from the reverse 

transcription-PCR (RT-PCR) PerkinElmer new coronavirus nucleic acid detection kit 

(LOD of 180 nucleic acid amplification test detectable units [NDU]/mL) (12) to the Coris 

BioConcept rapid antigen lateral flow assay COVID-19 Ag Respi-Strip (LOD of ~4 × 

107 copies/mL) (13). Tests with relatively moderate analytical sensitivity (LOD of 104 to 

105 copies/mL of specimen) or low analytical sensitivity (LOD of 105 to 108 copies/mL 

of specimen) are being increasingly used, particularly for at-home and rapid screening 

testing and in areas of the world with limited laboratory capacity (14–16). 

 

How specimens are collected can also affect the detectability of SARS-CoV-2 in a 

specimen. Because SARS-CoV-2, like other pathogens, may exhibit circadian rhythms 

to replication kinetics (17, 18), we hypothesized that collection time may impact SARS-

CoV-2 viral load in respiratory specimens and therefore detectability of infection. 

Simple, low-cost changes to specimen collection protocols that significantly improve the 
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clinical sensitivity of COVID-19 diagnostics offer an immediately actionable 

opportunity to improve existing diagnostics, which would be particularly valuable in 

settings that rely on tests with low analytical sensitivity. 

 

We conducted a COVID-19 household transmission study (9, 19) where participants 

prospectively self-collected saliva and nasal swab specimens twice per day (in the 

morning and in the evening). From mildly symptomatic participants, we compared 

SARS-CoV-2 viral loads in morning- and evening-collected specimens to determine if 

the time of day affected viral load, and if this could be leveraged to improve detection of 

SARS-CoV-2 infection. 

 

Results 

 

Timing of morning and evening specimen collection 

Viral load was quantified in 1,194 saliva specimens from 70 individuals and 661 nasal 

swab specimens from 29 individuals (Figure 4.1). The distribution of collection times 

was roughly bimodal. Although each participant’s specimen collection time varied 

slightly throughout enrollment, nearly all (92%) participants had an average morning 

specimen collection time between 7 a.m. and 10 a.m. Evening collection time was more 

variable, but most participants (74%) had an average specimen collection time between 

8 p.m. and 11 p.m. These patterns were used to delineate the morning and evening periods 

in the study: we defined sampling upon waking (4 a.m. to 12 p.m.) as morning and 

sampling before bed (3 p.m. to 3 a.m.) as evening (see Figure 4.S1 in the supplemental 

material). 

 

Saliva and nasal swab specimens exhibit higher viral loads in morning than evening 

collection across the course of acute, symptomatic illness 

Saliva and nasal swab viral load profiles from most individuals (Figure 4.S2 and 4.S3) 

revealed a pattern of higher viral loads in specimens collected in the morning than in 

those collected in the evening. In specimens from some individuals (e.g., Figure 4.S2A 
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and 4.S3E), fluctuations in both SARS-CoV-2 and human RNase P markers were 

observed, whereas in others RNase P remained stable and SARS-CoV-2 viral load 

appeared to be independent of the host marker (e.g., Figures 4.S2AH and 4.S3N). 

 

Although direct comparison between all positive morning or evening specimens 

demonstrates greater target abundance for both SARS-CoV-2 N1 (Figures 4.S4A and C) 

and human RNase P (Figures 4.S4B and D), this comparison would be skewed by 

participants who contributed more specimens and biased by sampling at different stages 

of the infection. To minimize these potential biases, the time of each specimen collection 

was aligned relative to the date of symptom onset for that participant before plotting both 

individual viral load datapoints (Figure 4.S2 and 4.S3) and the average of log-

transformed viral load values (Figure 4.1A and B) for all saliva and nasal swab 

specimens in twelve-hour time bins. 

 

 

 

Figure 4.1: Saliva and nasal swab specimens collected in the morning and evening through the 

course of infection demonstrate differences in SARS-CoV-2 viral load. Black lines on each plot 

indicate the average viral load for each daily morning or evening specimen collection window. 

(A) Saliva specimen viral load (SARS-CoV-2 N1 copies/milliliter of saliva) as measured by RT-

qPCR is plotted relative to symptom onset for 1,194 specimens. (B) Nasal swab specimen viral 

load (N1 copies/milliliter of swab buffer) as measured by RT-qPCR is plotted relative to 

symptom onset for 661 specimens. Specimens were designated morning (orange) if collected 

between 4 a.m. and 12 p.m. or evening (purple) if collected between 3 p.m. and 3 a.m. ND, not 

detected. Additional specimen details are provided in the supplemental material. 
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The averaged salivary viral load during each collection time point visually suggests 

higher viral loads in specimens collected in the morning than in the evening during both 

the presymptomatic and symptomatic phases of infection. This pattern was less apparent 

in the averaged nasal swab viral loads but can be seen when comparing the N1 threshold 

cycle (CT) values between successive time points by calculating differences 

in CT (Figure 4.2A and B). Only reverse transcription-quantitative PCR (RT-

qPCR) CT values for pairs of successively collected morning-to-evening or evening-to-

morning specimen were used to calculate the CT difference; negative or indeterminate 

specimens were included only if directly followed by a positive specimen collected in 

the presymptomatic phase of infection. A negative difference in CT values indicates that 

viral load was increasing relative to the previous measurement, whereas a positive 

difference indicates that viral load was decreasing relative to the previous measurement. 

Starting from symptom onset (day 0), saliva specimens collected in the morning typically 

exhibited a negative difference in CT values relative to their preceding evening 

specimens, whereas evening specimens consistently had a positive difference 

in CT values relative to their preceding morning specimens. This indicates that 

throughout the course of symptomatic infection, morning specimens typically result in 

relatively lower CT values (higher viral loads) than evening specimens. 

 

To further illustrate the pattern observed in viral loads and changes in CT values, 

specimens were binned by infection stage: prior to symptom onset and in 4-day intervals 

relative to symptom onset. The 4-day interval was selected to capture reasonable 

resolution for infection stage while also providing sufficient measurements to observe 

potential differences. Significantly higher morning viral loads were not observed prior to 

symptom onset in either specimen type in the limited number of specimens collected 

during this period. However, significantly higher viral loads (P < 0.05, Wilcoxon 

matched-pair signed-rank test) were observed in saliva specimens collected in the 

morning for the first 16 days of symptomatic infection (Figure 4.2C). Differences 

in CT values were also significantly lower (P < 0.05, Wilcoxon matched-pair signed-rank 
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test) in morning nasal swab specimens from day 4 to day 16 of symptomatic infection 

(Figure 4.2D). Of note, nasal swab viral load appears to increase more quickly to peak 

than does salivary viral load (Figures 4.1A and B), and nasal swabs also achieve higher 

peak viral loads (Figure 4.S4C) than does saliva (Figure 4.S4A); the high rate of increase 

in viral load in nasal swabs likely obscures subtle daily fluctuations that are more 

apparent in saliva, where viral load rises more gradually (19). Nasal swabs appear to also 

be subject to more sampling variability (Figures 4.S3 and 4.S4D) than saliva (Figures 

4.S2 and 4.S4B), evidenced by RNase P control marker CT values. 
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Figure 4.2: Morning viral loads are significantly higher than evening viral loads during most of 

SARS-CoV-2 infection. (A and B) The difference in N1 CT values (ΔCT) in 703 morning-to-

evening and evening-to-morning successive saliva specimen pairs (A) and 365 morning-to-

evening and evening-to-morning successive nasal swab specimen pairs (B), plotted relative to 

symptom onset. One point in panel A and one point in panel B had ΔCT values outside the y axis 

of the plot; these are represented as black stars at −15. (C and D) The difference in N1 CT values 

in 703 morning-to-evening and evening-to-morning sequential saliva (C) and nasal swab (D) 

specimen pairs relative to symptom onset. Morning-to-evening or evening-to-morning 

ΔCT values were then binned into presymptomatic or 4-day infection stages. The distributions of 

morning-to-evening and evening-to-morning ΔCT values for each infection stage bin were then 

statistically compared using the Wilcoxon matched-pair signed-rank test; ns, nonsignificant or 

insufficient data points to perform analysis; *, P < 0.05; **, P < 0.01; ****, P < 0.001. Black 

lines indicate average viral load. ND, not detected. 
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Saliva and nasal swab viral loads in the range of moderate- and low-sensitivity tests 

underscore utility of morning sampling 

The observed higher viral loads in specimens collected in the morning upon waking than 

in those collected later in the day led us to hypothesize that sampling in the morning 

could detect significantly more infected individuals than sampling in the evening. 

Because viral loads rise and decline throughout the course of the infection (Figure 4.1), 

we assessed this hypothesis during discrete 4-day time bins following symptom onset. 

The presymptomatic period was not assessed, as few specimens from this period were 

available for analysis. Additionally, because COVID-19 diagnostics have analytical 

sensitivities that span several orders of magnitude, we tested this hypothesis for assays 

with LODs of 103, 104, 105, 106, 107 copies/mL; quantitative viral loads measured in each 

specimen were used to predict whether each specimen would reliably yield a positive 

result when tested by an assay of each LOD. For each time bin and each LOD, we 

generated two-by-two matrices to assess the detectability of morning or evening sampling 

within pairs of sequentially collected morning-to-evening (Figure 4.3) specimens. Each 

time bin and LOD that did not contain at least ten positive samples from saliva or nasal 

swab were excluded from this analysis. 

 

For saliva specimens, the advantage of morning sampling was statistically significant in 

all but two comparisons (Figure 4.3A); the two comparisons for which a nonsignificant 

advantage was observed occurred in the first 4 days of infection, at the LODs of the 

lowest- and highest-analytical-sensitivity assays (LODs of 106 and 103 copies/mL, 

respectively). As LOD increases, fewer pairs are predicted to have detectable virus in 

either the morning or evening specimen; for this reason, confidence intervals widen as 

the LOD increases, which results in decreased power to detect significant differences in 

detection by assays with higher LODs. Additionally, assays with lower LODs are able to 

reliably detect lower viral concentrations, decreasing the impact of fluctuations in viral 

load from morning to evening sampling on detection. 
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Morning sampling with nasal swab specimens also exhibited an advantage over 

evening sampling after 4 days from symptom onset, for all LODs (Figure 4.3B). In the 

first 4 days of infection, a nonsignificant advantage of evening over morning sampling 

was observed; in this phase of the infection, viral loads in nasal swab specimens typically 

rise rapidly from undetectable to high (Figure 4.1). Therefore, during this rapid rise, the 

specimen collected later within a pair of successively collected specimens would improve 

detection; indeed, when morning-to-evening pairs were assessed (Figure 4.3), the later 

(evening) time point had improved detection but when evening-to-morning pairs were 

assessed (Figure 4.S5), the later (morning) time point resulted in improved detection. 

 

Similarly, when viral loads are declining, one may expect the earlier time point within a 

pair of successively collected specimens to exhibit improved detection. We assessed 

whether this effect was responsible for the improved performance of morning sampling 

over evening sampling when pairs of successively collected morning-to-evening 

specimens were compared by performing an equivalent analysis of pairs of successively 

collected evening-to-morning specimens (Figure 4.S5). Even with evening-to-morning 

pairing, morning sampling exhibited an advantage over evening sampling for all 

comparisons with saliva and nearly all comparisons with nasal swabs. In the three of 12 

comparisons where morning sampling with nasal swabs did not exhibit an advantage, two 

comparisons had equivalent detection by morning or evening sampling, and in the third 

comparison evening sampling exhibited only a nonsignificant advantage of less than 2% 

over morning sampling. 

 

This supports that the advantage of morning sampling over evening sampling for both 

saliva and nasal swabs was robust to whether the morning specimen is collected prior to 

or following the evening specimen. These results suggest that collecting saliva or nasal 

swab specimens for SARS-CoV-2 testing in the morning, immediately after waking, can 

significantly improve detection of symptomatic, infected individuals. 
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[Figure on previous page] Figure 4.3: Morning saliva or nasal swab specimen collection yields 

improved detection across infection stages and assay analytical sensitivities. For each 4-day time 

bin relative to symptom onset, pairs of sequentially collected morning-to-evening specimens 

were assessed. In each pair, the viral load in each specimen was used to predict a positive or 

negative result if tested by an assay with a given limit of detection (LOD) below or above the 

viral load, respectively. Bar plots show the fraction of pairs with a positive result in either the 

morning or evening specimen that would be detectable if the morning specimen (orange) or 

evening specimen (purple) were tested at a given LOD. Error bars indicate the 95% confidence 

interval. Bars are not shown (X) when fewer than 10 pairs had positive results at the given LOD 

during the infection time bin. Among LODs and infection time bins with more than 10 positive 

pairs, the percents detectable for morning versus evening specimens were compared by an upper-

tailed McNemar exact test, applied to the 2 × 2 table shown below each comparison. 

Resulting P values are shown above each comparison. Boldfaced values indicate significantly 

higher detection with morning sampling than with evening sampling. Analysis was performed on 

saliva specimens (A) and nasal swab specimens (B). Equivalent analysis for evening-to-morning 

pairs is shown in Figure 4.S5 in the supplemental material. Pos, positive; Neg, negative. 



 

 

116 

Discussion 

 

In this study, we quantitatively measured SARS-CoV-2 viral load with high frequency 

(twice per day) longitudinally through the course of mild COVID-19 infection in saliva 

for 70 individuals and in nasal swabs for 29 individuals. From these measurements, we 

identified a pattern of higher viral loads in saliva and nasal swab specimens collected in 

the morning after waking than in those collected in the evening. Although similar 

observations have been reported for nasopharyngeal swabs (20, 21), early morning versus 

spot oropharyngeal specimens (22), and early morning saliva versus nasopharyngeal 

swabs (23) and in wastewater surveillance (24), our study is unique and clinically 

relevant for three reasons: (i) we measured viral load in specimen types relevant to at -

home testing using a high-analytical-sensitivity RT-qPCR assay, which enabled us to 

infer the performance of diagnostic tests of different analytical sensitivities at each stage 

of infection; (ii) we collected specimens at high temporal resolution (morning and 

evening) longitudinally for 2 weeks, starting from early in the course of the infection via 

prospective sampling of high-risk populations; and (iii) our study provides the largest 

data set to date that investigates daily patterns in SARS-CoV-2 viral loads, with 1,194 

saliva and 661 nasal swab specimens collected longitudinally. From these data, we find 

compelling evidence that collecting samples for COVID-19 testing in the morning upon 

waking can significantly improve detection of infected individuals. 

 

The biological and physiological reasons for higher SARS-CoV-2 viral loads in the 

morning remain unknown but may be due to accumulation of viral material overnight or 

related to viral replication and immune function. Similar to the improved performance of 

at-home pregnancy tests with morning urine due to accumulation of human chorionic 

gonadotropin (25), improved detection of SARS-CoV-2 may be the result of physical 

accumulation of material (e.g., cells, virions, and nucleic acids) in the upper respiratory 

tract due to supine positioning (aiding mucociliary clearance) and/or the decreased rate 

of swallowing at night (26). Higher morning viral loads being due to physical 

accumulation of nucleic acids is supported by an increased abundance of the constitutive 



 

 

117 

human RNase P target in saliva and nasal swab specimens collected in the morning 

(see Figures 4.S2A and 4.S3A in the supplemental material). Human salivary production 

decreases overnight (27), suggesting that higher morning viral loads could be due to a 

concentration of virus when saliva volume is lower. Given that some individuals exhibit 

this phenomenon independently of human RNase P target abundance (Figures 4.S2B and 

4.S3B), a circadian rhythm in viral replication may also contribute. Regulation and 

responsiveness of the immune system have been linked to circadian rhythms (28,  29), 

shown to affect SARS-CoV-2 infection of monocytes in cell culture (30) and proposed 

as a modulating factor for COVID-19 severity and management (31). Others have 

proposed cellular interactions between viral proteins and circadian rhythm-dependent 

host signals (32) and demonstrated circadian rhythm-dependent entry and proliferation 

of SARS-CoV-2 in lung epithelial cell types in culture (33). Regardless of mechanism, 

because higher viral loads are associated with replication-competent culturable virus 

(34, 35), these findings may also suggest a higher risk of transmission in the morning. 

 

As many individuals remain unvaccinated and new variants emerge, it remains critical to 

identify infections, promptly isolate infected persons, trace and quarantine contacts, and 

initiate early treatment to improve efficacy. Much of the world lacks access to tests with 

high analytical sensitivity (36–38). Our findings suggest that strategically collecting 

specimens in the morning immediately after waking up may improve the performance of 

available low- to moderate-analytical-sensitivity tests. Morning sampling will not raise 

the performance of tests with low analytical sensitivity to the levels of those with higher 

analytical sensitivity; however, even marginal improvements in detection have been 

shown to reduce deaths from COVID-19 (39). 

 

This study is subject to five main limitations. First, we had a limited number of specimens 

collected prior to the onset of symptoms, limiting our ability to discern a difference in 

detectability with morning or evening specimens during the presymptomatic phase of 

infection. Second, this study was performed prior to the dominance of the Delta and 

Omicron variants of SARS-CoV-2, which may exhibit different viral load kinetics. Host 
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factors, including vaccination status, may also influence viral load kinetics; nearly all 

individuals in this cohort were unvaccinated. Third, specimens were self-collected 

without supervision and thus may have had a different quality from those collected by a 

health care professional. However, many COVID-19 diagnostics in use utilize self-

collected specimens, and measurements of the human RNase P gene suggest consistent 

sampling without failure to collect sufficient material. Fourth, we quantified viral load 

using RT-qPCR with SARS-CoV-2 N gene target. Many COVID-19 diagnostics 

utilize N gene targets, and N gene viral loads have been shown to track with other gene 

targets, suggesting that N gene quantification to viral load conversion would be 

representative to demonstrate a general phenomenon relevant for diagnostics detecting 

other viral targets. Fifth, this analysis involves inferring positivity by assays with various 

analytical sensitivities (LODs), based on the quantitatively measured viral loads. A direct 

comparison with a specific test is needed to test real-world efficacy. 

 

Materials and Methods 

 

Study design 

Participants were recruited for participation in a COVID-19 household transmission 

study as previously described (9, 19). Briefly, if at least one member of a household with 

two or more persons had a positive COVID-19 test result within 7 days or was suspected 

to be positive, all household members aged 6 years and older were eligible to participate. 

Participants began collecting saliva or saliva and nasal swab specimens on the evening 

of enrollment and each subsequent morning and evening (as described below). COVID-

19-like symptoms were reported via questionnaire with each specimen collection time 

point. 

 

For participants who were SARS-CoV-2 positive when initially enrolled in the study, 

symptom onset was defined as the date of first symptoms reported in an enrollment 

questionnaire. For participants who entered the study SARS-CoV-2 negative but had 

unrelated symptoms, symptom onset was the first instance of a new COVID-19-like 
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symptom or an increase in symptom severity following their first SARS-CoV-2-

positive specimen. 

 

Specimen collection 

Participants self-collected anterior nares nasal swab and saliva specimens in the 

Spectrum SDNA-1000 Saliva Collection Kit (Spectrum Solutions LLC, Draper, UT), at 

home twice per day (after waking up and before going to bed), per manufacturer’s 

guidelines (although Spectrum devices are not currently authorized for the collection of 

nasal swab specimens). One participant self-collected both anterior nares nasal swab and 

saliva specimen in Nest viral transport medium (VTM) (catalog no. NST-NST-202117; 

Stellar Scientific, Baltimore, MD), and three individuals collected their nasal swab 

specimens in VTM and their saliva specimens in the Spectrum SDNA-1000 Saliva 

Collection Kit. Participants were instructed not to ingest anything, smoke, or brush their 

teeth for at least 30 min prior to collection. For nasal swab collection, participants were 

asked to gently blow their noses before swabbing (four complete rotations with gentle 

pressure in each nostril) with sterile flocked swabs. A parent/guardian assisted minors 

with collection. At collection, participants recorded the date and time and any symptoms 

experienced in the previous 12 h. Specimens collected between 4 a.m. and 12 p.m. were 

defined as morning; specimens collected between 3 p.m. and 3 a.m. were defined as  

evening (see Figure 4.S1 in the supplemental material). 

 

Cohort of individuals with SARS-CoV-2 infection 

Between September 2020 and April 2021, 72 participants from 39 households in southern 

California had acute SARS-CoV-2 infection. Of these, two never reported experiencing 

symptoms and were not included in subsequent analyses where viral loads are aligned 

with date of symptom onset. Of the 70 symptomatic individuals from 37 households 

included in the analyses (Table 4.1), all 70 collected saliva specimens while a subset of 

29 individuals collected both saliva and nasal swab specimens every morning and every 

evening while enrolled, from which we quantified viral loads. 

 



 

 

120 

Individuals were enrolled at various stages of infection. Of the 70 infected, 

symptomatic individuals, 58 were positive for SARS-CoV-2 in the first saliva or saliva 

and nasal swab specimen collected upon enrollment while twelve were initially negative 

but became positive while enrolled in the study; of these twelve individuals, seven were 

collecting both saliva and nasal swabs, and the viral loads and symptoms of these 

individuals have been previously reported (6). Of the 58 cases positive on enrollment, 50 

(86.2%) were already experiencing mild COVID-19-like symptoms and 8 (13.8%) were 

presymptomatic. Of the 20 individuals who were either presymptomatic (8) or negative 

for SARS-CoV-2 (12) on enrollment, COVID-19 symptom onset occurred an average of 

1.2 days after the first SARS-CoV-2-positive saliva specimen. 

 

The mean age of the saliva cohort was 32.8 years (standard deviation [SD], ±16.0 years), 

and the mean age was 33.9 years (SD, ±15.2 years) among those collecting both saliva 

and nasal swabs. Health conditions and medications that may have impacted viral load 

kinetics are provided for individual participants in the supplemental material. No 

participants required hospitalization. At the time of these participants’ enrollment in the 

study (September 2020 to April 2021), vaccines were either unavailable or limited to 

priority groups. Only one individual (Figures 4.S2H and 4.S3H) reported receiving a 

COVID-19 vaccine (first dose of Pfizer-BioNTech COVID-19, ~3 weeks before 

enrollment). 

 

  



 

 

121 
Table 4.1: Demographic and medical information was collected via online questionnaire upon 

study enrollment. All participants (No.=70) collected saliva; of these 70, 29 additionally collected 

nasal swabs   

      Participants Contributing Sample Type  

      Saliva   

Saliva and Nasal 

Swabs  

      70  29  

Sex*              

   Male  25  35.7%  9  31.0%  

   Female  45  64.3%  20  69.0%  

Age              

   6–11  6  8.6%  1  3.4%  

   12–17  9  12.9%  4  13.8%  

   18–24  9  12.9%  3  10.3%  

   25–35  17  24.3%  10  34.5%  

   36–45  12  17.1%  3  10.3%  

   46–55  11  15.7%  6  20.7%  

   56–65  5  7.1%  2  6.9%  

   65+  1  1.4%  0  0.0%  

Race              

   Asian / Pacific Islander  6  8.6%  2  6.9%  

   Black / African American  2  2.9%  2  6.9%  

   Native American   0  0.0%  0  0.0%  

   White  33  47.1%  15  51.7%  

   Multiple Races  4  5.7%  3  10.3%  

   Other/Unknown†  25  35.7%  7  24.1%  

Ethnicity              

   Hispanic  52  74.3%  21  72.4%  

   Non-Hispanic  17  24.3%  8  27.6%  

   Unknown  1  1.4%  0  0.0%  
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Tobacco Smoker or Vape User History              

   Current  5  7.1%  3  10.3%  

   Former  15  21.4%  9  31.0%  

   Never  43  61.4%  16  55.2%  

   Unknown  7  10.0%  1  3.4%  

Active Medications and Supplements              

   Vitamins/Supplements  47  67.1%  21  72.4%  

   Acetaminophen/NSAIDs‡  33  47.1%  13  44.8%  

   Allergy medications/Antihistamines  11  15.7%  3  10.3%  

   Antibiotics/Antivirals  3  4.3%  0  0.0%  

   Steroid drug  3  4.3%  1  3.4%  

Medical Comorbidities              

   Asthma   6  8.6%  1  3.4%  

   Anxiety or Depression  4  5.7%  2  6.9%  

   Diabetes  4  5.7%  3  10.3%  

   Obesity  4  5.7%  2  6.9%  

   Hypertension  3  4.3%  1  3.4%  

   Immunocompromise  0  0.0%  0  0.0%  

SARS-CoV-2 Vaccination Status§        

   Partially vaccinated  1  1.4%  1  3.4%  

   Completed vaccination  0  0.0%  0  0.0%  

   No vaccines reported  69  98.6%  28  96.6%  
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Extraction and quantification of viral load by RT-qPCR 

Specimen processing was performed as previously described (9). Briefly, 400 or 200 μL of 

fluid from each saliva or nasal swab specimen, respectively, was extracted using the 

MagMAX Viral/Pathogen nucleic acid isolation kit (ThermoFisher Scientific; catalog no. 

A42352), followed by the CDC 2019-novel coronavirus (2019-nCoV) real-time RT-PCR 

diagnostic panel, which targets the SARS-CoV-2 N1 and N2 genes, as well as a 

human RNase P control. N1 gene CT values were converted to viral load using an equation 

derived from a standard curve of heat-inactivated SARS-CoV-2 particles spiked into human 

specimen matrix validated previously by independent RT-double differential PCR (ddPCR) 

measurement (6). 

 

Statistical analyses 

Initial processing was performed in Python v3.8.2, with calculation of log-transformed 

averages (Figure 4.1). Data were exported, and differences in CT from sequential specimens 

were calculated in Microsoft Excel (Figure 4.2A to D). Plots were prepared in GraphPad 

Prism 9.2.0, including calculation of medians (Figure 4.2). For comparison of the differences 

between morning and evening viral loads and differences in CT values, the Wilcoxon 

matched-pair signed-rank test was performed using GraphPad (Figure 4.2). An upper-tailed 

McNemar test to compare inferred percentages of infections detectable by assays with 

various LODs for specimens collected in the morning or evening (Figure 4.3 and Figure 

4.S5) was performed in Python v3.8.2 using the scipy.stats package (40). 

 

Data availability 

The data underlying the results presented in the study are available at CaltechDATA 

at https://data.caltech.edu/records/20049. 
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Supplemental Information 

 

Additional participant and specimen details from figure 4.1 

Viral load was quantified from an average of 32 saliva specimens (SD ±6 specimens) 

each from the twelve participants in the negative-on-enrollment cohort, while on average 

thirteen saliva specimens (SD ±10 specimens) each were processed from 58 participants 

positive-on-enrollment (Figure 4.S2). For nasal swabs, an average of 35 specimens (SD 

±7 specimens) were quantified from seven participants in the negative-on-enrollment 

cohort, while viral load was quantified in an average of seventeen nasal-swab specimens 

(SD ±9 specimens) from 22 participants who were positive on-enrollment (Figure 4.S3). 
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Figure 4.S1: Frequency of Saliva and Nasal-Swab Specimen Collection Times. Study participants 

either collected saliva only, or saliva then anterior nasal swab at the same time point, and were 

instructed to collect specimens immediately after waking up and immediately before bed (see 

Methods for detailed instructions). The frequency of specimens collected by each hour of the day 

is plotted for 1194 saliva specimens (A) and 661 nasal-swab specimens (B). Dashed vertical line 

indicates cutoff for morning (3 AM to 12 PM) and evening (3 PM to 3 AM) collected specimens 

used in this study.  
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[figure on next page] Figure 4.S2: Individual salivary RT-PCR Ct measurements, for SARS-

CoV-2 N1 gene target (red) and human RNase P control gene target (black), relative to symptom 

onset. Matching panel labels correspond to the same participant shown in Figure S3. Underlined 

panel labels indicate that the participant converted from SARS-CoV-2- negative to -positive 

while enrolled in the study. Gray dashed line indicates Ct threshold for positivity. ND indicates 

not detected.  
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Figure 4.S3: Individual nasal-swab RT-PCR Ct measurements, for SARS-CoV-2 N1 gene target 

and human RNase P control gene target. Each panel shows the measured SARS-CoV-2 N1 Ct 

values (red), and human RNase P Ct values (black) for an individual participant, relative to 

symptom onset. Matching panel labels correspond to the same participant shown in Figure S2. 

Underlined panel labels indicate that the participant converted from SARS-CoV-2-negative to -

positive while enrolled in the study. Gray dashed line indicates Ct threshold for positivity. ND 

indicates not detected. 
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Figure 4.S4: Aggregated SARS-CoV-2 N1 and human RNase P Ct values grouped by specimens 

collected in the morning and evening. A) Direct comparison of aggregated Ct values for SARS-

CoV-2 N1 gene target, measured from all SARS-CoV-2 positive saliva specimens from all 

participants, by either morning or evening collection time B) Direct comparison of aggregated 

Ct values for human RNase P target from all SARS-CoV-2 positive saliva specimens from all 

participants, by either morning or evening collection time C) Direct comparison of aggregated 

Ct values for SARS-CoV-2 N1 gene, measured from all SARS-CoV-2 positive nasal-swab 

specimens from all participants, by either morning or evening collection time D) Direct 

comparison of aggregated Ct values for human RNase P target from all SARS-CoV-2 positive 

nasal-swab specimens from all participants, by either morning or evening collection time. 

Specimens with morning collection times are shown as orange points, while evening are shown 

as purple points. Black lines indicate mean Ct value, with error bars representing standard 

deviation. Statistical comparison of Ct values for groups performed by unpaired t-test without 

correction: ns indicates nonsignificant difference, * indicates P <0.001. 
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Figure 4.S5: Morning saliva or nasal-swab specimen collection yields improved detection across 

infection stages and assay analytical sensitivities. For each four-day time bin relative to symptom 

onset, pairs of sequentially collected evening-to-morning specimens were assessed. In each pair, 

the viral load in each specimen was used to predict positivity if tested by an assay with a given 

limit of detection (LOD). Bar plots show the fraction of pairs with a positive result in either the 

morning or evening specimen that would be detectable if the morning specimen (orange) or 

evening specimen (purple) were tested at a given LOD. Error bars indicate the 95% confidence 

interval. Bars are not shown (X) when fewer than ten pairs had positive results at the given LOD 

during the infection time bin. Among LODs and infection time bins with more than ten positive 

pairs, the percent detectable for morning versus evening specimens were compared by upper-

tailed McNemar Exact Test, applied to the 2x2 table shown below each comparison. Resulting 

P-values are shown above each comparison. Bolded values indicate significantly higher detection 

with morning sampling over evening sampling. Analysis was performed on (A) saliva specimens 

and (B) nasal swab specimens. Equivalent analysis for morning-to-evening pairs is shown in 

Figure 3. 
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C h a p t e r  5  

THE RATIO BETWEEN SARS-COV-2 RNA VIRAL LOAD AND CULTURABLE 
VIRAL TITER DIFFERS DEPENDING ON STAGE OF INFECTION 
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Abstract 

 

Analysis of incident, longitudinal RNA viral loads in saliva and nasal swabs and culturable 

viral titers in nasal swabs collected twice-daily by a tricenarian male infected with SARS-

CoV-2 revealed the ratio between viral load and viral titer can be five orders of magnitude 

higher during early infection than late infection. 

 

Introduction 

 

Throughout the COVID-19 pandemic, the relationship between the detection of viral RNA 

and replication-competent virus has been used as guiding evidence for infection-control 

strategies. For example, studies suggesting that low viral load specimens are unlikely to have 

observable replication-competent virus (1) were used to argue that low-analytical-sensitivity 

antigen tests (which only detect high viral loads (2)) would more specifically identify 

infectious individuals (3, 4). Additionally, the lack of replication-competent virus in 

specimens collected more than a week after symptom onset (5–10) was used as evidence to 

release individuals from isolation despite persistently detectable viral RNA (11). 

 

 Assessment of replication-competent virus in clinical specimens is technically challenging 

(12) and therefore not routinely performed to determine whether an individual is infectious. 

Rather, the studies which have generated viral-culture data are often applied broadly to guide 

infection-control strategies (13). However, the design of such studies influences the data, 

conclusions, and resulting policies.   

 

Many studies that assess presence of replication-competent virus in specimens from 

individuals with SARS-CoV-2 infection are primarily cross-sectional, include data from only 

one specimen type, and are biased toward specimens collected late in the course of infection 

(e.g., after symptom onset) (4, 14–18). However, during the earliest phase of infection, 

detection of infected individuals can help reduce subsequent transmission (19, 20) and 

improve clinical outcomes (21). Few studies report viral loads starting from the incidence of 

acute SARS-CoV-2 infection (13, 22–29), and of these, few report both viral-load and viral-
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culture data (25, 27). If studies of replication-competent virus during SARS-CoV-2 

infection are insufficiently representative of early infection, resulting infection control 

policies may not be optimally effective.  

 

As part of the Caltech COVID-19 Study (23, 24, 30), we attempted to fill this gap by 

capturing both viral load and viral titer measurements longitudinally from the incidence of 

acute SARS-CoV-2 infection in a subset of participants at risk of becoming infected. Within 

this subset, one individual was found to have incident infection with the B.1.243 lineage of 

SARS-CoV-2 while enrolled and collecting twice-daily specimens, from which we measured 

both anterior-nares (nasal) swab viral load and viral titer. This participant also collected 

saliva specimens for viral-load measurements. SARS-CoV-2 N gene viral loads and human 

RNaseP marker Cq values in saliva and nasal swab specimens from this individual 

(Participant AC) have previously been reported (30). Here, we provide additional 

quantifications of SARS-CoV-2 E and RdRp gene viral loads and viral-titer measurements 

from this participant’s nasal-swab specimens to investigate the relationship of RNA viral 

load and infectious virus longitudinally from the incidence of naturally acquired infection.   

 

Results 

 

We report the case (Figure 5.1A) of a 30–39-year-old male (Participant AC), who does not 

smoke/vape and is otherwise healthy (no chronic medical conditions and self-reported health 

as “very good”). The participant did not report evidence of prior SARS-CoV-2 infection nor 

receipt of any SARS-CoV-2 vaccine doses. The participant reported taking Vitamin C and 

fish oil supplements, and no other medications. In late-January 2021, six days prior to 

enrollment in this study, the participant reported exposure to SARS-CoV-2. Three days prior 

to enrollment, the participant began experiencing a sore throat, but two days prior to 

enrollment tested negative on an outpatient, non-rapid nasopharyngeal test. At this time, a 

household contact of Participant AC (Participant AB, Figure 5.S1) tested positive, prompting 

eligibility of both Participant AC for enrollment in this study.  
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Upon enrollment, Participant AC had detectable and rising salivary viral loads, but was 

negative in anterior-nares nasal-swab specimens collected over the next day. During this 

time, the participant remained symptomatic with only a sore throat. In the subsequent day the 

participant developed shortness of breath and low (<105copies/mL) nasal viral loads without 

replication-competent virus detected by culture. After this point, the participant’s nasal swab 

specimens achieved high (>107 copies/mL) viral loads and high (>106 TCID50/mL) viral 

titers for approximately 3 days before gradually declining. Throughout this time, headaches, 

cough, congestion, change in taste/smell, muscle aches, and one event of severe nausea were 

reported, all of which resolved before completion of enrollment. 

 

Cross-sectional SARS-CoV-2 viral loads from different gene targets in nasal swab specimens 

correlated closely with each other (Figure 5.1A, Figure 5.S2A) and the relationship between 

viral loads from different gene targets remained proportional throughout the course of 

infection (Figure 5.S2B). Cross-sectional analysis of viral load and viral titer revealed that 

only high viral load nasal swab specimens (>108 N cp/mL) would contain replication 

competent virus (Figure 5.1B). Additionally, saliva viral load is less distinguishable between 

samples with and without replication competent virus in nasal swab specimens (Figure 5.1B). 

However, longitudinal analysis revealed that the ratio of nasal swab viral load and viral titer 

changed by over five orders of magnitude throughout the course of acute infection (Figure 

5.1C). This relationship indicates that RNA viral load alone, without considering infection 

stage, may not represent whether a specimen or a person is likely to be infectious or not. 

 

Discussion 

 

High-frequency nasal swab and saliva sampling from the incidence of infection, and paired 

measurements of viral load and viral titer in nasal swab specimens revealed four key findings 

uniquely enabled by this study design.   

 

First, saliva exhibited higher N gene viral loads than in nasal swabs for approximately the 

first two days of incident infection, after which nasal swab viral loads rose and remained 
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subsequently higher than saliva viral loads. This supports previous observations that 

SARS-CoV-2 often presents first in oral specimen types before anterior nares swabs (23, 24), 

and that testing a single specimen type (e.g., nasal swabs) may yield false negative results 

during early infection.   

 

Second, replication-competent virus was observed in nasal swabs at many timepoints when 

saliva viral loads were low. This suggests that the low viral load of one specimen type is not 

necessarily indicative of the absence of replication competent virus in another specimen 

type.  

 

Third, nasal-swab viral-load measurements from different gene targets (N, E, and RdRP 

genes) correlated strongly with each other longitudinally, such that measurement of any one 

viral RNA target was indicative of other viral RNA targets (31).  

 

Fourth, we note that the ratio between RNA viral load and culturable viral titer in nasal swabs 

decreased substantially (greater than five orders of magnitude) through the first week of 

infection. Cross-sectional analyses of data from Participant AC and in other studies (4, 15, 

18, 25, 32) have suggested a correlation between viral load and the presence of infectious 

virus. However, these cross-sectional analyses overlook that the relationship between viral 

load and infectious virus is dynamic, and that early viral loads are more indicative of viral 

titer than viral loads later in the infection. Therefore, earlier in the infection, individuals with 

lower viral loads could actually be more infectious than expected based on cross-sectional 

data.  

 

Data from a SARS-CoV-2 human challenge study (25) supported these conclusions (Figure 

5.S3). In that study, 36 human participants were inoculated intranasally with 10 TCID50 

virus, and 18 participants had subsequent sustained detectable infection. We reanalyzed 

longitudinal nasal swab viral load and viral culture data graciously provided by the study 

authors to compare to what was observed in Participant AC’s naturally acquired infection. 

Indeed, among specimens with replication competent virus, the average ratio between viral 
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titer and viral load at each timepoint after inoculation decreased by nearly four orders of 

magnitude in the five days following inoculation. 

 

Taken together, these results caution against conclusions about infectiousness that assume a 

constant ratio of RNA viral load and culturable viral titer, commonly inferred based on cross-

sectional data or from single specimen types (4, 33–35). Assuming a constant ratio of RNA 

viral load and culturable viral titer may not reflect early infection or all anatomical sites from 

which transmissible virus can be shed, and therefore may be suboptimal evidence for public 

health policies that seek to reduce transmission.   

 

We acknowledge three main limitations. First, data are from a single unvaccinated person 

with acute SARS-CoV-2 B.1.243 infection, prior to the availability of COVID-19 vaccines 

and the emergence of currently circulating variants. Infection characteristics may exhibit 

substantial person-to-person variation, and vaccination status and/or viral variant may affect 

the relationship between viral load and viral titer (36). Second, Participant AC collected 

saliva specimens in a preservation buffer that precluded the ability to perform viral culture, 

thereby prohibiting inferences on the relationship between saliva viral load and viral titer, or 

saliva viral titer and nasal viral titer. Third, the lack of detection of replication-competent 

virus by viral culture may not reflect a true absence of replication-competent virus in the 

specimen or shedding of infectious virus by the individual as specimen collection, handling, 

and storage affect virion viability (37, 38). Moreover, both the methods of attempted viral 

culture and viral characteristics can affect the analytical sensitivity to detect replication-

competent virus (39). Therefore, it is possible that replication-competent virus was present 

in the first two nasal-swab specimens with detectable viral RNA collected by this participant, 

but at a concentration below the LOD by viral culture.   

 

The data presented here is rare and challenging to obtain. We hope that similar datasets of 

viral load and viral titer in paired specimen types collected longitudinally starting from early 

infection can be made accessible for meta-analysis and guide optimized public health 

strategies that reduce the burden of SARS-CoV-2 or other pathogens. 
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Figure 5.1: The viral load and viral titer trajectories from a single study participant from the incidence 

of infection. (A) A timeline of Participant AC’s infection is shown with notable case events (exposure, 

symptom onset, study enrollment), as well as SARS-CoV-2 viral loads in saliva (circles) and anterior-

nares nasal swabs (triangles) on the left y-axis, and SARS-CoV-2 viral titer (log10 TCID50/mL) on the 

right y-axis. Human RNaseP Cq values are shown as a measure of sampling consistency and specimen 

RNA integrity. (B) Cross-sectional relationship of SARS-CoV-2 viral load (log10 N copies/mL, y 

axis) in nasal swab specimens (triangles) or saliva specimens (circles) based on whether viral culture 

positivity (yellow) of the nasal swab from the same timepoint. Black horizontal bars indicate median 

viral load. (C) For specimens with detectable viral titer and viral load, the ratio of viral titer 

(TCID50/mL) over N gene viral load (copies/mL) in nasal swab specimens collected by the participant 

is plotted through days of enrollment. The open symbol indicates a specimen with detectable but not 

quantifiable viral titer, for which 100 TCID50/mL was imputed. ND, not detected. 
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Methods 

 

Participant consent statement 

This COVID-19 household transmission study was approved under California Institute of 

Technology Institutional Review Board under protocol #20-1026, as previously described 

(23, 30).   

 

Study design and specimen collection  

Enrolled participants began self-collecting saliva and nasal swab specimens immediately 

upon receipt of specimen collection materials at enrollment, and then each subsequent 

morning (immediately after waking), and evening (prior to bed). Participants self-collected 

anterior-nares nasal swabs in Nest VTM (catalog no. NST-NST-202117; Stellar Scientific, 

Baltimore, MD) and saliva specimens in the Spectrum SDNA-1000 Saliva Collection Kit 

(Spectrum Solutions LLC, Draper, UT). Study participants were instructed not to eat, smoke, 

chew gum, or brush their teeth for at least 30 min prior to collection and asked to gently blow 

their noses before nasal swabbing (four complete rotations with gentle pressure in each 

nostril) with sterile flocked swabs. Specimens were transported daily by medical courier to 

the Caltech laboratory for analysis. Additional reagent information is tabulated in Table S1.  

 

Nucleic acid extraction, quantification of viral load by RT-qPCR, and viral variant 

determination  

Nucleic-acid extraction was performed as previously described (23). Conversion from RT-

qPCR Cq to viral load (in copies/mL) was determined via calibration curves, reported for N 

gene previously (23), and built for E and RdRP gene using standard positive controls (IDT 

10006896, IDT 10006897):  

 

𝐸 [
𝑐𝑝

𝑢𝐿
] = 2

38.241−𝐶𝑞
0.9841  

𝑅𝑑𝑅𝑃 [
𝑐𝑝

𝑢𝐿
] = 2

39.085−𝐶𝑞
0.8981  

Nucleic acids extracted from the 7th saliva and nasal swab specimens collected by the 
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participant underwent viral sequencing and variant determination as previously described 

(23). 

 

Measurement of viral titer 

Tissue culture infection dose to infect 50% of test cultures (TCID50) assay was performed to 

measure the viral titer in VTM samples. Briefly, 500 μl VTM sample was filter-cleaned with 

a spin column (CLS-8160, Corning). VeroE6 cells ectopically expressing human ACE2 and 

TMPRSS2 (VeroE6-AT cells; a gift from Dr. Barney Graham, National Institutes of Health, 

Bethesda MD)  were seeded confluent in a 96-well plate, after replacing the seeding medium 

with 90 µL of assay medium (Dulbecco’s Modified Eagle Media (DMEM) + 2% heat 

inactivated Fetal Bovine Serum (FBS) + 10 mM HEPES + 1% Penicillin/Streptomycin), 10 

µL of filtered VTM sample was added to the first row of the plate as the starting inoculation. 

Then, 10-fold serial dilutions were performed in the 2nd through 7th rows, leaving the 8th 

row as the negative control. Each sample was tested with five replicates. Cells were fixed 

with 10% formaldehyde and stained with 1% crystal violet three days post infection. Digital 

photographs were taken, and cell death indicated by clear areas in a well, were scored to 

calculate TCID50.   
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Supplementary Information 

 

Table 5.S1. Reagent list. Table includes all reagents utilized in this study.   

Step  ReagentName  Description  Manufacturer  Catalogue 
Number  

Specimen 
Collection  

Spectrum SDNA1000 
Saliva Collection 
Device  

For at-home collection of 
spit saliva into a 
guandinium-thiocyanate 
based preservation buffer  

Spectrum 
Solutions LLC  

SDNA1000  

Specimen 
Collection  

NEST Scientific 10mL 
Sterile Screw-Cap 
Transport Tube with 
3mL VTM  

For at-home collection of 
nasal swab specimens into 
media that maintains live 
virions  

Stellar 
Scientific  

NST-NST-
202117  

Nucleic Acid 
Extraction  

MagMAX™ 
Viral/Pathogen Nucleic 
Acid Isolation Kit  

For extraction of nucleic 
acids from clinical upper 
respiratory specimens  

ThermoFisher 
Scientitif  

A42352  

Viral Load 
Quantification  

TaqPath™ COVID-19 
Combo Kit  

For RT-qPCR measurement 
of human RNaseP and 
SARS-CoV-2 N gene  

ThermoFisher 
Scientific  

A47814  

Viral Load 
Quantification  

Heat-inactivated SARS-
CoV-2 2019-nCoV/USA-
WA1/2020  

Extraction control and 
standard for RT-qPCR 
quantification   

BEI  NR-52286  

Viral Load 
Quantification  

2019-nCoV_E Positive 
Control  

Standard for RT-qPCR 
quantification   

IDT  10006896  

Viral Load 
Quantification  

2019-nCoV_RdRp 
(ORF1ab) Positive 
Control  

Standard for RT-qPCR 
quantification   

IDT  10006897  

Viral Load 
Quantification  

E_Sarbeco_F1 Forward 
Primer, 50 nmol  

Forward primer for RT-
qPCR measurement of 
SARS-CoV-2 E gene  

IDT  10006888  

Viral Load 
Quantification  

E_Sarbeco_R2 Reverse 
Primer, 50 nmol  

Reverse primer for RT-
qPCR measurement of 
SARS-CoV-2 E gene  

IDT  10006890  

Viral Load 
Quantification  

E_Sarbeco_P1 (FAM) 
Probe, 25 nmol  

Probe for RT-qPCR 
measurement of SARS-
CoV-2 E gene  

IDT  10006892  

Viral Load 
Quantification  

RdRP_SARSr_F2 
Forward Primer, 50 
nmol  

Forward primer for RT-
qPCR measurement of 
SARS-CoV-2 RdRp gene  

IDT  10006860  

Viral Load 
Quantification  

RdRP_SARSr_R1 
Reverse Primer, 50 
nmol  

Reverse primer for RT-
qPCR measurement of 
SARS-CoV-2 RdRp gene  

IDT  10006881  
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Viral Load 
Quantification  

RdRP_SARSr_P2 (SUN) 
Probe, 25 nmol  

Probe for RT-qPCR 
measurement of SARS-
CoV-2 RdRp gene  

IDT  10007063  

Viral Culture  Culture Media   DMEM  
2%FBS (heat inactivated)  
1% Penicillin-
Streptomycin  
1% HEPES (1M)  

 Fisher 
Scientific  
Fisher 
Scientific  

MT10013CV  
SH30071.03  
MT30002CI  
MT25060CI  

Viral Culture  Cell Line   VeroE6-AT  A gift from Dr. 
Barney 
Graham (NIH)  

   

Viral Culture  Stain for Readout  
 1% crystal violet   
20% Ethanol  

Sigma_Aldrich  
Fisher  

C-6158  
4355222  
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Figure 5.S1: The viral load and viral titer trajectories from a single study participant from the 

incidence of infection. (A) A timeline of this participant’s infection is shown with notable case events 

(e.g. exposure, positive nasopharyngeal outpatient test, study enrollment), as well as SARS-CoV-2 

viral loads (log10 copies/mL) in saliva (circles) and anterior nares nasal swab (triangles) on the left 

y-axis, and SARS-CoV-2 viral titer (log10 TCID50/mL) on the right y-axis. Human RNaseP Cq 

values are shown as a measure of sampling consistency and specimen RNA integrity. ND, not 

detected. 
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Figure 5.S2: Swab viral loads measured from N, E, and RdRP genes remain constant with respect to 

each other through the course of infection. (A) The viral load from one gene is plotted on the y axis 

with respect to another gene comparing RdRP and E genes (blue triangle), E and N genes (green 

triangles), and RdRP and N genes (tan triangles). (B) The ratios of viral loads are plotted over days 

post-enrollment for RdRP and E genes (blue triangle), E and N genes (green triangles), and RdRP and 

N genes (tan triangles). Viral loads that were not detected were omitted from analysis. ND, not 

detected.  
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Figure 5.S3: Longitudinal ratio of viral titer to viral load from participants in SARS-CoV-2 human 

challenge study. As part of a SARS-CoV-2 human challenge study performed in (1), participants 

were inoculated intranasally with 10 TCID50 virus. Eighteen participants had subsequent sustained 

detectable infection in nasal swab and throat swab specimens collected daily after inoculation. Viral 

load and viral culture data from these specimens was graciously provided by the authors of this study. 

We plotted the log10 transformed ratio of viral titer to viral load in nasal swabs, for all specimens 

with replication competent virus, by the time from inoculation (green triangles). Green line represents 

the average log10 transformed ratio of viral titer to viral load among culture-positive nasal swab 

specimen, for each day following inoculation.    
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Generated data for the following claims: 

• Performing MEM on BAL samples significantly reduces host (human) DNA mass 

by over 1000-fold and preserves fungal DNA within 10x in BAL (Figure S2) 

• MEM preserves fungal DNA and community composition in vitro according to 

qPCR and ITS/18S amplicon sequencing. Preservation of 18S rRNA demonstrates 

whole, intact fungal cells are preserved through MEM (Figure 2, Figure S4). 

• Fungal MAGs were assembled de novo with high completion in BAL samples with 

fungal loads as low as 10 pg per 200 μL of BAL (Figure S1). 

RA: Assisted with overall study design. Helped with BAL nucleic acid extractions. 
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more for larger contigs (>10^3.5bp) than those not processed by MEM (Figure 

6.1e, Figures 6.S3a, b, c, d, e, f, g).   

• Fungal reads from BAL specimens (MEM processed and without) mapped back to 

fungal isolate genomes, suggesting that enrichment does not create fungal reads from 

contamination artifacts, etc. 

o The reads obtained from the +MEM BAL were generally recruited back to 

the isolate MAG with high depth of coverage, of 16.9x, 162.3x, 97.6x, and 

5.3x depth for BAL_011, BAL_148, BAL_160, and BAL_170 (C. glabrata), 

respectively. 

o In contrast, reads obtained from the -MEM BAL recruited to the isolate MAG 
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BAL_148, BAL_160, and BAL_170 (C. glabrata), respectively.  
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MEM processing, respectively).   

• Summary statistics of the MAGs 

o ANI, completion, contamination for each of the isolate genomes and 

reference-assembled MAGs from BAL (Figure 6.S5, Figure 6.4, Figure 6.S6, 

Figure 6.S7).  

▪ De novo MAGs were assembled from BAL_148 and BAL_160 with 

high completion (97.4% and 93.5%, respectively) and low 

contamination (0.1% and 1.5%, respectively), as determined by 

BUSCO (Figure 6.4 a, b) 

▪ High quality reference-assembled MAGs were assembled from the 

MEM processed BAL samples with high completion (97.4% and 

93.5% for BAL_148 and BAL_160, respectively ) and minimal 

contamination (0.1% and 1.5% for BAL_148 and BAL_160, 

respectively) (Figure 6.4c, d) 
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▪ The reference assembled MAGs have high ANI (100.0% and 

100.0% for BAL_148 and BAL_160, respectively) to the isolate 

genome. Fungal MAGs assembled directly from the BAL samples 

were taxonomically identical to the fungal isolate genomes and have 

high concordance (Figure 6.4c, d) 

▪ Comparatively, the reference assembled MAGs have lesser ANI 

(96.3% and 99.3% for BAL_148 and BAL_160, respectively) to the 

reference genomes compared to the isolate genomes, suggesting that 

they are genetically more similar to their cultured isolate than the 

NCBI reference genome (Figure 6.4c, d) 

▪ With referenced-based assembly, the MAG for C. lusitaniae from 

BAL_011 could be completed with 95.4% and 0.0% contamination, 

and the MAG for C. glabrata from BAL_170 could be completed 

with 48.8% with 0.5% completion (Figure 6.S6) 

▪ For both sets of MAGs, the ANI between the reference-assembled 

MAG and the isolate genome was higher than the ANI between the 

reference-assembled MAG and the NCBI genome (99.9% vs. 98.2% 

for BAL_011, and 98.3% vs. 97.6%). (Figure 6.S6).  
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Abstract 

 

Fungi have been heavily implicated in human health and disease, but their exact roles, 

whether pathogenic or commensal, are not fully understood.  One reason for this dearth in 

understanding is due to the lack of tools the microbiome field has for investigating the 

interactions between fungi and the host. Current methods for studying fungi (culture, qPCR, 

and amplicon sequencing) provide mostly taxonomic information; they do not yield the 

functional information needed to discern mechanistic insights between fungi and host. 

Shotgun metagenomic sequencing provides both taxonomic and functional information but 

is challenging to perform directly from clinical specimens (without a culture step) because 

clinically relevant fungi are often present at low relative abundance (<0.05%) compared with 

host cells. In this study, we expand a recently developed microbial enrichment method 

(MEM) to enrich for low-abundance fungi to enable metagenomic sequencing directly from 

bronchoalveolar lavage (BAL) specimens. We show that MEM enables high-quality 

characterization of fungal metagenomes in host-rich BAL samples by reducing host DNA 

mass by more than 1000-fold while preserving fungal load within 10x of the original DNA 

mass. Shotgun sequencing of MEM-processed clinical specimens enabled characterization 

of low-abundance fungal taxa (as low as 10 ng fungal DNA per 200 µL BAL). We report the 

assembly of fungal contigs and metagenome-assembled genomes (MAGs) de novo from 

MEM-processed BAL specimens, with high completion (at least 93.4% as determined by 

BUSCO) and low contamination (at most 1.5% as determined by BUSCO). MEM is a tool 

that can enable metagenomic sequencing and deep characterization of fungal communities 

directly from samples rich in host DNA. We anticipate that MEM processing will have utility 

in numerous applications relevant to public health (such as tracking new fungal pathogens), 

clinical treatment (such as identifying antifungal resistance genes), and research into 

complex diseases with suspected fungal roles (such as inflammatory bowel disease and 

cancer).  
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Introduction 

 

Fungi play significant roles in both human disease and maintenance of health (1–5). Fungal 

pathogens cause some of humanity’s most prevalent diseases (such as candidiasis) and 

deadly infections (such as aspergillosis); however, most human-associated fungi are benign 

or commensal members of the human microbiome (4, 6–10). Adaptable and opportunistic, 

fungi can colonize or infect diverse human anatomical locations, including mucosal surfaces 

(respiratory tract (5), vagina (11), gastrointestinal tract (12–14), skin and nails (15), urine 

(16), and blood (fungemia) (17, 18). Most of the 1000 to 1 billion fungal spores introduced 

to the human body daily (19) are rapidly cleared by immune cells; however, some 

individuals, such as those who are immune compromised, are at high risk for deadly fungal 

infections (20). 

 

Despite their prevalence and impacts on human health, fungal infections are commonly 

under-diagnosed (21, 22) and/or incorrectly treated. The gold standard for fungal diagnostics 

is culture, which is unacceptably slow (up to 4 weeks) (23) and has poor sensitivity (50%) 

(24, 25). Faster and more sensitive diagnostics for identification of both known and emerging 

fungal pathogens are needed, particularly for vulnerable populations. Additionally, because 

a rising number of fungal pathogens are resistant to antifungals—including more than 90% 

of Candida auris isolates (22, 26)—it is also critical to be able to quickly identify any 

resistance genes to select the most appropriate antifungal treatment. Genome level 

characterization is necessary to identify where the mutations that confer these antidrug 

resistance and virulence properties are taking place on the genome and trace these mutations 

phylogenetically to see how they may have been acquired to help understand their evolution 

(27).  

 

Similarly, there are many knowledge gaps in our understanding of both the extent and the 

exact roles of fungi in human microbiomes. Some fungi seem to contribute positively—

maintaining gut homeostasis (10), interacting with the host immune response (4, 28, 29), or 

blocking pathogens from invading (10, 30). Other fungi in the human microbiome seem to 
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drive disease under certain conditions (31), as mycobiome dysbiosis has been implicated 

in various diseases (32), such as IBD (31, 33), cancer (34–36), and celiac (37, 38). In fact, 

the mycobiome literature is often contradictory; a particular fungal species appears protective 

in some individuals or under certain conditions, but harmful in a different context. For 

example, Candida albicans seems to contribute directly to the pathogenesis in two of the 

most common vaginal diseases, BV and VVC, yet in some individuals this same species 

seems to be a benign vaginal commensal, even when present at high loads (39). Such 

contradictory findings highlight the need for genome-level understanding and functional 

characterization of fungi, which requires analyses performed directly on clinical samples (not 

via a culture step). 

 

Both of these gaps in the mycobiome field (the inability to rapidly diagnose and correctly 

treat fungal pathogens, and our poor understanding of the functional role of fungi in human 

microbiomes) are due to technological limitations (40, 41). Fungal diagnostic methods are 

lacking (40,41), especially for rare, emerging, and diverging fungal pathogens. As mentioned 

above, the gold standard for fungal diagnostics is culture, which can take days to weeks (23), 

and is limited to the fungi that can grow outside of the human body. Culture alone also cannot 

inform on morphologically indistinguishable strains or subpopulations. Additionally, 

genotypic subpopulations, such as those that are more virulent or that contain resistance 

genes, may compete poorly in culture (42).  

 

PCR is a faster modality and has much higher sensitivity compared with culture-based 

methods. Primers have been developed for many clinically relevant fungi (43, 44) and for 

some well-characterized virulence genes (45, 46). However, as a gene-targeted method, PCR 

still requires a priori knowledge of the sample to select appropriate primers, and PCR cannot 

provide functional information. 

 

Amplicon sequencing, which targets highly conserved genetic segments (such as ITS and the 

18S rRNA gene) yields more comprehensive fungal taxonomic information and can 

sometimes resolve down to species-level (47). However, as another gene-targeted method, 
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amplicon sequencing cannot provide strain-level taxonomy nor can it inform on 

functional differences, such as the presence or absence of any resistance, virulence, or 

metabolism genes without a priori knowledge. Moreover, unlike for bacteria, for which 

databases have been constructed and curated for many genes of interest, fungal genomic data 

are relatively scarce. Thus, it is difficult to obtain a priori information of fungal genes, 

strains, and SNPs.  

 

Metagenomic shotgun sequencing overcomes all these limitations by analyzing the genomic 

content of the entire microbial community in a sample. Shotgun sequencing yields millions 

of DNA sequences (reads) that can be assembled into longer sequences or onto reference 

genomes, providing strain-level information and the ability to characterize functional 

capabilities (48). However, performing metagenomic sequencing of fungi directly from host-

rich clinical samples has been challenging to impossible due to the high amount of human 

host DNA relative to fungal DNA (48). For example, the relative abundances of human DNA 

can be as high as 95% in saliva (49), 99% in BAL (50), 99.99% in mucosal biopsies (48), 

and 85% in vaginal swabs (51). In this study, the fungal DNA in these clinically relevant 

samples was low as ~10 pg in 200 µL in a BAL sample, which is 100x lower than the typical 

input for library preparation for Illumina sequencing. Sequencing more deeply is expensive 

and still does not overcome the limitations posed by high host content because the 

overwhelming majority of the reads will still belong to the host (48). This technical limitation 

needs to be overcome because both pathogenic and mutualistic fungi are often found at low 

abundance in host-rich mucosal tissues, such as the oral cavity (49), GI tract (12–14) and 

lungs (50). 

 

Genomic characterization of fungi directly from host-rich clinical samples (without a culture 

step) is critically needed to enable: (1) complete characterization of fungi in a clinical 

samples, even species that are unculturable; (2) faster and higher resolution taxonomic 

identification; and (3) the identification of single-nucleotide variants (SNVs) in key 

functional genes, such as those that may confer virulence, antifungal resistance, biofilm 

formation, or the ability to colonize. These three capabilities would both guide appropriate 
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treatment of infections and greatly improve our understanding of the mechanistic role 

fungi play in human health (52, 52).  

 

Although a few previous studies directly shotgun-sequenced host-rich clinical samples to 

study fungi, they lacked a pre-sequencing fungal-enrichment step, so the resulting 

sequencing assemblies yielded only taxonomic information (54-57). A wide variety of host-

removal (aka host-depletion) methods have been developed (58-63), but none have been 

sufficiently effective to enable fungal MAG construction from relevant sample types high in 

host material (such as vaginal mucosal swabs or respiratory samples).The only studies to 

date that have assembled high-quality fungal genomes directly from clinical samples 

(without culture) used samples with low host loads, such as stool, where only ~10% of 

sequencing reads are attributed to host (64). 

 

To take full advantage of the capabilities of metagenomic sequencing to study fungi, the field 

critically needs a method to simultaneously deplete the human component and enrich the 

fungal component in challenging human-rich (and mucus-rich) clinical samples. Our lab 

recently developed a MEM that was effective in reducing host DNA by over 1000x in tissue 

biopsies while preserving bacterial DNA and community composition (48). This method 

enabled the first construction of MAGs of bacteria and archaea directly from host-rich human 

intestinal biopsies. In this paper, we extend and validate MEM to fungi to perform the first 

fungal metagenomic analysis and MAG assemblies directly from host-rich clinical sample 

types. We selected for our demonstrations two clinically relevant and mucus-rich sample 

types (BAL, vaginal swabs) that contained low (down to 10 pg of fungal DNA per 200 μL 

BAL) fungal biomass. 

 

Results 

 

Application of MEM to study fungi 

We first wished to test if the MEM previously validated on bacteria (48) can also be used to 

enrich fungi in clinical samples (Figure 6.1a). Briefly, MEM utilizes selective mechanical 
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lysis and nuclease and proteinase treatment to enrich for microbial DNA. Mechanical 

lysis with bead beating exploits the differences in mechanical properties and size of host and 

microbial cells. We predicted that fungal cell walls, which are reinforced by chitin, glucans, 

and glycoproteins, will be sufficiently more physically robust against mechanical forces 

compared to mammalian cells (Young’s modulus of fungal yeasts are 5 - 1e6 times greater 

than that of human cells) (65–67). 

 

The MEM protocol uses gentle bead beating using larger spherical beads (1.4 mm) to 

preserve harder and smaller particulate matter (such as fungal cells). In contrast, standard 

nucleic acid extraction techniques for fungal cells typically use smaller glass or ceramic 

beads (0.1–0.5 mm) (68, 69) or garnet beads (70). Next, proteinase K is added to further 

lysing the mechanically disrupted host cells, and Benzonase is added to degrade the nucleic 

acids made accessible from the mechanical lysis and proteinase K treatment. 

 

As a clinical demonstration, we selected bronchoalveolar lavage (BAL) samples that were 

culture-positive for fungal pathogens. BAL is an appropriate sample type for testing the 

effectiveness of MEM because they are rich in host material (10:1 ratio to fungal cells; up to 

1000:5 ratio to fungal genome size; Figure 1b) and known to contain fungal pathogens (50). 

BAL samples can additionally be rich in mucus, requiring additional pre-processing steps 

including a longer incubation step with 1% saponin to release nucleic acids (71).  

 

We processed 22 BAL samples with and without the MEM protocol followed by 

quantification of fungal DNA using real-time PCR (qPCR) targeting the 18S rRNA gene. 

Four of the 22 samples had at least 0.001 ng fungal DNA / 200 uL BAL with MEM (Figure 

6.S1). In these four samples, MEM reduced host DNA by over 1000x according to qPCR 

(Figure 6.S2), while preserving fungal DNA within 10x of the original fungal DNA (Figure 

6.S2a, b).  

 

Next, these four samples then underwent Illumina shotgun sequencing to characterize the 

fungal metagenome in BAL. First, we wanted to test whether host reads are depleted and 
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fungal reads are sufficiently enriched from using MEM. Both control and MEM-treated 

samples were sequenced to quantify fungal enrichment by MEM (Table 6.S1). After 

processing, host reads were filtered using a complexity-masked GRCh38 human genome 

(BBMask) and BBDuk (72). In MEM processed samples, reads mapping to the host were 

reduced between 10–60% and fungal reads were enriched by about 0.2–50% (Figure 6.1c, 

d).  

 

Figure 6.1. Microbial enrichment method (MEM) performed on bronchoalveolar lavage (BAL) 

fluid improves fungal reads from shotgun sequencing. (A) A schematic of MEM on a BAL clinical 

sample with fungus. (B) Tabulated values for the ratio of cell number and relative genome size of the 

three main components of a BAL sample (human, bacteria, and fungi), giving an estimated percentage 

of 0.05% fungal reads obtained when BAL fluid is sequenced without MEM (50).  The fraction of 

reads mapping to host (C) and fungi (D) in BAL fluid with (blue) and without (orange) MEM. (E) 

The log-log plot of the number of fungal contigs across four BAL samples as a factor of the length of 

each fungal contig (bp) for BAL fluid with (blue) and without (orange) MEM treatment.  
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The number and size of fungal contigs generated from MEM and non-MEM processed 

samples were then compared. Fungal contigs from MEM processed samples generated 

contigs that were at least 40 times longer across all four BAL samples and generated at least 

75-fold more for larger contigs (>10^3.5bp) than those not processed by MEM (Figure 6.1e, 

Figure 6.S3a, b, c, d). Fungal contigs from MEM processed samples still had improved 

number and length when reads were rarefied to 45M (in samples for which contigs still 

remained) (Figure 6.S3 e, f, g).  

 

MEM preserves fungal DNA load and community composition  

To test whether MEM preserves total fungal cells and community composition, we used a 

10-taxa community standard purchased from ATCC as a model community (Figure 6.2a, b 

and Figure 6.S4 a, b). ATCC MSA2010 was selected based on its inclusion of medically 

relevant fungi and fungi representing different physical properties.  

 

First, the fungal community standard was spun down and resuspended in saline prior to MEM 

to remove extracellular fungal DNA that may have been present due to lysis prior to sample 

processing (e.g., from freeze-thaw). Next, we used qPCR (targeting the 18S rRNA gene and 

ITS) to confirm that total fungal DNA was preserved in the community mix following MEM 

(Figure 6.2a, Figure 6.S4a). Then, we used 18S rRNA gene (Figure 6.2b) and ITS amplicon 

sequencing (Figure 6.S4b) to confirm the preservation of community composition in the mix 

following MEM.  

 

Next, to test whether MEM preserves viable fungal cells, we used five cultured ATCC strains 

(see Methods). We measured differences with and without MEM on both the amount of the 

18S rRNA gene and the amount of 18S rRNA RNA transcript on five different pure cultures 

of fungi using reverse-transcriptase real-time PCR (RT-qPCR) (Figures 6.2 c–g). The 18S 

rRNA RNA transcript was used as a proxy to assess the intact-ness of five fungal taxa after 

MEM processing. RNA degrades more rapidly than DNA, so the presence of rRNA RNA 
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suggests that fungal cells were intact and rRNA was inaccessible prior to nucleic-acid 

extraction. 

 

 

 

 

 

FIGURE 6.2: Microbial enrichment method preserves fungal cells and community composition in 

contrived samples. (A) The fungal 18S rRNA gene cycles of quantification (Cq) of the 10-taxa community 

mix with (blue) and without (orange) MEM treatment. (B) The relative abundance of each fungal taxon in the 

10-taxa community mix after MEM treatment as a factor of its relative abundance before MEM treatment, as 

measured by 18S rRNA gene sequencing. Cq as measured by reverse-transcriptase real-time PCR (RT-qPCR) 

for the fungal 18S rRNA RNA transcript (+RT, triangles) and fungal 18S rRNA gene (-RT, circles) for MEM 

treated (+MEM, blue) and no-MEM controls (-MEM, orange) for (C) Debaryomyces hansenii, (D) Candida 

albicans, (E) Penicillium brevicompactum, (F) Candida glabrata, and (G) Aspergillus fumigatus.  

  



 

 

174 

Enriched fungal reads recruit back to isolate genome with high depth of coverage 

We next wanted to establish that the fungal reads enriched from the BAL samples 

matched the genome from the paired cultured isolate and were not artifacts (such as from 

lab or regent contamination). We first cultured the clinical isolates from the four BAL 

samples used in Figure 6.1. Three samples had one dominant fungus each (BAL_011 

"Candida lusitaniae", BAL_148 "Cryptococcus gattii", and BAL_160 "Candida 

glabrata”), and one BAL sample had two fungal species identified (BAL_170, “Candida 

tropicalis” and “Candida glabrata”). Quotations around the fungal species name 

indicates the name that the clinic reported in their ID. 

 

Next, we sequenced the genomes from each of the five cultures. Five genomes were 

assembled with high completion (94.8–97.5%) and minimal contamination (0.0–1.5%) 

(Figure 6.S5). We recruited the raw fungal reads from the respective BAL sample (with 

and without MEM processing) back to the isolate genome to confirm that they matched 

and to compare average depth of coverage (Figure 6.3). Most reads obtained from the 

+MEM BAL were generally recruited back to the isolate MAG with moderate to high 

depth of coverage, of 16.91x, 162.28x, 98.15x, and 5.26x depth for BAL_011, BAL_148, 

BAL_160, and BAL_170 (C. glabrata), respectively. In contrast, reads obtained from the 

-MEM BAL recruited to the isolate MAG had low coverage: 0.03x, 3.95x, 0.31x, and 

0.01x for BAL_011, BAL_148, BAL_160, and BAL_170 (C. glabrata), respectively. For 

BAL_170 (C. tropicalis), processing without MEM resulted in an average depth of 

coverage of 0.00, whereas +MEM processing improved of depth of coverage to 0.06x.  

 

MEM enables de novo assembly of fungal MAGs directly from clinical samples 

We next wished to test whether MEM can enable the de novo assembly of high-quality 

fungal MAGs directly from a BAL sample. First, using the MEM-processed samples, we 

assembled fungal reads into MAGs of the dominant fungal species directly from two 

BAL samples de novo (from BAL_148 and BAL_160) with high completion (97.4% and 

93.5%, respectively) and low contamination (0.1% and 1.5%, respectively), as 
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determined by BUSCO (Figure 6.4a, b). These MAGs had high synteny to the closest-

related NCBI reference genome. 

 

Next, we took assemblies from the two de novo MAGs and improved them using 

reference-based scaffolding from reference genomes on NCBI, resulting in high-quality 

reference-assembled MAGs with high completion (97.4% and 93.4% for BAL_148 and 

BAL_160, respectively) and minimal contamination (0.1% and 1.5% for BAL_148 and 

BAL_160, respectively (Figures 6.4c, d).  

 

 

 
Figure 6.3: Fungal reads from BAL samples with and without MEM processing mapped back to the 

isolate genome. The depth of coverage from BAL samples with (blue) and without (orange) MEM 

processing recruited onto a fungal genome assembled from the isolate for (A) BAL_011 “Candida 

lusitaniae”, (B) BAL_148 “Cryptococcus gattii”, (C) BAL_160 “Candida glabrata”, (D) BAL_170 

“Candida tropicalis”, and (E) BAL_170 “C. glabrata”. Quotations are used around the species name to 

signify the classification of the isolate given by the clinic. Sample BAL_170 contained two fungal isolates. 

The closest taxonomic classification by NCBI is given in figure S7. 

 

 

To assess the quality of the reference-assembled fungal MAGs, we compared them to the 

isolate genome (Figure 6.4c, d). The reference-assembled MAGs had high average 

nucleotide identity (ANI) (99.98% and 99.97% for BAL_148 and BAL_160, 

respectively) to the isolate genome. Comparatively, the reference-assembled MAGs had 

lesser ANI (96.29% and 99.24% for BAL_148 and BAL_160, respectively) to the NCBI 

reference genomes compared to the isolate genomes, suggesting that they are genetically 

more similar to the cultured isolate from the same sample than they are to the NCBI 

reference genome.  
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For the two BAL samples where de novo MAG assembly was not possible (BAL_011 

and BAL_170), reference-based assembly using NCBI reference genomes was used to 

construct the fungal MAGs (Figure 6.S6). With reference-based assembly, the MAG for 

C. lusitaniae from BAL_011 was 95.4% complete and had 0.0% contamination, and the 

MAG for C. glabrata from BAL_170 was 48.8% complete with 0.5% contamination. For 

both samples (BAL_011 and BAL_170), the reference-assembled MAGs were more 

similar to the genomes of their paired isolate than the NCBI genome (ANI values of 

99.9% vs. 98.2% for BAL_011, and 98.3% vs. 97.6%) (Figure 6.S6). 

 

MAG construction from BAL samples enables genome analysis of infecting fungi 

Following assembly, MAGs were annotated to analyze the fungal genes present in the BAL 

fungi.  

 

Phylogenetic analysis was performed on each of the fungal MAGs that were assembled to 

high completion (>90%) to identify the ancestral relationship of the fungi we identified in 

BAL from fungal genomes in the NCBI database (Figure S7). “Candida lusitaniae” from 

BAL_011 is most closely related to Clavispora lusitaniae, “Cryptococcus gattii” from 

BAL_148 is most closely related to Cryptococcus decagattii, and “Candida glabrata” from 

BAL_160 is most closely related to Nakaseomyces glabratus from NCBI (Figure S7). 
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Figure 6.4: MEM enables high quality de novo fungal MAG assembly directly from BAL samples. 

Synteny plots comparing the de novo-assembled MAG (blue) and the NCBI reference MAG (green) for (A) 

BAL_148 “Cryptococcus gattii” and (B) “Candida glabrata.” The reference-based assembled MAGs (light 

blue) depicted alongside the assembled genome derived from the isolates (black), and closely related NCBI 

reference genome (green) for (C) BAL_148 Cryptococcus gattii and (D) BAL_160 Candida glabrata. Percent 

completion and contamination as determined by BUSCO are stated for each of the de novo-assembled (A, B) 

and referenced-assembled (C, D) MAGs. Quotations are used around the species name to signify the 

classification of the isolate given in the clinic. The closest taxonomic classification by NCBI is given in Figure 

S7.  
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Discussion and Conclusions 

 

MEM can be used on host-rich samples to enable metagenomic shotgun sequencing of fungi 

directly from clinical samples. We have demonstrated that MEM depletes host DNA mass 

by over 1000-fold while preserving fungal DNA within 10x in BAL samples. MEM is 

compatible with downstream applications of RT-qPCR, amplicon sequencing, and Illumina 

shotgun sequencing, even in clinical specimens with very low fungal loads (as low as 10 pg 

per 200 µL of BAL). Analysis of BAL samples that underwent MEM using Illumina shotgun 

sequencing generated contigs that were at least 40 times longer across all four BAL samples 

and generated at least 75-fold more larger contigs compared to those not processed by MEM. 

Additionally, we showed that fungal reads from MEM-processed BAL samples were 

recruited back to isolate genomes with high average depth of coverage (up to 162.28x). 

Fungal MAGs were assembled de novo with high completion (up to 97.4%) in BAL samples 

with fungal loads as low as 10 pg per 200 µL of BAL. In cases where it was not possible to 

assemble MAGs de novo (due to low fungal reads and high bacterial load), processing with 

MEM still enabled the assembly of fungal MAGs using the NCBI reference genome. 

 

Our study has three main limitations. First, this method does not deplete bacterial DNA, 

which can comprise up to 99% of the relative abundance in certain clinical samples, such as 

stool. Second, our method has only been validated on yeasts and not filamentous fungi, which 

may be less robust to the mechanical lysis steps used in MEM. Although most clinically 

relevant fungi are found as yeasts (73), some applications would benefit from being able to 

capture other fungal phenotypes (74). MEM would need to be optimized to preserve hyphal 

fungi during host depletion. Third, not all clinical samples analyzed after MEM processing 

contained sufficient fungal reads to be assembled into a fungal MAG de novo. Among the 

BAL samples used in this study, only those that contained fungal species with at least 40M 

reads could be used to assemble de novo fungal MAGs (Table 6.S1). 

 

In this study, fungal MEM was validated on BAL samples, which are an important sample 

type for diagnosing and studying infections such as aspergillosis (75). Future work in this 
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area is needed to be able to improve the diagnosis and study of the role of both pathogenic 

and commensal fungi in relevant clinical contexts. Importantly, as new fungi emerge and 

problematic pathogens develop antifungal resistance, it is important to develop tools for 

acquiring mechanistic insights and functional and genomic information. Here we 

demonstrated fungal MEM with a challenging sample type relevant to fungal lung infections 

(BAL); MEM should also be demonstrated with additional clinically relevant sample types, 

such as vaginal swabs. Fungal MEM enables MAG assembly directly from samples without 

a culture step; future work should demonstrate its utility for acquiring clinically relevant 

functional and genomic information.  

 

Once fully validated, MEM processing will enable numerous capabilities relevant to public 

health, clinical treatment, and disease research. For example, with the deep metagenomic 

profiling of fungal pathogens enabled by MEM, strain/clade typing can be more easily 

performed to track outbreaks of fungal infections (76). In the clinic, MEM could be used to 

quickly identify mutations in key virulence or antifungal resistance genes, expediting the 

course of treatment (77). Additionally, fungal genomes assembled from samples that were 

MEM processed can be used to capture new fungal genomes and expand reference databases. 

Finally, when MEM is used to process complex clinical specimens, it may help untangle 

previously intractable host-microbe interactions, such as in IBD/IBS (78, 79), celiac disease 

(37), and cancer (35), to improve the field’s understanding of fungal evolution (80, 81), and 

to greatly improve the diagnosis and treatment of emerging and diverging fungal pathogens.   

 

Methods 

 

Human bronchoalveolar lavage (BAL) samples 

Human BAL samples were acquired from immunocompromised adults at the University of 

California, Los Angeles, and sent to Caltech to be analyzed under California Institute of 

Technology Institutional Review Board (IRB) protocols #19-000308 and #19-0909. Before 

undergoing MEM, BAL samples underwent a DTT pretreatment (10 mM DTT in autoclaved 

0.9% NaCl), vortexed, and incubated for 30 min at room temperature before undergoing 
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MEM. BAL samples that were visibly mucous and opaque underwent DTT (10 mM DTT 

in autoclaved 0.9% NaCl) and 1% saponin treatment at 37C for 30 min.  

 

For cultured isolates, 10 mL of BAL samples are vortexed and centrifuged at 1500 xg for 10 

minutes. The supernatant is removed and vortexed for 15–20 seconds before 30–60 uL is 

added to inhibitory mold agar and SabHI agar. The plates are streaked for isolation and 

incubated at 30C.  

 

Cultured single species fungal samples 

Single species fungal cultures were generously provided by Dr. David Underhill from Cedars 

Sinai. Culturing conditions for each strain were as follows: Aspergillus fumigatus isolate 

AF293 and Penicillium brevicompactum ATCC 9056 were grown on Potato Dextrose Agar 

(ATCC Medium 337) plates at room temperature. Candida albicans ATCC 90028, Candida 

glabrata ATCC 2001, and Debaryomyces hansenii ATCC 36239 were grown on yeast 

extract peptone dextrose (YPD) plates (ATCC media 1245) at 30C.  

 

Microbial Enrichment Method (MEM) depletion protocol 

Samples that underwent MEM treatment were processed as previous described (48) with 

minor modifications. Briefly, BAL and VS liquid samples were added into 2-ml 1.3-mm 

ceramic bead beating tubes (Lysing Matrix D from MP Biomedical, catalog no. 116913050-

CF) and supplemented with saline (0.9% NaCl, autoclaved) so that the final volume in the 

bead beating tube was 400 uL. Samples were homogenized using FastPrep-24 (MP 

Biomedical catalog no. 116004500) for 30 s at 4.5 m/s. A total of 183 uL of homogenized 

sample was removed and placed into a clean microcentrifuge tube containing 10 uL of buffer 

(100 mM Tris + 40 mM MgCl2, pH 8.0 and 0.22 um sterile filtered), 5 uL of Proteinas K 

(NEB catalog no. P8107S), and 2 uL of Benzonase Nuclease HC (EMD Millipore catalog 

no. 71205). Sample tubes were placed on a dry block incubator for 15 min at 37C while 

shaking at 600 rpm. Following incubation, samples were centrifuged at 10,000 g for 1 min 

and the supernatant was discarded. BAL samples that were visibly mucous and opaque 

underwent an additional enzyme wash. Pellets were resuspended in either 750 μL Zymo 
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DNA/RNA Shield (catalog no. R1100-50) for contrived samples or BAL samples and 

stored on ice until nucleic acid extraction. VS samples were resuspended in 600 μL PM1 

solution (Qiagen) and stored on ice until nucleic acid extraction.  

 

Nucleic acid extraction of BAL, cultured clinical isolates, and contrived samples 

Nucleic acids from BAL specimens, contrived fungal communities (ATCC MSA2010), and 

cultured strains were isolated following Zymo’s ZymoBIOMICS MagBead DNA/RNA kit 

(catalog no. R2135) using the KingFisher Flex 96 instrument (Thermo Fisher Scientific). 

Samples were first homogenized in a 2 mL tube containing 1.4 mm ceramic beads, 0.1 mm 

silica spheres, and one 4 mm glass bead (Lysing Matrix E from MP Biomedical, catalog no. 

116914050-CF) for 1 min at 6 m/s for three cycles using FastPrep-24 (MP Biomedical 

catalog no. 116004500), incubating the samples on ice for five minutes between each cycle.  

 

Quantification of host DNA 

Human host DNA in extracted samples was characterized by quantitative PCR (qPCR) using 

the Zymo Femto Human DNA Quantification Kit (catalog no. E2005) according to the 

manufacturer’s protocol.  

 

Quantification of fungal rRNA and DNA 

Fungal rRNA and DNA in extracted samples were characterized by qPCR. The 18S DNA 

and rRNA was first reverse transcribed using a High-Capacity cDNA Reverse Transcription 

Kit (Thermo Fisher catalog no. 4368814). Following reverse transcription, 18S cDNA was 

amplified based on the following primers developed previously (82). Thermocycling was 

performed on a CFX96 Real-time PCR system (Bio-Rad Laboratories) using the following 

protocol: 94˚C for 5 min, 40 cycles of 94˚C for 30 s, 58.3˚C for 50 s, and 72˚C for 1 min. 

The concentrations of the components in the qPCR mix used in this study are as follows: 1x 

AccuStart II PCR SuperMix (Quantabio catalog no. 95137-04K), 1x EvaGreen Dye (biotium 

catalog no. #31000), 500 nM forward primer, and 500 μM reverse primer for a total reaction 

volume of 10 μL.    
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A calibration curve relating fungal 18S rDNA Cq to ng of fungal DNA was constructed 

using a dilution series of ATCC MSA1010 10-taxa fungal genomic DNA standard: 

 

18𝑆
𝑛𝑔

𝑟𝑥𝑛
= 2−0.8748𝐶𝑞+12.175 

 

The ITS DNA was amplified based on the following primers from literature (83): (Forward: 

5’- TCCGTAGGTGAACCTGCGG-3’ and Reverse: 5’-GCTGCGTTCTTCATCGATGC-

3’, Integrated DNA Technologies). Thermocycling was performed on a CFX96 Real-time 

PCR system (Bio-Rad Laboratories) using the following protocol: 94C for 5 min, 40 cycles 

of 94C for 30 s, 61C for 50s, and 72C for 1min. The concentrations of the components in the 

qPCR mix used in this study are as follows: 1x AccuStart II PCR SuperMix (Quantabio 

catalog no. 95137-04K), 1x EvaGreen Dye (biotium catalog no. #31000), 500nM forward 

primer, 500 uM reverse primer, and 1 uL of template for a total reaction volume of 10uL.    

 

 

Fungal 18S and ITS gene amplicon sequencing 

Extracted DNA was amplified and sequenced using 18S and ITS primers described above 

with Illumina barcode adapter regions (Integrated DNA Technologies). The concentrations 

of the components in the qPCR mix used for both primers are as follows: 1x KAPA HiFi 

HotStart ReadyMix (Roche catalog no. 09420398001), 1x EvaGreen Dye (biotium catalog 

no. #31000), 500 nM forward primer, 500 μM reverse primer, and 2.5 μL of template for a 

total reaction volume of 25 μL. Amplification was monitored on a CFX96 Real-time PCR 

system (Bio-Rad Laboratories) and samples were removed once fluorescence measurements 

reached late exponential phase. The following amplification protocol was used for ITS: 94˚C 

for 3 min, up to 40 cycles of 95˚C for 30 s, 61.4˚C for 30 s, and 72˚C for 2 min. For 18S: 

94˚C for 5 min, up to 40 cycles of 94˚C for 30 s, 62.5˚C for 50 s, and 72˚C for 1 min. Illumina 

barcode ligation was performed after initial amplification using the following protocol: 95˚C 

for 3 min, 8 cycles of 95˚C for 3 min, 55˚C for 30 s, 72˚C for 30 s, followed by 72˚C for 5 

min. The concentrations of the components in the reaction mix used are as follows: 1x KAPA 
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HiFi HotStart ReadyMix (Roche catalog no. 09420398001), 200 nM of IDT for Illumina 

DNA/RNA UD Indexes (Illumina, catalog no. 20026121, 20026930, and 20043019), and 5 

μL of template, for a final reaction volume of 50 μL. Duplicate reactions that amplified were 

pooled together and quantified with Kapa library quantification kit (Kapa Biosystems catalog 

no. KK4824) before equimolar sample mixing. Libraries were concentrated and cleaned 

using AMPureXP beads (Beckman Coulter) following each amplification step. The final 

library was quantified using a High Sensitivity D1000 Tapestation Chip (Agilent catalog nos. 

5076–5585, 5067–5584) and Qubit dsDNA Quantification Assay Kit (Thermo Fisher catalog 

no. Q32851). Sequencing was performed using the Illumina MiSeq platform using V2 

chemistry kit (Illumina, PN:MS-103-1003) and 2x300 bp paired-end sequencing. 15% PhiX 

v3 was added to each sequencing run. 

 

Fungal 18S and ITS gene amplicon data processing 

Amplicon sequencing data was primarily analyzed using qiime2 (84). Primer sequences and 

low-quality regions were removed using Cutadapt (85) using linked primers to eliminate 

read-through of short amplicons. Resulting reads were denoised using DADA2 (86) and 

taxonomically classified using a Naive Bayes classifier (sklearn; (87) trained on a database 

of amplicon sequences obtained by performing in silico PCR (ecoPCR; (88)) on NCBI’s 

RefSeq and GenBank fungal databases (89, 90). 

 

Shotgun sequencing 

Extracted DNA was prepared for sequencing as previously described (Natalie) using 

Illumina DNA prep kit (catalog no. 20018704). Estimations of DNA input were made using 

fungal 18S primers, the Zymo Femto Human DNA Quantification Kit (catalog no. E2005), 

and Qubit dsDNA Quantification Assay Kit (Thermo Fisher catalog no. Q32851). For 

samples with DNA concentrations below Illumina’s recommended input, additional PCR 

cycles were added to the amplification step based on DNA input.  
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Finished libraries were quantified using Qubit dsDNA Quantification Assay Kit (Thermo 

Fisher catalog no. Q32851) and a High Sensitivity D1000 Tapestation Chip (Agilent catalog 

nos. 5076–5585, 5067–5584).  

 

MAG assembly 

First, adapter sequences and low quality/homopolymer sequences were trimmed from reads 

using fastp (0.23.4) (90). Host reads were then filtered using a masked version of the 

GRCh38 (91) human genome with BBMask (v39.06) (92) and BBDuk. Reads were 

assembled using Spades (v3.15.5) (93). Fungal contigs were extracted and used to filter 

reads. Contigs were then reassembled with filtered reads using Spades. Completeness and 

contamination of assemblies were assessed using BUSCO (v5.7.1) (94). Depth of coverage 

was determined for each base in an assembly by recruiting reads back onto assemblies using 

bwa (v0.7.17-r1188) (95) and depth was calculated with samtools depth (v1.17) (96). 

Average depth of coverage was calculated by averaging over the depth of coverage of each 

base in a genome (97) Synteny was calculated across closely related reference genomes 

obtained from NCBIs RefSeq (89) database and visualized using anvio (v8 “Marie”) (98) 

and matplotlib (v3.7.2) (99) and syri (v1.6.3) (100) and plotsr (v1.1.0) (101).  Phylogenomic 

trees were generated using OrthoFinder (v2.5.5) (102) and iqtree (v2.3.3) (103).  

 

MAG annotation 

The resulting MAG genomes assemblies were annotated using the standard JGI annotation 

pipeline (104, 105). RepeatMasker (106) was used in combination with the RepBase library 

(107) and repeats larger than 150 bp generated by RepeatScout (108) to mask the assemblies. 

Masked assemblies were staged into the gene prediction pipeline. Ab initio gene prediction 

was used using Fgenesh, Fgenesh+ (109) and GeneWise (110) which use seeds from protein 

to genome alignments.  Best models at each locus were selected using the strength of 

homology support. Functional annotation of the proteins included, using eggNOG-Mapper 

(111) for EC number assignment, InterproScan (112), for protein domains, TCDB (113) for 

transporter prediction, TMHMM (114) for transmembrane domains and SignalP (115, 116) 

for signal peptide prediction, in addition comparisons to NCBI NR, swissprot, KOG (117), 
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KEGG (118) were incorporated. The information from InterPro and Swissprot were used 

to confidently assign gene ontology terms. 
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Supplemental material 

 
Figure 6.S1: Summary of BAL samples collected in this study. The log10 ng of fungal DNA 

extracted from 200 μL of BAL after MEM is plotted on the y axis for 22 samples collected in this 

study. The black horizontal dotted line indicates the extraction blank. The blue horizontal dotted line 

indicates the threshold drawn to proceed with sequencing (0.001 ng fungal DNA in 100 μL elution 

from 200 μL BAL specimen). The four BAL samples used in this study (011, 148, 160, and 170) are 

labeled with the dominant fungal species name(s) as determined by culture. Quotations are used 

around the species name to signify the classification of the isolate given by the clinic. The closest 

taxonomic classification by NCBI is given in Figure 6.S7.  

  
Figure S2: MEM reduces host DNA by 1000x while preserving fungal DNA within 10x. (A) The 

host DNA load in BAL fluid (measured with Zymo Human Femto qPCR, see methods) for seven 

samples with (blue) and without (orange) MEM treatment. (B) The fungal DNA load in BAL fluid 

(18S Cq) for five fungal culture-positive samples with (blue) and without (orange) MEM treatment. 

The horizontal dotted black lines indicate the Cq of the extraction blank negative control.  
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Table 6.S1: Distribution of Illumina sequencing reads from BAL samples before and after MEM. 

 

 

 

 

sample 
(isolate) 

MEM total reads 
unclassified 

reads 

Unclassified reads 
mapping to fungal 

genome (%) 

# 
unclassified 

reads 
mapping to 

fungal 
genome 

# 
classified 

fungal 
reads 

# host 
reads 

# 
bacterial 

reads 

% total 
fungal 
reads 

% host 
reads 

% 
bacterial 

reads 

BAL_011 (C. 
lusitaniae) 

- 40573734 748939 12.10% 90622 7350 39789705 27740 0.241% 98.068% 0.068% 

BAL_011 (C. 
lusitaniae) 

+ 36303991 926586 11.96% 110820 40075 29599962 5737368 0.416% 81.534% 15.804% 

BAL_148 (C. 
gattii) 

- 57260744 1058802 35.88% 379898 142911 56039859 19172 0.913% 97.868% 0.033% 

BAL_148 (C. 
gattii) 

+ 8999231 367140 83.00% 304726 4602943 3088702 940446 54.534% 34.322% 10.450% 

BAL_160 (C. 
glabrata) 

- 43077723 745298 13.96% 104044 23909 42301858 6658 0.297% 98.199% 0.015% 

BAL_160 (C. 
glabrata) 

+ 50122420 1022970 19.52% 199684 4689936 44220293 189221 9.755% 88.225% 0.378% 

BAL_170 (C. 
tropicalis/C. 
glabrata) 

- 29619625 643434 34.27% 220505 7234 28940949 28008 0.769% 97.709% 0.095% 

BAL_170 (C. 
tropicalis/C. 
glabrata) 

+ 102298040 3182796 65.87% 2096508 309935 76334472 22470837 2.352% 74.620% 21.966% 
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Figure 6.S3: Fungal contigs assembled from individual BAL samples. The log-log plot of the 

number of fungal contigs across four BAL samples as a factor of the length of each fungal contig (bp) 

for BAL fluid with (blue) and without (orange) MEM for (A) BAL_011 Candida lusitaniae, (B) 

BAL_148 Cryptococcus gattii, (C) BAL_160 Candida glabrata, and (D) BAL_170 Candida 

glabrata/Candida tropicalis. The log-log plot of fungal contigs across four BAL samples as a factor 

of the length of each fungal contig (bp) for BAL fluid with (blue) and without (orange) MEM for (E) 

BAL_011 Candida lusitaniae, (F) BAL_148 Cryptococcus gattii, and (G) BAL_160 Candida 

glabrata rarefied to 45M reads. The data for BAL_170 for rarefication is not shown as there were no 

contigs left.  Quotations are used around the species name to signify the classification of the isolate 

given by the clinic. Sample BAL_170 contained two fungal isolates. The closest taxonomic 

classification by NCBI is given in Figure S7.  

 

 

 

 

 

 

 

 

 

 



 

 

204 

 

 

 

 

Figure 6.S4: MEM preserves fungal community composition as shown by ITS qPCR and 

amplicon sequencing. (A) The ITS Cq of the 10-taxa community mix with (blue) and without 

(orange) MEM processing. (B) The relative abundance of each fungal taxon in the 10-taxa community 

mix after MEM treatment as a factor of its relative abundance before MEM treatment, as measured 

by ITS amplicon sequencing. The relative abundances here reported for ITS are not the same as what 

is reported for 18S in Figure 6.2B due to mismatches in fungal primers against specific taxa.  
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Figure 6.S5: Fungal genomes assembled from isolates cultured from BAL samples compared 

to NCBI reference genomes. The fungal genomes assembled from the clinical isolates (black) with 

the closely related NCBI reference genome (green) for each BAL sample. Corresponding genetic loci 

are darkly colored whole non-corresponding regions are lightly colored. (A) “Candida lusitaniae” 

from BAL_011 is being compared to Clavispora lusitaniae (GCF_000003835.1), (B) “Cryptococcus 

gattii” from BAL_148 is being compared to Cryptococcus decagattii (GCF_036417295.1), (C) 

“Candida glabrata” from BAL_160 is being compared to Nakaseomyces glabratus 

(GCF_000002545.3), (D) “Candida tropicalis” from BAL_170 is being compared to Candida 

tropicalis (GCF_000006335.3), and (E) “C. glabrata” BAL_170 is being compared to Nakaseomyces 

glabratus (GCF_000002545.3). Percent completion and contamination as determined by BUSCO are 

stated for each of the isolate genomes. Quotations are used around the species name to signify the 

classification of the isolate given by the clinic. Sample BAL_170 contained two fungal isolates. The 

closest taxonomic classification by NCBI is given in Figure 6.S7. 
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Figure 6.S6: MEM processing enables reference-based MAG assembly directly from BAL 

samples when de novo assembly is not possible. The reference-based assembled MAGs (light blue) 

are depicted alongside the assembled genomes derived from the isolates (black) and the most closely 

related NCBI reference genome (green) for (A) Candida lusitaniae from BAL_011 and (B) C. 

glabrata from BAL_170. Percentage completion and percentage contamination, as determined by 

BUSCO, are stated for each of the reference-assembled MAGs. Quotations are used around the 

species names to signify the classification of the isolate given in the clinic. The closest taxonomic 

classification by NCBI is given in Figure 6.S7. 
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Figure 6.S7: Assessing taxonomic identities and the quality of the three fungal MAGs that were 

assembled to high (>90%) completion directly from BAL samples (from Figure 6.4 and Figure 

6.S6) using reference genomes. (A) A phylogenetic tree indicating the relationship of the three 

fungal species to their most closely related NCBI reference genome (BAL sample ID and NCBI 

accession IDs indicated in parentheses). The scale bar indicates the number of nucleotide substitutions 

per site. (B) The %BUSCOs (Benchmarking Universal Single-Copy Orthologs) for the three fungal 

MAGs. Quotations around the species names signify the classification of the isolate given in the 

clinic. 

 

 

 

 

 

 

 
 


