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ABSTRACT 

Understanding how the nervous system orchestrates physiology across the body has long 

been a central question in neuroscience. While neural mechanisms underlying behavior have 

been extensively characterized, the cellular and circuit principles that mediate brain-body 

communication remain underexplored. In this thesis, I investigate how internal physiological 

signals are detected and translated into coordinated regulation of organ functions through 

specialized sensory and autonomic pathways. 

Using molecular, behavioral, and genetic perturbation approaches, I first examine how 

changes in body fluid balance are detected by central sensory neurons. I identify distinct 

neuronal populations within forebrain circumventricular regions that detect hyperosmotic 

and hypovolemic challenges and drive modality-specific fluid consumption behaviors. Then 

I show how water signals in the gut are encoded by a dedicated vagal afferent population, 

providing feed-forward inputs that contribute to thirst satiation. These studies demonstrate 

that internal states are monitored through specialized channels spanning central and 

peripheral circuits.  

Next, I investigate the circuit logic of sympathetic regulation in the abdomen, identifying 

molecularly defined neuronal populations that project selectively to visceral organs and 

differentially regulate gastrointestinal transit and digestive processes. These results 

demonstrate that sympathetic outputs are organized into discrete pathways that enable 

precise and independent control of physiology. I then synthesize current knowledge of 

autonomic organization, highlighting its molecular diversity and modular architecture as key 

features enabling selective regulation of organ function.  

Together, these findings reveal that brain-body communication is mediated by structured 

sensory pathways and modular autonomic circuits to achieve precise yet flexible control of 

physiology. This work provides a framework for understanding how neural systems 

coordinate internal stability and offers insight into how disruptions of these processes may 

contribute to diseases. 
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PROLOGUE 

A central question motivating my work is how the nervous system orchestrates physiology 

across the body to meet both internal needs and external demands. Organisms continuously 

integrate information about the environment, such as resource availability or threat, with 

signals reflecting internal conditions including hydration and metabolic status, and translate 

these inputs into coordinated adjustments of behavior and organ function. While substantial 

progress has been made in understanding neural circuits underlying action, mechanistic 

insights into how the brain regulates physiological processes have lagged behind, in part 

because quantifying organ function in vivo has been technically challenging. As a result, the 

principles by which the brain communicates with peripheral organs remain underexplored. 

This thesis approaches brain-body communication from the perspective that physiological 

regulation arises from the activity of defined neural populations organized into structured 

pathways. By examining how internal signals are detected, how information flows through 

neuronal circuits, and how descending pathways causally modulate organ function, this work 

seeks to uncover how coordinated physiological responses emerge from cellular- and circuit-

level mechanisms.  

Together, the studies presented here advance the view that physiological regulation is an 

emergent property from structured neural networks that coordinate the body as an integrated 

system. By establishing a circuit-level framework for brain-body axis, this work clarifies 

how neural activity supports stability in changing environments and offers insight into how 

disruptions of these mechanisms may lead to disease. 
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C h a p t e r  1  

INTRODUCTION 

SUMMARY 

This chapter frames brain-body communication as a central problem in systems neuroscience 

by contrasting advances in linking molecularly defined neural activity to behavior with the 

limited understanding of how neural circuits regulate physiology. It examines how 

physiological regulation is organized through specialized sensory pathways that monitor 

internal states and through autonomic circuits that coordinate selective control across organ 

systems. By outlining the anatomical and conceptual context of these processes, this chapter 

establishes the foundation for the themes explored in the following chapters. 
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LINKING NEURAL CIRCUITS TO PHYSIOLOGICAL REGULATION 

The nervous system has been primarily analyzed through the study of perception and action, 

focusing on how external stimuli are transformed into decisions, movements, and learned 

behaviors1–4. Equally fundamental, yet much less explored, is the role of neural circuits in 

regulating body physiology5,6. Whether confronting a threat or anticipating a feast, organisms 

coordinate cardiovascular tone7,8, energy and fluid balance9,10, endocrine signaling11, and 

immune activity12–14 in response to both external circumstances and internal demands. 

Physiological regulation is not simply a corrective process restoring equilibrium after 

perturbation15,16. In many cases, neural systems initiate anticipatory adjustments before 

measurable deviations occur in the internal milieu, enabling rapid adaptation17–19. The central 

objective of this thesis is to understand how neural systems implement such regulatory 

control of bodily function at the cellular and circuit level.  

Over the past several decades, studies in systems neuroscience have achieved substantial 

progress in linking brain neuron type to behavior20–23. Advances in neural activity recording 

and genetic perturbation tools have enabled precise quantification of actions and alignment 

of behavioral events with neural dynamics at millisecond resolution24,25, allowing causal 

relationships between molecularly defined neuronal populations and behavioral outputs to 

be established. In contrast, mechanistic understanding of how neural circuits regulate 

physiological processes remains comparatively limited. 

Behavioral outputs can be quantified as discrete events with defined temporal and categorical 

structures26. Physiological variables, in contrast, evolve continuously across multiple organ 

systems27–30, including cardiovascular regulation, metabolic control, gastrointestinal 

function, and immune responses. These processes are governed by interacting feedback loops 

that operate over diverse timescales5. Changes in physiological variables frequently occur 

without overt behavioral differences, and their functional significance depends strongly on 

context. A given shift in blood pressure, gastrointestinal motility, or hormone release may be 

adaptive under one physiological state and maladaptive under another.  
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The continuous and distributed nature of physiological regulation complicates efforts to 

establish direct relationships between neural activity and organismal outcomes. 

Physiological measurements are typically confined to individual organs or specific 

pharmacological signaling31,32, providing limited insight into how neural circuits coordinate 

integrated physiological states. Moreover, physiological readouts are rarely causally mapped 

to defined neuronal subpopulations or temporally aligned with neural dynamics in vivo33,34, 

restricting the ability to draw causal inferences. As a result, the organizational principles 

through which neural circuits communicate with peripheral organs remain largely undefined. 

This disparity reflects a broader gap between behavioral neuroscience and the study of 

physiological regulation. While neural mechanisms underlying decision-making and action 

have been dissected with increasing precision, the neural circuits coordinate organ function 

across the body remain underexplored. Bridging this gap requires conceptual and 

experimental frameworks that integrate cell-type-resolved analysis with quantitative 

measurements of physiological processes. 

Brain-body communication encompasses both the sensing of internal conditions and the 

regulation of physiological processes through descending pathways. These processes operate 

across multiple spatial and temporal scales, from rapid synaptic signaling to slower hormonal 

and metabolic adjustments. Elucidating how neural systems coordinate these layers with 

cellular and circuit resolution is essential for understanding how organisms maintain stability 

while adapting to dynamic environments.  

 

NEURAL MECHANISMS OF INTEROCEPTION 

Physiological regulation centers on variables that are maintained within constrained ranges, 

including such as the level of blood osmolality and glucose, blood pressure, and core body 

temperature35. These variables reflect coordinated activity across multiple organ systems and 
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evolve continuously over time. Unlike external sensory inputs, which originate from 

discrete environmental stimuli, internal signals arise from distributed physiological processes 

and encode the collective state of the organism. 

A useful entry point is the regulation of internal variables that must be tightly controlled to 

sustain cellular and organ function. Body fluid balance provides an informative example. 

The balance between water and solutes in the circulation36,37, commonly measured as 

osmolality, is maintained within a narrow range. Deviations rapidly compromise 

cardiovascular stability and cellular function. However, even within this domain, distinct 

disturbances engage different regulatory strategies. Increases in blood osmolality induce 

osmotic thirst that drives consumption of water, whereas reductions in circulating volume 

produce hypovolemic thirst that motivates ingestion of both water and salts to restore blood 

volume38. These observations indicate that the nervous system distinguishes different 

internal states rather than responding to a generic signal of imbalance.  

Similar principles extend beyond fluid balance. Feeding, thermoregulation and immune 

responses involve distributed neural pathways to sense and regulate internal variables. 

Coordination between behavior and physiology is a recurring theme. Drinking behavior 

interacts with mechanisms controlling renal function and vascular tone39,40, while feeding 

behavior engages neural circuits that regulate nutrient metabolism and storage41,42. Immune 

challenges alter neural activity to influence sickness behavior and energy allocation43–45. 

These examples highlight the need to understand how neural systems represent internal 

conditions and guide both behavioral and physiological responses. 

Monitoring internal variables (interoception) poses an anatomical challenge for brain 

neurons which are isolated from peripheral signals by the blood-brain barrier. Signals 

reflecting osmotic balance, tissue state, or mechanical stimuli are detected by specialized 

sensory interfaces that provide access to circulating factors and visceral conditions.  

Circumventricular organs in the brain, including the subfornical organ and organum 

vasculosum of the lamina terminalis, possess fenestrated vasculature that permits detection 
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of changes in blood composition46,47. These structures have long been recognized as critical 

sites for sensing hydration status and circulating signals. However, the cellular mechanisms 

by which distinct physiological perturbations are encoded and translated into specific 

behavioral and autonomic responses remain incompletely resolved. 

Sensory neurons in cranial and spinal ganglia provide complementary information on body 

physiology35,48, by detecting interoceptive signals arising from peripheral organs and 

transmitting this information to central circuits. For instance, pre-absorptive signals from the 

oropharyngeal cavity and gastrointestinal tract influence appetite circuits before systemic 

changes occur49,50, allowing rapid modulation of behavior. Liquid ingestion or changes in 

gastrointestinal osmolality inhibit forebrain thirst neurons, contributing to timely termination 

of drinking51. Yet the peripheral neural substrates for detecting these visceral signals, the 

anatomical sites of detection, and the circuit pathways through which these signals are 

transmitted to central processing remain unclear.  

Together, central and peripheral sensing systems construct representations of internal state 

that guide both behavior and physiological regulation. 

 

AUTONOMIC CONTROL OF ORGAN FUNCTIONS 

Communication from the brain to peripheral organs is mediated through autonomic pathways 

comprising sympathetic and parasympathetic branches6. Historical descriptions emphasized 

opposing functional roles, associating sympathetic activity with increased cardiovascular 

output and energy mobilization, and parasympathetic activity with restorative processes such 

as digestion52,53. This framework provides a useful conceptual foundation but does not 

capture the cellular diversity and functional specialization that become increasingly 

characterized.  
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Autonomic motor pathways are organized through a two-relay manner in which 

preganglionic neurons in the central nervous system project to postganglionic neurons in 

peripheral ganglia, which then innervate target tissues54–56. Sympathetic ganglia are 

distributed along the vertebral column and provide widespread innervation of organs 

including the heart, lung, gastrointestinal tract, pancreas, liver, and spleen. Parasympathetic 

pathways regulate organ function through ganglia located close to target tissues. 

Recent molecular and anatomical studies have identified diverse autonomic neuron 

populations defined by transcriptional profiles57,58, neurotransmitter expression59, and 

connectivity60–63. These findings suggest that autonomic regulation is implemented through 

multiple parallel circuits, allowing selective control rather than a uniform output. 

Historically, autonomic control was conceptualized as broadly distributed, with neural 

activity producing generalized physiological effects64,65. Sympathetic and parasympathetic 

circuits were described as primarily noradrenergic and cholinergic, respectively66. Functional 

distinctions were inferred largely from receptor expression and organ-level responses67,68. 

Emerging evidence supports a more refined view in which autonomic regulation is organized 

through modular circuits with specialized roles. Specificity arise through selective 

projections of neuron populations to particular organs, differential recruitment of neuron 

subtypes under distinct conditions, and context-dependent modulation of circuit activity6,69. 

At the molecular level, combinations of neurotransmitters, neuropeptides, and receptor 

expression patterns shape how target tissues respond to neural input.  

This framework has important implications for translational applications. Dysregulation may 

reflect perturbations within specific circuit modules, such as misrouting of signals to a target 

organ, inappropriate recruitment of a neuron subtype, or maladaptive plasticity in specific 

pathways70–73, rather than global imbalance between sympathetic and parasympathetic tone. 

Identifying the circuit architecture underlying physiological control provides a foundation 

for interpreting how disruptions lead to pathological states and for developing targeted 

interventions. 
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THESIS OVERVIEW 

This thesis investigates brain-body communication through the lens of cellular organization 

and circuit specificity. By combining molecular, anatomical, physiological and functional 

analyses, it examines how internal physiological signals are represented, how autonomic 

pathways are organized, and how defined neural populations regulate organ functions 

(Thesis summary diagram). The goal is to clarify the neural mechanisms for coordinating 

physiological processes across spatial and temporal scales. 

Chapter II focuses on internal state detection in the context of body fluid balance, examining 

both central sensory neurons within the lamina terminalis and peripheral visceral afferent 

pathways. Chapter III examines sympathetic regulation of abdominal organs, testing how 

molecularly defined neuron populations project to visceral targets and causally modulate 

physiological processes. Chapter IV synthesizes current understanding of autonomic circuit 

architecture and diversity, discussing the future directions and challenges. Together, these 

chapters support a unified view: brain-body communication is implemented through 

structured sensory neurons and autonomic circuits, enabling precise yet flexible 

coordination of physiology across the organism. 

 

Thesis summary diagram 
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C h a p t e r  2  

NEURAL SENSING OF INTERNAL FLUID BALANCE 

This chapter focuses on fluid balance as a model to understand how neural systems detect 

internal needs. Fluid intake is an essential innate behavior mainly caused by two distinct 

types of thirst1–3. Increased blood osmolality drives animals to consume pure water. 

Conversely the loss of body fluid induces hypovolemic thirst in which animals seek both 

water and minerals to recover blood volume. Circumventricular organs (CVOs) in the lamina 

terminalis are critical sites for sensing both types of thirst-inducing stimuli4–6. However, how 

different thirst modalities are represented in the brain remains unknown. Here, we show that 

unique CVO excitatory neuron types are activated upon osmotic and hypovolemic stresses. 

Furthermore, optogenetic gain-of-function in thirst-modality-specific cell types recapitulated 

water-specific and non-specific fluid appetite, respectively.  

In addition to central sensory neurons, this chapter explores how visceral feedback is 

conveyed by peripheral sensory pathways. Ingested water stimulates sensory systems in the 

oropharyngeal and gastrointestinal areas before absorption7,8, which rapidly inhibits brain 

thirst neurons in a feed-forward manner5,9. Nevertheless, it remains unclear how peripheral 

sensory neurons detect gut osmolality changes. By in vivo calcium recording, we identify a 

dedicated population of vagal ganglion neurons that are activated by hypotonic but not 

hypertonic, or nutrient stimuli. These signals are transmitted through the hepatic vagal branch 

for suppressing thirst neuron activity. Together, these studies demonstrate that internal state 

monitoring is achieved through layered sensory systems in the brain and body.  

Pool, A. H., Wang, T., et al. (2020). “The cellular basis of distinct thirst modalities”. In: 

Nature 588(7836), pp. 112–117. doi: 10.1038/s41586-020-2821-8. 

 

Ichiki, T., Wang, T., et al. (2025). “Sensory representation and detection mechanisms of 

gut osmolality change”. In: Nature 602(7897), pp. 468–474. doi: 10.1038/s41586-021-

04359-5.  
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INTRODUCTION 

Detecting internal water imbalance and triggering appropriate fluid intake behavior is 

critical for survival in any species. In the mammalian brain, fluid imbalance is detected by 

CVOs in the LT, the sensory organs of the brain that lack the normal blood-brain barrier10. 

The subfornical organ (SFO) and organum vasculosum lamina terminalis (OVLT) are the 

forebrain CVOs that sense internal fluid status and regulate drinking behavior through their 

downstream brain sites. Recent studies have shown that the majority of excitatory neurons 

in these structures are activated under dehydration, and acute stimulation of the same 

population instantly drives thirst11–13, highlighting the causal relationship between SFO and 

OVLT excitatory neurons with thirst.  

Peripheral sensory systems such as taste and olfaction can detect multiple stimuli through 

distinct cell types. Similarly, the brain can detect at least two different thirst-inducing 

stimuli: osmolality increase and volume decrease in the systemic circulation. Moreover, 

these two thirst types, osmotic and hypovolemic thirst drive distinct fluid intake patterns1. 

When the brain detects osmolality elevation, animals only consume pure water to alleviate 

hyperosmotic stress. Conversely, reduced systemic volume induces vigorous intake of both 

water and salts to recover blood volume at the appropriate osmolality. Natural dehydration 

is a combination of these two stimuli. While both types of thirst drive drinking behavior, 

solute preference is drastically different in order to achieve distinct internal consequences. 

The work in the past several decades revealed histological and behavioral aspects of 

individual thirst stimuli in exquisite detail14. Nevertheless, the neural basis underlying 

distinct thirst modalities remain unexplored. 

All major appetite circuits for hunger, thirst, and sodium appetite receive pre-absorptive 

feed-forward satiation signals after nutrient ingestion through multiple sensory systems6–

8,11. Recent studies have shown that thirst neurons in the LT are rapidly inhibited by liquid 

gulping signals from the upper digestive tract and osmolality signals from the gut15–17. 

Multiple visceral afferent pathways are involved in gut osmolality sensing. Dorsal root 
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ganglion neurons are sensitive to hypotonic stimuli through a TRP channel possibly 

contributing to blood pressure regulation18,19. Another line of studies using vagotomy 

demonstrated that normal water intake is disrupted without functioning vagus nerve20–22. 

Despite these functional implications, osmolality responses in peripheral sensory ganglia 

have not been directly examined and characterized in vivo. Moreover, because sensory 

afferents innervate multiple organs of the gut, specific sensory sites for osmolality 

detection remain elusive. 

 

CENTRAL DETECTION OF FLUID IMBALANCE 

The SFO and OVLT play a key role in detecting osmotic and hypovolemic stimuli. 

Elevation of blood osmolality and/or loss of body fluid induces robust c-Fos expression as 

a proxy of neural activation (Fig. 1a, Extended Data Fig. 1a). Consistent with previous 

studies1, acute osmotic stress by intraperitoneal (i.p.) injection of either hypertonic saline 

or mannitol triggered selective consumption of water over sodium chloride solution (Fig. 

1b and c, Extended Data Fig. 1b). Acute hypovolemia by polyethylene glycol (PEG) or 

furosemide injection resulted in an increased appetite toward both water and salt solutions 

(Fig. 1b and c, Extended Data Fig. 1b). Notably, the preference toward salt was not 

selective to NaCl, but animals accepted other salts such as KCl (Extended Data Fig. 1c). 

Water-deprived animals showed preference toward water over salts, and sodium-deprived 

mice selectively consumed sodium demonstrating specific fluid appetite under distinct 

internal states (Fig. 1b). I next asked whether osmotic and hypovolemic stresses activate 

the same set of neurons in CVOs. To test this, we employed an activity-dependent genetic 

labeling strategy using transgenic mice where iCre-ER was knocked into the c-Fos gene 

locus (TRAP223: Extended Data Fig. 1d). Injection of high-NaCl in the presence of 4-

hydroxy tamoxifen produced robust labeling in the SFO and OVLT compared to non-

stimulation control (Osm-TRAP, Extended Data Fig. 1e). I first compared Osm-TRAP 

neurons with endogenous c-Fos gene expression by hypertonic saline i.p. injection. A 
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majority of Osm-TRAP neurons overlap with NaCl-induced c-Fos expression validating 

our genetic approach (Fig. 1d, e). By contrast, i observed much less hypovolemia-induced 

c-Fos positive neurons overlapping with Osm-TRAP neurons. These results suggest that 

osmotic thirst and hypovolemic thirst activate unique sets of cells in CVOs. 

 

Fig. 1: Fluid consumption, physiological changes, and neural activation pattern under 

distinct thirst states. a, Schematic of different thirst states: sated (control), osmotic thirst 

(osmotic stress), hypovolemic thirst (hypovolemic stress), and water-deprivation (top). 

Representative images of c-Fos expression in the SFO (middle) and OVLT (bottom) under 

the four conditions (one from 6 mice). b, Water (grey) and hypertonic saline intake (0.3 M 
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NaCl, red) under different thirst states during a one-hour session (n = 9 mice). c, Blood 

volume and osmolality under different thirst states (n = 13 mice for control group, 8 for 

NaCl, Mannitol, Furo, and PEG, and 11 for water deprivation). d, Genetic labeling of thirst-

sensitive neurons in TRAP2/Ai14 mice. Experimental design to label activated neurons 

under osmotic thirst and hypovolemic thirst (top). Osmolality sensitive neurons (Osm-

TRAP, red) in the SFO (middle) and OVLT (bottom) overlapped with NaCl-induced acute 

c-Fos expression (green). Individual labeling and merged images are shown. By contrast, 

significantly smaller fractions of Osm-TRAP neurons were co-labeled with hypovolemia-

induced c-Fos. e, Quantification of TRAP2 experiments (SFO: n = 16 from 8 mice for 

Osm-Osm, 10 from 5 mice for Osm-Hvol; OVLT: n = 6 from 4 mice for Osm-Osm, n = 5 

from 4 mice for Osm-Hvol). * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001 by 

Wilcoxon matched-pairs signed rank test, Kruskal-Wallis test followed by a Dunn’s post 

test or Mann-Whitney test. All error bars are presented as mean ± s.e.m. Scale bars, 50 μm. 

 

CELLULAR COMPOSITION OF CIRCUMVENTRICULAR ORGANS 

The LT contains many cell types and regulates a broad range of functions including water 

and salt balance, blood pressure, cardiovascular function, and neuroendocrine outputs24,25. 

However, our understanding of the molecular and cellular organization of this important 

brain structure is still limited. To tackle this bottleneck, we employed high throughput 

droplet-based scRNA-seq analysis on the 10X Genomics platform to reveal the cellular 

diversity in CVOs. We surgically isolated the SFO and OVLT from live brain tissue, 

prepared cell suspensions, and generated scRNA-seq libraries with 7950 and 6161 single-

cell transcriptomes, respectively. To identify major cell classes in CVOs we performed 

unsupervised clustering26,27 on a graph-based representation of the highly variable gene 

expression space and visualized the outcome in a UMAP-embedding (Fig. 2a, b). These 

analyses revealed 12 and 13 major cell classes in the SFO and OVLT (Fig. 2c, d). In 

addition to common cell types present in most hypothalamic structures, we found a few 
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specialized cell types in CVOs that may play an important role in the tissue function. For 

example, both the SFO and OVLT harbor a specialized endothelial cell class that is labeled 

by the expression of Plvap (Extended Data Fig. 2). This multi-transmembrane protein may 

contribute to the highly permeable vasculature structures28. Moreover, both structures 

contain a specialized LT astrocyte class labeled by Ucma (Extended Data Fig. 2a, b). Our 

analysis also revealed the gene expression patterns of previously-proposed osmosensory 

ion channels, peptide hormones and hormone receptors implicated in fluid homeostasis29,30 

(Extended Data Fig. 3). 

We further analyzed 2642 (SFO) and 1511 (OVLT) single-cell neuronal transcriptomes 

(Fig. 2e-h). We found remarkable diversity among excitatory neurons with less pronounced 

differences among inhibitory neurons. We found 5 excitatory and 3 inhibitory neuron 

classes in the SFO (Fig. 2e, g) and 6 excitatory and 2 inhibitory neuron classes in the OVLT 

(Fig. 2f, h, Extended Data Fig. 2c-f). In accordance with previous findings, all SFO 

excitatory neurons and 5 of 6 OVLT excitatory neurons expressed ETV1, a genetic marker 

that labels dehydration-sensitive neurons11.  

To identify specific cell types involved in distinct thirst modalities, we functionally mapped 

thirst-activated neurons using immediate early gene (IEG) expression31,32. To this end, we 

developed and optimized a 10x Chromium-based functional cell-type mapping approach. 

We performed scRNA-seq experiments in the presence of a chemical transcription blocker, 

actinomycin-D, under four different conditions: sated, osmotic stress, hypovolemic stress, 

and water-deprivation (Fig. 3a). This enabled us to eliminate dissociation-related IEG 

upregulation observed in canonical scRNA-seq experiments and revealed the stimulus-

induced activation pattern at a cell-type level (Extended Data Fig. 4). Similar to regular 

scRNA-seq, we identified corresponding neuron subtypes in all four conditions (Extended 

Data Fig. 5). Almost no IEG expression was observed in sated animals in any neuron types 

whereas most excitatory neurons exhibited robust c-Fos expression after water 

deprivation12,33 (36 hours, Fig. 3b, c). Interestingly, we found different sets of neuron types 

activated under osmotic- and hypovolemic-thirst (Fig. 3c and Extended Data Fig. 4e). One 
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excitatory neuron class in each structure (SFO: Glut1-Htr7 and OVLT: Glut1-Bmp3) 

was robustly activated under hypovolemic but not under osmotic thirst. Conversely, the 

SFO and OVLT also harbored neurons that were selectively activated by osmotic stress 

(SFO: Glut5-Rxfp3 and OVLT: Glut4-Fam126a, and Glut5-Rxfp1). A few other cell types 

were activated under both osmotic and hypovolemic stresses (SFO: Glut4-IIrap1l2, OVLT: 

Glut2-Lypd6). Thus, distinct thirst states activate unique combination of cell types in 

CVOs. Importantly, natural water-deprivation activated both osmotic- and hypovolemic-

stress activated cell types (Fig. 3c).  

Next, we validated our transcriptomic clustering by fluorescent in situ hybridization 

(Extended Data Fig. 6). We focused on a pair of neuron types that are activated by different 

dipsogenic stimuli (SFO: Glut1-Htr7 and Glut4-Il1rapl2/Glut5-Rxfp3 labeled by Rxfp1 

and OVLT: Glut1-Bmp3 and Glut5-Rxfp1). As predicted from our scRNA-seq data, each 

pair of genes were expressed in distinct cells. We further validated thirst-state-specific 

activation of single neuron classes (SFO: Glut1-Htr7, Glut5-Rxfp3; OVLT: Glut-Bmp3 

and Glut4-Fam126a labeled by Cpne4). Taken together, our transcriptomic analyses on 

CVOs revealed that 1) each sensory nucleus contains multiple classes of “thirst neurons”, 

and 2) distinct dipsogenic stimuli engage unique combinations of neuron types. 
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Fig. 2: Major cell types and neuron subtypes in the SFO and OVLT. a and b, 

Transcriptomic analyses of the SFO and OVLT. The SFO contains 12 transcriptomic cell 

types shown in a UMAP embedding of 7950 cells with color-coded cell identity (a), OVLT 

contains 13 transcriptomic cell types from 6161 cells (b). c and d, Heat maps of cell-type-

specific gene expression in the SFO (c) and OVLT (d). Gene expression is shown as z score 

where warmer color indicates higher gene expression. e, Transcriptomic analyses of SFO 
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neurons. The SFO contains transcriptionally distinct 5 excitatory and 3 inhibitory neuron 

types from 2642 cells with color-coded cell identity (left). The prevalence of each neuron 

type is shown (right). f, The OVLT contains 6 excitatory and 2 inhibitory neuron types 

form 1511 cells with color coded cell identity. g, Violin plot of cell-type-defining genes 

for SFO neuron types. Gene expression level for each gene is shown as maximum counts 

per million (max CPM). h, Violin plot of cell-type-defining genes for OVLT neuron types. 
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Fig. 3: Functional cell-type-mapping reveals neuron types tuned to distinct thirst 

states. a, Experimental design for identifying active neurons under distinct thirst states. 

The SFO and OVLT tissue was dissected and was subjected to scRNA-seq in the presence 

of actinomycin, a transcriptional blocker. Activated neuron types were mapped based on 

IEG expression. b, Neuronal data from the SFO (top) and OVLT (bottom) under four 

physiological conditions were aligned using Canonical Correlation Analysis (CCA) and 

transcriptomic cell types displayed in a UMAP embedding (n= 6540 and n = 7206 neurons 

for SFO and OVLT, respectively). Expression of c-Fos is plotted on log-normalized scale 

as a proxy for neural activation (red), showing state-dependent activation of different 

excitatory neuron types. For control, osmotic stress, hypovolemic stress and water 

deprivation states, 1866, 1403, 1772 and 1499 neurons (SFO), and 1841, 2257, 1461 and 

1647 neurons (OVLT). c, Violin plot and Quantification of c-Fos expression in SFO and 

OVLT excitatory neuron types. Log scaled p-values (–log10p) are color-coded and 

indicated above each plot. Kruskal-Wallis test with Dunn’s post test was used to compare 

cell type specific gene expression under control conditions to corresponding cell types in 

three experimental conditions. White color indicates p>0.001. 

 

NEURAL POPULATIONS DRIVING DISTINCT FLUID INTAKE BEHAVIORS 

Recent transcriptomic studies have successfully revealed cell types, spatial organization, 

and their putative functions34,35. Few cases, however, linked the causal relationship 

between the activity of functionally-relevant cell types and behavioral consequences. To 

fill this gap, we utilized the transcriptomic information to identify genetic markers that best 

correlate with the c-Fos activation pattern using Spearman correlation. These analyses 

found that Rxfp1 and prodynorphin (Pdyn) expression strongly correlate with neural 

activation patterns under osmotic and hypovolemic thirst, respectively (Fig. 4a, b and 

Extended Data Fig. 7a, b). The expression of these two genes define multiple cell types but 

are largely non-overlapping in the SFO and OVLT (Extended Data Fig. 7a-c). If 

osmolality-sensitive Rxfp1 neurons (SFO: Glut3-5 and OVLT: Glut5) indeed mediate 
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osmotic thirst, we predict that stimulation of this neural population should drive animals 

to consume pure water. To test this hypothesis directly, we generated knock-in mice 

expressing Cre-recombinase after the coding sequence of Rxfp1 (Rxfp1-Cre, Extended 

Data Fig. 7d and e). For manipulation experiments, we injected adeno-associated virus 

(AAV) encoding Cre-dependent channelrhodopsin2 (AAV-DIO-ChR2-EYFP) in CVOs of 

Rxfp1-Cre animals. We then implanted an optic fiber above the SFO or OVLT for light 

delivery. Upon stimulation of Rxfp1 neurons with blue light, sated animals exhibited 

vigorous appetite toward water, but refused to consume hypertonic NaCl and other salts 

(Fig. 4c middle panels, Extended Data Fig. 8a-c). This specific appetite recapitulates the 

natural behavior under osmotic stress.   

Similarly, Pdyn expression (SFO: Glut1-4 and OVLT: Glut1 and 3) correlates well with 

hypovolemia-sensitive neurons (Fig. 4a, and Extended Data Fig. 7c and d). Consistent with 

hypovolemia-induced drinking, optogenetic stimulation of Pdyn neurons in the SFO and 

OVLT triggered non-specific drinking behavior toward both water and hyperosmotic salt 

solutions (Fig. 4c right panels and Extended Data Fig. 8a-c). Note that appetite selectivity 

is unrelated to fluid consumption levels (i.e., craving levels) because stimulation of both 

Rxfp1 and Pdyn neurons induced similar levels of total fluid intake (Extended Data Fig. 

8d). Finally, chemogenetic inhibition of Rxfp1- but not Pdyn-positive neurons strongly 

suppressed osmotic-stress-induced water intake (Fig. 4d). Together, these results show that 

distinct thirst modalities are encoded by a unique set of thirst neurons, activation of which 

induces different drinking specificity. Importantly, optogenetic stimulation of Pdyn 

neurons did not drive sodium eating behavior, a typical behavior induced by sodium 

appetite (Extended Data Fig. 8e). Moreover, hypovolemic stresses did not activate sodium 

appetite neurons in the hindbrain36,37 (Extended Data Fig. 8f). Thus, hypovolemia-induced 

mineral ingestion is unlikely to be a consequence of activation of sodium appetite circuits. 
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Fig. 4: Activation of thirst-state-specific cell populations in the SFO and the OVLT 

recapitulates thirst modality-specific drinking patterns. a, Violin plots 

of Rxfp1 and Pdyn log-normalized expression in SFO and OVLT excitatory neuron types 

(green) compared to thirst-state-specific Fos expression (red) in corresponding cell types. 

The data were reanalysed from Figs. 2, 3. b, c, UMAP embedding for Rxfp1 and Pdyn log-

normalized expression (blue) in SFO (top) and OVLT (bottom) excitatory neuron 

types. Fos data are replotted for reference from Fig. 3b. d, Optogenetic activation of 
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osmotic stress-sensitive and hypovolaemic stress-sensitive neurons in the SFO (left) and 

the OVLT (right). Diagrams of optogenetic gain-of-function experiments for distinct thirst 

neuron subtypes (left) are shown. Representative images of Rxfp1–Cre-labelled cells 

(middle; Rxfp1–Cre/Ai14) and Pdyn–Cre-labelled cells (right; Pdyn–Cre/Ai3) are also 

included. Optogenetic activation of RXFP1 neurons drives selective drinking of pure water 

(middle). Consumption of pure water (grey) and 0.5 M NaCl (red) were quantified from 

nine mice for the SFO and six mice for the OVLT. Conversely, stimulation of PDYN 

neurons drives consumption of both water and hyperosmotic salt solution (right). Data were 

quantified from six mice for the SFO and five mice for the OVLT. Scale bar, 10 µm. e, 

Schematic of chemogenetic inhibition of Rxfp1-positive and Pdyn-positive neurons under 

osmotic thirst (left). NaCl (i.p.)-induced drinking was significantly suppressed by the 

inhibition of Rxfp1-positive neurons (n = 6 mice), but not by Pdyn-positive neurons (n = 7 

mice). CNO, clozapine N-oxide. f, A diagram depicting the cellular logic underlying 

distinct thirst states. *P < 0.05, **P < 0.01, by two-tailed Wilcoxon matched-pairs signed-

rank test or Mann–Whitney U-test. All data are shown as mean ± s.e.m. 

 

PERIPHERAL DETECTION OF WATER IN THE INTESTINE 

To examine visceral osmolality responses, we performed in vivo single-unit calcium 

recording from vagal ganglia neurons that carry the majority of gut sensory information. To 

achieve this, we genetically expressed GCaMP6s (Slc17a6-Cre;Ai96 line) in vagal sensory 

neurons and imaged with confocal microscopy (Fig. 5a). Hypo-, hyper-osmotic, and glucose 

infusion for an extended period (2 min) activated large fractions of vagal neurons. Notably, 

nearly half of these neurons responded to multiple nutrients, which may reflect a combination 

of sensory nutrient detection and post-absorptive physiological changes as illustrated 

previously38,39 (Fig. 5b). To selectively visualize rapid sensory detection of osmolality, we 

employed a short stimulation paradigm (20 sec). With this stimulation scheme, hypotonic 

responses were largely segregated from hypertonic, glucose and distension responses (Fig. 
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5c). Thus, acute water sensation in the gut activates a dedicated neural population in vagal 

ganglia. We note that water responses were exclusively observed via intestinal, but not 

gastric water infusion demonstrating site-specific gut-to-brain communication.   

 

Fig. 5: Visceral hypotonic stimuli activate a dedicated vagal population. a, A diagram of 

confocal calcium imaging of individual vagal neurons in Slc17a6-Cre;Ai96 mice. b, 

Representative vagal responses (top) during the 2-min intestinal water (red), 500 mM NaCl 

(green), 300 mM glucose (blue) infusion and intestinal distension (yellow).  Response heat 

map and Venn diagram for individual neural activity (n = 6 mice). c, Responses during 

shorter stimulation period (20 sec). Individual neural responses are shown in a heat map and 

Venn diagram (n = 7 mice). Note the minimal response overlap between different nutrients 

with shorter stimulation period. 

 

VAGAL HEPATIC BRANCH IN THIRST SATIATION 

How does the gut detect osmolality change? Based on potential roles of the hepatic portal 

area (HPA) in nutrient/water sensing40,41, we hypothesized that sensory signals from the HPA 

may play a role in gut osmolality detection. To directly test this possibility, we performed 

branch-specific loss-of-function study using surgical denervation combined with in vivo 
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imaging. Acute hypotonic responses were abolished after selective denervation of hepatic 

vagal branch (HVx) while responses to intestinal distension remained largely intact (Fig. 6a). 

Consistent with previous reports, the responses to other nutrients were also blunted by 

HVx42,43 (Extended Data Fig. 9a). 

Previous studies have established that gut water detection rapidly transmits pre-absorptive 

satiation signals to the brain and inhibits water intake16,17. Given the sensory function of the 

HPA, we next investigated whether HPA-derived water signals mediate thirst satiation. To 

this end, we subjected animals to water restriction and measured water intake with or without 

HPA sensory inputs. Animals lacking HPA afferents exhibited significantly increased water 

consumption after 24-hour water deprivation (Fig. 6b). However, spontaneous daily water 

intake did not change regardless of vagal inputs (Extended Data Fig. 9b). These results 

suggest that HPA-denervation specifically affects thirst satiation under water-deprived states. 

Thirst neurons receive two types of feed-forward satiation signals: rapid inhibition by liquid 

gulping and sustained inhibition by gut osmolality detection. The vagal pathway was 

suggested to play a role in these satiation signals16,22. If the HPA is involved in osmolality-

induced satiation, we expected that sustained inhibition of thirst neurons should be 

selectively abolished after HVx. To examine this idea, we virally expressed GCaMP in 

NOS1-positive thirst neurons in the subfornical organ (SFO). The activity of thirst neurons 

was then recorded through an implanted optic fiber with or without HPA inputs (Fig. 6c). 

These neurons were robustly activated by osmotic challenge (intraperitoneal injection of 

NaCl solution) and rapidly suppressed upon fluid intake under dehydrated states (Fig. 6d, e). 

With intact vagal function, sustained neural inhibition was observed after water intake 

whereas this osmolality-induced inhibition was significantly reduced after HVx (Fig. 6e, top 

panels). Importantly, gulping-induced rapid inhibition was unchanged by the same operation 

(Fig. 6e, bottom panels). These functional data demonstrate a selective role of HPA-

innervating vagus nerve in osmolality-induced thirst modulation.  



 

 

31 

 

Fig. 6: Vagal sensory inputs from the HPA transmits gut-to-brain osmolality signals. a, 

The effect of hepatic branch loss-of-function (HVx) on acute water responses. Response heat 

maps for intestinal water infusion and distension (Slc17a6-Cre;Ai96, n = 3 mice). 

Responding neurons after HVx are quantified as a percentage of those before HVx (less than 

1% for water, 72% for distension). b, Effect of HVx on water consumption. Water intake 

during a 20-min session were quantified after 24 hours of water restriction in sham (grey) 

and HVx (red) animals (n = 9 mice). Importantly, spontaneous daily water intake was not 

affected (n = 9 mice). c, A diagram of optical recording from LT thirst neurons before and 

after HVx. Thirst neuron activity was recorded by injecting AAV-CaMKII-GCaMP6s into 

wild-type animals or AAV-Flex-GCaMP6s into Nos1-Cre animals. d, Thirst neurons are 

acutely activated by intraperitoneal injection of hypertonic saline (2M NaCl, n = 10 mice). 
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e, Calcium dynamics and quantified responses (AUC) of thirst neurons after fluid intake 

(n = 10 mice). Water intake induces rapid and sustained inhibition in intact animals. After 

HVx, sustained osmolality-induced inhibition was significantly blunted (left top). 

Conversely, gulping-induced inhibition was unchanged (left bottom). Isotonic saline intake 

only induced rapid inhibition to thirst neurons (right). Blue shade indicates the drinking 

period (5 sec). *P < 0.05, **P < 0.01 by two-tailed Mann-Whitney U-test and two-tailed 

paired t test. Data are presented as mean ± s.e.m. 

 

DISCUSSION 

In the past half-century, it has been well established that CVOs play a pivotal role in fluid 

homeostasis10. However, the precise molecular census has not been established to date. Our 

single-cell transcriptomic study revealed comprehensive cell types in the SFO and OVLT, 

two critical sensory organs that monitor internal water balance. ScRNA-seq-based stimulus 

to cell-type mapping further unveiled unique cell types involved in two distinct thirst states 

caused by either systemic hyperosmolality or hypovolemia. These results elucidated the 

cellular basis of two thirst modalities (Fig. 4e).  

One of the common functions of peripheral sensory systems is to distinguish among different 

stimulus qualities (e.g., sweet vs bitter). This enables animals to react and behave 

appropriately toward different stimuli. Our study shows that this principle is also true for 

central sensory systems. We show anatomical and functional evidence that thirst consists of 

two distinct modalities represented by unique neural ensembles in the brain. Stimulation of 

osmolality- and hypovolemia-sensitive neurons drives different drinking patterns to restore 

the deficits caused by each stress. Furthermore, these two types of thirst neurons are housed 

in the same brain structures, which highlights the similar coding principles employed by the 

peripheral systems. 
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In various mammalian species, the brain has two osmosensory organs, the SFO and OVLT, 

which are functionally redundant for sensing internal water balance. Our transcriptomic 

analyses enabled a systematic comparison between these two structures at both molecular 

and cellular levels. Two CVOs largely share corresponding major cell classes and neuron 

types, and gene expression patterns related to potential osmoregulatory molecules (Extended 

Data Fig. 3c, d). These results suggest that the SFO and OVLT are parallel entry points that 

independently sense body fluid imbalance, and drive dedicated downstream behaviors. 

However, I found that astrocytes in the SFO, but not OVLT are strongly activated by osmotic 

stress. Thus, SFO astrocytes may have a dedicated function in fluid regulation44.  

Previous studies defined excitatory neurons in the LT as thirst neurons using two criteria. 

First, they are activated under dehydration, and second, stimulation of these neurons drives 

drinking behavior11–13. However, we show that these neurons contain at least two 

functionally distinct components: one for water-specific appetite, and another for non-

specific fluid appetite. These neuron groups are labeled by the expression of Rxfp1 and Pdyn. 

Interestingly, Rxfp1 and Pdyn neurons comprise multiple transcriptomic cell types among 

excitatory neurons. It would be important to investigate how individual cell types contribute 

to different thirst states. Our results stress the importance of dissecting neural circuit function 

at the level of transcriptomic cell types and that functionally-defined neuronal groups often 

contain subpopulations that have related but distinct functions to achieve a given behavior. 

Gut osmolality change induces distinct types of vagal responses: hypotonic specific and 

general responses. HVx selectively eliminates hypotonic responses suggesting that gut 

osmolality changes stimulate multiple vagal pathways. Importantly, non-specific nutrient 

responses emerged with an extended gut stimulation as indicated previously38,39. We 

speculate that rapid hypotonic-specific responses represent sensory detection of osmolality 

change whereas general responses may be a consequence of delayed physiological effects 

such as blood pressure or heart rate changes. It is important for future work to investigate 

how different types of osmolality/nutrient responses contribute to appetite regulation and 

other physiological changes. 
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Physiologically and behaviorally, the importance of gut osmolality sensing for thirst 

regulation has been recognized for decades. Recent studies provided more insights into the 

neural and molecular mechanisms underlying water detection. Nevertheless, in vivo sensory 

responses to gut water stimuli are not fully understood. In this study, we characterize 

osmolality responses in sensory ganglia and demonstrate that the vagal pathway transmits 

gut-to-brain thirst satiation signals. We show that intestinal water stimuli induce 

hypoosmolality-specific and general osmolality/nutrient responses in vagal neurons, of 

which the former responses are exclusively mediated by sensory afferents from the HPA. 

Moreover, we show that HPA-derived sensory signals contribute to feed-forward satiation 

and thirst-circuit modulation (Fig. 6e). This study reveals peripheral representation, signal 

transmission pathway, and functional significance of gut hypoosmolality sensing. 
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EXPERIMENTAL MODELS AND METHOD DETAILS 

Animals 

All animal care and experimental procedures were carried out in accordance with the US 

NIH guidance for the care and use of laboratory animals and approved by California Institute 

of Technology Animal Care and Use Committee (protocol #1694-14). Mice used for 

behavioral experiments were both male and female, at least eight weeks of age. For scRNA-

seq experiments determining SFO and OVLT cellular nomenclature we used 7.5 – 8 week 

old C57BL/6J male mice with tissue accumulated from 8-12 animals per structure. For neural 

activity to cell type mapping related scRNA-seq experiments we used a total of 48 C57BL/6J 

animals (24 male and 24 female divided in equal counts between 4 experimental batches) at 

7.5-8 weeks of age. The following mice were purchased from the Jackson Laboratory: 

C57BL/6J (JAX strain 000664); Ai3, (JAX strain 007903); Ai14 (JAX strain 007914), Ai96 

(JAX stock #028866). Pdyn–Cre mice were a gift from B. Lowell and M. Krashes. TRAP2 

mice were a gift from Liqun Luo. Slc17a6 (Vglut2)-Cre (Slc17a6Cre) mice were a gift from 

V. Gradinaru. Mice were housed in temperature- and humidity-controlled rooms with a 13 

hours:11 hours light:dark cycle with ad libitum access to chow and water. 

Generation of Rxfp1-P2A-Cre mouse line 

Rxfp1-P2A-Cre animals were created by nucleofection of 106 v6.5 mouse embryonic stem 

cells (C57/BL6;129/sv; a gift from R. Jaenisch) with ribonucleoprotein (RNP) complexes 

composed of SpCas9-NLS protein and in vitro transcribed sgRNA 

(ACTCAATTCTTATTCGTAAC). To enable homology directed repair (HDR), a repair 

construct in which P2A-Cre was flanked with sequences homologous to the target site was 

cotransfected with RNP complexes.  Colonies grown from transfected cells were directly 

screened for successful integration.  The inserted transgene was fully sequenced from 

positive clones.  Candidate lines were also analyzed for normal karyotype.  The first line 

passing quality control was aggregated with albino morula and implanted into 

pseudopregnant females, which produced germ line competent chimeric founders. 
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Viral constructs 

The following AAV viruses were purchased from Addgene: AAV5-EF1a-DIO-ChR2-EYFP 

(Addgene #20298-AAV5), 3.0·1013 viral genomes per ml. AAV8-DIO-hM4Di-mCherry 

(Addgene #44362), 1.9·1013 viral genomes per ml. AAV1-Syn-Flex-GCaMP6s (100845-

AAV1), 2.9 × 1013 viral genomes per ml. 

Surgery 

Surgery procedures were performed as previously described12. Briefly, animals were 

anesthetized with a mixture of ketamine (1 mg/ml) and xylazine (10 mg/ml) in isotonic 

saline, injected intraperitoneally (i.p.) at a dose of 10 μl/g bodyweight. Ketoprofen was also 

subcutaneously administered at 5 μl/g bodyweight. The mouse was then placed in a 

stereotaxic apparatus (Narishige #SR-5M-HT) on a heating pad at 37 °C. Mouse skull was 

exposed by an incision of the scalp followed by application of the topical analgesic 

bupivacaine (2.5 mg/ml). A small craniotomy, less than 1 mm, was made using a hand drill 

at the regions of interest. Virus injections were performed with pulled glass pipettes using a 

microprocessor-controlled injection system (World Precision Instruments, Nanoliter 2000) 

at 100 nl/min. SFO virus injections were performed using the following stereotaxic 

coordinates with respect to the lambda aligned bregma point: + 800 µm A/P, 0 µm M/L, 

+2800 µm below the surface of the skull. OVLT virus injections were performed using the 

following stereotaxic coordinates: -500 µm A/P, 0 µm M/L, +5260 µm below the surface of 

the skull. Total of 50 – 90 nL of virus was delivered per injection. For optogenetics 

experiments, optogenetic implants were prepared by gluing a 200-μm diameter optic fiber 

(Thorlabs, FT200EMT) to a ceramic ferrule (CF230-10, Thorlabs) with epoxy glue.  The 

implants were placed 300 μm above the virus injection site and attached to the skull with 

Vetbond (SCB, sc-361931) and dental cement (Lang Dental Mfg. Co, #4720FIB, #Jet 

Liquid). All mice were placed in a clean cage on a heating pad overnight to recover, and were 

then housed in the animal facility. Behavioral tests were performed after at least 10 days of 

recovery. At the end of experiments, all animals were euthanized and histologically 

examined for virus expression as well as the fiber implant position. 
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Fiber photometry 

Surgery for photometry was performed as previously described17. In brief, mice were 

anesthetized with a mixture of ketamine and xylazine solution. The animal was then placed 

in a stereotaxic apparatus (SR-5M-HT, Narishige) on a heating pad at 37 °C. A total of 150-

300 nL viral constructs were injected using a microprocessor-controlled injection system 

(Nanoliter 2000, World Precision Instruments) at 100 nL/min. SFO virus injections were 

performed using the following stereotaxic coordinates; AP: −4030, ML: 0, DV: −2550. For 

photometry, a 400-μm diameter optic fiber (FT400UMT, Thorlabs) and a ceramic ferrule 

(CF440, Thorlabs) were glued to be implanted to SFO. Virus expression and fiber implant 

position was verified after data collection.   

Bulk fluorescence signals were collected using fiber photometry as previously described 

6,13,41. In brief, GCaMP signals were extracted and subjected to a low-pass filter at 1.8 Hz. 

To obtain the fitted 405-nm signal, a linear function was used to scale up the 405-nm to 490-

nm channel signal. The change in fluorescence intensity (ΔF/F) was calculated as (raw 490 

nm signal – fitted 405 nm signal) / (fitted 405 nm signal), and then time-binned by a factor 

of 2.5 times the sampling frequency and down-sampled to 1 Hz. For all photometry assays, 

animals were acclimatized for at least 15 min in the chamber before the stimuli were 

presented. Animal licks were simultaneously recorded. The AUC was quantified by 

integrating the baseline-subtracted fluorescence signals for 10 min for the osmolality-

induced inhibition, 20 sec for the gulping-induced inhibition after the first bout.  

Gastrointestinal infusion 

A skin incision was made along the abdominal midline. For the intestinal input port, a tubing 

(60-011-04, HelixMark®) was inserted in the proximal duodenum (within 0.5 cm from the 

sphincter) in the initial set of experiments. For the remaining experiments to test the HPA 

function, the input port was set at the jejunum (5 cm from the sphincter) to eliminate the 

duodenum contribution to osmolality responses through the hepatic branch. The exit port 

(60-011-09, HelixMark®) was made in the distal intestine before the cecum. Surgical thread 
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(K802H, Ethicon) was used to fasten and secure tubing sites. Intestinal distension was 

achieved by temporally closing the exit port while infusing saline.  

For gastric infusion, a small incision was made in the fundus of the stomach for the input 

port. The output tubing was inserted through a duodenum incision into the stomach. Gastric 

distension was achieved by volume-controlled manual inflation of a surgically implanted 

latex balloon (73-3478, Harvard Apparatus).  

Gastrointestinal contents were flushed with isotonic saline before experiments. Different 

fluid stimuli were delivered by switching solenoid valves with Arduino. Stimuli used were 

deionized water, 1 M or 500 mM NaCl, 300 mM glucose, 4% Acetic acid, and Ensure. All 

solutions were warmed up to 37°C. 

Vagal hepatic branch transection 

Mice were anesthetized with a mixture of ketamine (100 mg/kg body weight) and xylazine 

(5 mg/kg body weight) intraperitoneally. Ketoprofen was subcutaneously administered at 5 

mg/kg body weight and buprenorphine SR (1 mg/kg body weight) was applied prior to 

surgery. Animals were placed on their backs and the abdomen was incised along the midline. 

The hepatic branch was completely transected for the hepatic-branch-specific cut. Sham-

operated mice were subjected to all the surgical procedures except the nerve operation. 

In vivo vagal ganglion imaging 

Vagal ganglion imaging was performed as previously described38,39. Briefly, 16-hour fasted 

animals were anesthetized with pentobarbital. We exposed the vagal ganglion by retracting 

the carotid artery, and the vagus nerve was transected superior to the jugular ganglion. The 

ganglion was then immobilized on a custom 5-mm diameter glass coverslip station, and 

immediately immersed in the silicon adhesive (KWIK-SIL, World Precision Instruments). 

Imaging was conducted with Leica SP8 confocal microscope, framing rate at 1Hz. Less than 

10 µW laser power was used to prevent tissue damage.  
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Imaging data was analyzed using modified MATLAB scripts based on CaImAn-

MATLAB45. Briefly, Imaging frames collected from the same animal were registered to 

correct for motion artifacts. Constrained non-negative matrix factorization (CNMF) 

algorithm was used to recognize individual cells and to extract the Ca2+-activity traces. 

CNMF outputs were manually inspected to remove neuropil or other non-neuronal signals. 

For calculating sensory responses, 25 sec (10 sec for DRG imaging) before the stimulus onset 

was used as baseline period. The responses are reported in units of baseline standard 

deviation (σ) as previously published37. The mean (μ) and standard deviation (σ) of F0(t) 

over a baseline period were computed as F(t) = (F0(t) − μ)/σ. Cells were defined as 

responsive to each stimulus if the average ΔF/F(σ) value during the stimulus period exceeded 

2.5 s.d.. 

Optogenetic manipulation 

For optogenetic photostimulation, 473-nm laser pulse sequences (20 ms, 20 Hz, 30 sec pulse 

sequence) were delivered via an optic cable (MFP-FC-ZF, Doric Lenses) using a pulse 

generator (World Precision Instruments, SYS-A310) for all behavioral assays performed in 

the custom gustometer (Dialog Instruments). For rock salt experiments, pulse sequences (20 

ms, 20 Hz, repeated pulse sequence of 1 sec on, 3 sec off) were generated by a pulse generator 

(Quantum Composers, Sapphire 9200). The laser intensity was maintained at 5 mW at the 

tip of the fiber.  

Induction of physiological states 

Osmotic thirst was induced by an intraperitoneal (i.p.) injection of either 2 M NaCl (5 μl/g 

bodyweight) or 2 M mannitol solution (10 μl/g bodyweight). After 10 min in the home cage 

without food or water, animal behavior was tested. For immunohistochemistry or scRNA-

seq, animals were kept in the home cage without access to food or water for one hour to 

allow for stimulus induced expression of immediate early genes. 
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Hypovolemic thirst was induced either by an i.p. injection of furosemide (Sigma, F4381) 

at a dose of 50 mg/kg bodyweight or subcutaneous (s.c.) injection of 40% polyethylene 

glycol (PEG, Sigma, 89510) at a dose of 10 mg/kg body weight. Mice stayed in a clean cage 

without food or water for either 3 hours after furosemide injection or 6 hours after PEG 

administration followed by behavioral testing. Tissue collection for immunohistochemistry 

or scRNA-seq was done either 4 hours after furosemide or 7 hours after PEG administration.  

For water deprivation experiments, animals were kept in their home cages without water for 

36 hours, and were provided with food and 1 ml of water daily. For sodium-restriction 

experiments, a low-sodium diet (Envigo, TD. 90228) and water were provided for one day 

after furosemide injection at a dose of 50 mg/kg bodyweight. After that, animals were tested 

for behavior or sacrificed for scRNA-seq as well as immunohistochemistry experiments. All 

animals were given at least two days on the normal diet to recover after each treatment. 

Behavioral assays 

All behavioral assays were performed in a custom gustometer (Dialog Instruments) system, 

unless otherwise noted. Animals used were water deprived 24 hours for training in the 

gustometer before behavioral assays.  For two-choice consumption preference assay, one 

bottle of water and one bottle of mineral solution (0.3 M or 0.5 M NaCl, 0.3 M or 0.5 M KCl, 

0.05 M MgCl2, or 0.05 M CaCl2) were presented in sequence during the same session as 

previously described, measuring the number of licks towards different solutions11. For Fig. 

1 and Extended Data Fig. 1, mice of different thirst states were recorded for an hour 

containing a number of 60-sec trials. After the first lick of each trial, mice had ad libitum 

access to the spout for 5 sec. There is a 10-sec interval between each trial.  

For optogenetics experiments, 30 sec of photostimulation was delivered to sated animals for 

each trial, with an inter-trial-interval of 60 sec. Animals were given 5 sec access to solution 

within one trial. Using the same two-choice preference assay, we measured animal 

consumption preference for 10 trials in total. To evaluate total fluid intake caused by 

photostimulation, one bottle of water was presented to the same testing animals for 20 trials. 
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For chemogenetic inhibition experiments, CNO was administrated at 10 mg/kg body 

weight, 20 min before osmotic thirst induction. Animals were then provided with a bottle of 

water for 30 min.  

During the training session of rock salt experiments, sodium deprived animals were 

accustomed for an hour in a transparent acrylic box (50 cm x 25 cm x 25 cm) with a rock salt 

(Halite Himalayan Crystal Salt) fixed in one corner. Lick events of animals were monitored 

for 30 min using a webcam under sated, photostimulated and sodium-deprived conditions, 

and bout frequency was manually quantified. For the photostimulation experiments, animals 

received pulses for one second every four seconds during the entire 30-min session. 

Immunohistochemistry 

Mice were euthanized with CO2 and perfused with PBS followed by 4% paraformaldehyde 

(PFA, pH=7.4). Mouse brains were extracted, post-fixed overnight at 4°C in 4% PFA and 

coronally sectioned at 100 μm intervals on a vibratome (Leica, VT-1000s). Brain sections 

were blocked (10% donkey serum, 0.2% Triton X-100 in PBS) for an hour at room 

temperature followed by overnight primary antibody incubation in block buffer at 4°C. The 

following primary antibodies were used: rabbit anti-c-Fos (1:500, Cell Signaling, #2250), 

sheep anti-FOXP2 (1:2000, R&D Systems, AF5647), rabbit-anti-ETV1 (1:500, Abcam, 

ab81086), chicken anti-GFP (1:1000, Abcam, ab13970), rat anti-mCherry (1:500, 

Invitrogen, 16D7). After washing 3 times with PBS, the brain sections were stained with 

secondary antibodies (1:500, Jackson Immunoresearch) and DAPI (2 µg/ml) for 4 hours at 

room temperature.  After another 3 PBS washes, sections were mounted on glass slides and 

imaged on a confocal microscope (Leica, TCS SP8). 

Genetic labeling of stimulus activated cell types (TRAP2) 

Detailed generation and characterization of TRAP2 animals were described in previous 

studies23. We crossed TRAP2 animals with Ai14 animals and used double-positive mice for 

genetic labeling experiments. Food and water were removed after inducing osmotic thirst by 
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injecting hypertonic saline (i.p.) as described above. 4-hydroxytamoxifen (4-OHT) (Sigma 

H6278) was dissolved at 20 mg/ml in pure ethanol by shaking at 37 °C for 15 min. The 

dissolved 4-OHT was mixed with double volume of corn oil (Sigma C8267) at room 

temperature for 15 min. Ethanol was evaporated in vacuum centrifugation. The final 10 

mg/ml 4-OHT solution was injected (i.p.) at a dose of 50 mg/kg an hour later. Water and 

food were returned 6 hours after 4-OHT administration. Mice were given 1 week for 

fluorescent reporter expression before subjecting them to either osmotic thirst or 

hypovolemic thirst induction followed by immunohistochemistry for c-Fos expression. 

Blood volume and osmolality measurements 

After inducing different thirst states, trunk blood was collected from 8-week old C57BL/6J 

male mice. Extracted blood volume was quantified by weight. Plasma was then separated by 

centrifugation at 1600 g for 20 min. Plasma osmolality was measured using an osmometer 

(Vapro 5520). 

Tissue processing into single cell suspensions and sequencing library construction for 

10x scRNA-seq 

7.5-8 week old animals were anaesthetized with isoflurane in an isolated plexiglass chamber. 

Brains were rapidly extracted and dropped into ice cold carbogenated (95% O2, 5% CO2) 

NMDG-HEPES-ACSF (93 mM NMDG, 2.5 mM KCl, 1.2 mM NaH2PO4, 30 mM NaHCO3, 

20 mM HEPES, 25 mM glucose, 10 mM MgSO4, 1 mM CaCl2, 1 mM kynurenic-acid Na 

salt, 5 mM Na-ascorbate, 2 mM Thiourea, 3 mM Na-pyruvate, pH adjusted to 7.4, osmolarity 

ranging 300 – 310 mOsm). 2 mm brain sections containing either SFO or OVLT were cut 

with a razor blade on a stainless steel brain matrix (Stoelting #51392) and transferred to a 

dissection dish on ice containing NMDG-HEPES-ACSF. For SFO microdissections, the 

surface of the fornix was exposed and SFO was peeled off with forceps by grabbing the 

posterior end of the SFO and extracting the structure. For OVLT, the abdominal anterior 

surface of the 3rd ventricle containing the OVLT was exposed with forceps and OVLT was 

extracted by cutting out a triangular shape of tissue (height ~350 microns, base ~350 microns, 
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depth 150 microns from the surface of the 3rd ventricle) with microsurgical stab knife 

(Surgical Specialties #72-1501). Microdissected tissue was aggregated from 8-12 animals 

per scRNA-seq run (12 animals for SFO and 8 animals for OVLT) in a collection tube on ice 

containing NMDG-HEPES-ACSF. For enzymatic digestion of tissue NMDG-HEPES-ACSF 

was replaced by Trehalose-HEPES-ACSF (92 mM NaCl, 2.5 mM KCl, 1.25 mM NaH2PO4, 

30 mM NaHCO3, 20 mM HEPES, 25 mM glucose, 2 mM MgSO4, 2 mM CaCl2, 1 mM 

kynurenic-acid Na salt, 2.5 wt/vol trehalose, pH adjusted to 7.4, osmolarity ranging 330 – 

340 mOsm) containing papain (60 U/ml Sigma Aldrich #P3125, pre-activated with 2.5 mM 

cysteine and a 30 min incubation at 34 ⁰C and supplemented with 0.5 mM EDTA). Extracted 

SFO and OVLT tissue was incubated at 34 ⁰C with gentle carbogenation for 1 hour 20 min 

and 50 min, respectively. During enzymatic digestion the tissue was pipetted periodically 

every 10 min. At the end of enzymatic digestion the medium was replaced with 200 µl of 

room temperature Trehalose-HEPES-ACSF containing 3 mg/ml ovomucoid inhibitor 

(Worthington #OI-BSA) 25 U/ml DNAse I (Thermo Scientific #90083) and tissue was gently 

triturated into a uniform single cell suspension with consecutive rounds of trituration with 

fire-polished glass Pasteur pipettes with tip diameters of 600, 300 and 150 µm. Resulting cell 

suspension volume was brought up to 1 ml with Trehalose-HEPES-ACSF with 3 mg/ml 

ovomucoid inhibitor and pipetted through a 40 µm cell strainer (Falcon #352340) into a new 

microcentrifuge tube. Thereafter, the single cell suspension was centrifuged down at 300 g 

for 5 min at 4 ⁰C and the supernatant replaced with fresh ice cold Trehalose-HEPES-ACSF 

and cell pellet resuspended. Cells were pelleted again and resuspended in 100 µl of ice-cold 

Resuspension-ACSF (117 mM NaCl, 2.5 mM KCl, 1.25 mM NaH2PO4, 30 mM NaHCO3, 

20 mM HEPES, 25 mM glucose, 1 mM MgSO4, 2 mM CaCl2, 1 mM kynurenic-acid Na salt, 

0.05% BSA, pH adjusted to 7.4, osmolarity ranging 330 – 340 mOsm) compatible with 10x 

reverse transcription chemistry (i.e. lacking trehalose and reduced Mg2+). Cell suspensions 

were kept on ice while cell densities were quantified with a hemocytometer and final cell 

densities were verified to be in the range of 300 – 1000 cells/µl. Cell suspension volumes 

estimated to retrieve ~8000 single-cell transcriptomes were added to the 10x Genomics RT 

reaction mix and loaded to the 10X Single Cell A chip (10x Genomics #230027) per 

manufacturer’s protocol. We used the Chromium Single Cell 3’ Library and Gel Bead Kit 
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v2 (10x Genomics #120237) and Chromium i7 Multiplex Kit (#120262) to prepare 

Illumina sequencing libraries downstream of reverse transcription following manufacturer’s 

protocol applying 12 rounds of cDNA library amplification and 11 rounds of sequencing 

library amplification. 

Tissue processing into single cell suspensions and sequencing library construction for 

neural activity to cell-type mapping 

In order to reveal endogenous immediate early gene expression with 10x Genomics based 

scRNA-seq and block tissue processing related artificial induction of IEG levels, a number 

of changes were made to single cell suspension generation protocol. Brains were extracted 

from 12 animals following respective physiological state induction as described above. 3 mm 

tissue sections containing both SFO and OVLT were cut out on a stainless steel brain matrix 

and both structures were microdissected. Extracted SFO and OVLT tissues were collected 

into separate microcentrifuge tubes on ice containing NMDG-HEPES-ACSF and 30 µM 

actinomycin D. For enzymatic digestion of tissue NMDG-HEPES-ACSF was replaced by 

Trehalose-HEPES-ACSF containing papain (80U/ml Sigma Aldrich #P3125, pre-activated 

with 2.5 mM cysteine and a 30 min incubation at 34⁰C and supplemented with 0.5 mM 

EDTA) and 15 µM actinomycin D. Extracted SFO and OVLT tissue was incubated at room 

temperature with gentle carbogenation for 1 hour 45 min and 1 hour 15 min for SFO and 

OVLT, respectively. During enzymatic digestion the tissue was pipetted periodically every 

10 min. At the end of enzymatic digestion the medium was replaced with 200 µl of room 

temperature Trehalose-HEPES-ACSF containing 3 mg/ml ovomuccoid inhibitor, 25 U/ml 

DNAse I and 15 µM actinomycin D. Tissue was gently tritruted into a uniform single cell 

suspension with consecutive rounds of trituration with fire polished glass Pasteur pipettes 

with tip diameters of 600, 300 and 150 µm. Resulting cell suspension volume was brought 

up to 1 ml with Trehalose-HEPES-ACSF containing 3 mg/ml ovomuccoid inhibitor and 

pipetted through a 40 µm cell strainer (Falcon #352340) into a new microcentrifuge tube. 

Thereafter, the single cell suspension was centrifuged down at 300 g for 5 min at 4 ⁰C and 

the supernatant replaced with fresh ice-cold Trehalose-HEPES-ACSF and cell pellet 
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resuspended. Cells were pelleted again and resuspended in 100 µl of ice-cold 

Resuspension-ACSF. Cell suspensions were kept on ice while cell densities were quantified 

with a hemocytometer and final cell densities were verified to be in the range of 300 – 1000 

cells/µl. Cell suspension volumes estimated to retrieve ~10 000 single cell transcriptomes 

were added to the 10x Genomics RT reaction mix and loaded to the 10X Single Cell B chip 

(10x Genomics #1000074) per manufacturer’s protocol. We used the Chromium™ Single 

Cell 3' GEM, Library & Gel Bead Kit v3 (10x Genomics #1000075) and Chromium i7 

Multiplex Kit (#120262) to prepare Illumina sequencing libraries downstream of reverse 

transcription following manufacturer’s protocol applying 11 rounds of cDNA library 

amplification and 12 rounds of sequencing library amplification applied to 70 ng of cDNA 

library input to library synthesis. 

Sequencing, read-mapping and generation of digital expression data 

For mapping sequencing reads to the transcriptome, we assembled a custom pre-mRNA 

transcriptome reference to capture reads mapping to exons, introns and un-annotated 3’ 

UTRs of select neuronal genes. To this end we modified the genome annotation of the Mus 

musculus Ensemble genome reference release 93 for GRCm38 (mm10) genome build by 

defining transcript spans as exons. Furthermore, to prevent losing reads due to newly 

overlapping exonic regions, we removed 294 pseudogenes with little to no exonic read 

mapping from the genome annotation and reverted 450 genes back to exonic annotation. 

Finally, for several dozen genes, we observed high levels of read mapping just 3’ of annotated 

gene regions that occasionally spliced to known exons and are therefore likely to be derived 

from unannotated 3’ UTR regions. In order to capture those reads, we manually modified the 

genome annotation for 18 genes (e.g. Etv1, Glp1r) to include the unannotated 3’ regions. The 

transcriptomic reference was assembled with 10x Genomics Cell Ranger v. 3.0.1 mkref 

pipeline based on the modified genome annotation file and mm10 genome sequence.  

ScRNA-seq sequencing libraries were sequenced on an Illumina HiSeq4000 or 

NovaSeq6000 sequencers (paired-end 150). Illumina sequencing data were aligned to the 

custom made pre-mRNA reference transcriptome and digital gene-cell matrices were 
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generated with 10x Genomics Cell Ranger v.3.0.1 count pipeline with anticipated cell 

count parameter set at 10 000. Regular scRNA-seq samples generated with 10x Genomics 

v2 kit yielded an average of 49 331 reads/cell for SFO and 33 247 reads per cell for the 

OVLT library. Neural activity to cell-type mapping data sets generated by 10x Genomics v3 

kit had a mean read depth ranging from 44 628 – 78 429 reads/cell. 

Sequencing data pre-processing 

For the scRNA-seq data generated with 10x genomics v2, expression data were further 

filtered to exclude cells with fewer than 1000 or more than 35 000 unique transcripts 

(potential doublets), as well as cells exhibiting more than 15% of mitochondrial transcripts 

(stressed cells). In order to eliminate doublets, we excluded cell clusters co-expressing two 

or more markers for canonical cell classes (Ndrg4 for neurons, Ntsr2 for astrocytes, Ucma 

for lamina terminalis astrocytes, Slco1c1 for endothelial cells, Fcer1g for microglia, Mag for 

oligodendrocytes). Finally, we eliminated a low transcript abundance neuronal cluster in 

SFO datasets (stressed cells emerging in samples requiring long enzymatic digestion times). 

This yielded an SFO dataset with 7950 cells with a median profiling resolution of 2951/4123 

genes per cell for all cells and neurons respectively. The resulting OVLT dataset contained 

6161 cells with a median profiling resolution of 1729/3353 genes per cell for cells and 

neurons respectively. 

For the neural activity to cell-type mapping datasets generated with 10x Genomics v3, the 

data were processed as described above with minor modifications. Expression data were 

filtered to exclude cells with fewer than 1000 or more than 45 000 unique transcripts, as well 

as cells exhibiting more than 15% of mitochondrial transcripts. Furthermore, cells co-

expressing female specific (Xist) and one or more Y-chromosome derived male specific 

genes (Ddx3y, Eif2s3y, Gm29650, Kdm5d, Uty) were excluded as potential doublets. This 

yielded median profiling resolutions ranging from 3046.5/4330.5 to 4826/5925 genes per 

cell for all cell types and neurons respectively. 

Analysis of scRNA-seq data 
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Transcriptomic cell types were determined by analyzing the scRNA-seq data in R (3.5.1) 

using Seurat (v.3.0.3.9019) as previously described26. Briefly, genes expressed in fewer than 

10 cells were discarded from digital expression data. SFO and OVLT data were analyzed 

separately. Expression data from the 4 physiological conditions in neural activation to cell-

type mapping experiments were merged into a single gene expression matrix for SFO and 

OVLT respectively. Gene expression count data were normalized to 10 000 reads and log 

transformed [ ln⁡(
(𝑔𝑒𝑛𝑒⁡𝑐𝑜𝑢𝑛𝑡+1)∗10⁡000

𝑡𝑜𝑡𝑎𝑙⁡𝑡𝑟𝑎𝑛𝑠𝑐𝑟𝑖𝑝𝑡⁡𝑐𝑜𝑢𝑛𝑡⁡𝑝𝑒𝑟⁡𝑐𝑒𝑙𝑙⁡
)  ] which was used for most downstream 

analyses. In order to identify transcriptomic cell classes, we identified genes with most 

variable expression across the entire data set while controlling for the relationship between 

mean expression and dispersion. To determine major cell classes, we identified top 850 

differentially expressed genes as largest outliers in the mean expression and dispersion space 

using the vst method in Seurat::FindVariableFeatures function. In order to identify different 

neural subtypes, we proceeded with top 200 differentially expressed genes. To reduce the 

effects of cell health on clustering results, we used linear regression to remove the effects of 

mitochondrial read fraction from expression data and the resulting residuals for the most 

variable features were then scaled (mean centered and normalized to std. deviation for each 

gene). We performed dimensionality reduction with principal component analysis on the 

scaled gene expression data and used the PC-s accounting for most variance (as determined 

by the “elbow” in the Scree plot ranging from 15 – 20 PCs for major cell classes and 9-15 

PCs for neuronal subtypes) as input to clustering analysis. We compiled the shared nearest 

neighbor graph and identified transcriptomic clusters by optimizing the graph modularity 

function with the Louvain algorithm as implemented by Seurat::FindNeighbors and 

Seurat::FindClusters (resolution parameter ranging from 1.5 – 1.7 for major cell classes and 

0.4 – 0.8 for neurons) functions respectively. The results of clustering were visualized in a 

two dimensional UMAP embedding and gene expression programs defining cell types were 

identified by Wilcoxon Rank Sum test. 

OVLT scRNA-seq datasets contain cells that are present both in and around OVLT. To 

restrict single cell analysis to neurons that are only present in the OVLT, we identified neuron 

types and cell type specific genetic programs in the OVLT scRNA-seq dataset as described 
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above (Extended Data Fig. 2d). We determined whether specific neuron types were 

exclusively present in the OVLT, present both inside and outside OVLT or exclusively 

outside OVLT based on in situ hybridization data from the Allen Brain Institute 

(https://mouse.brain-map.org/,46). Transcriptomic analysis on cell classes and neuron types 

(Fig. 2, 3) was performed on OVLT datasets excluding neurons that were not anatomically 

located within the OVLT. 

In order to overcome misalignment of transcriptomic neuron types due to physiological state 

derived transcriptional changes, we used canonical correlation analysis implemented in 

Seurat26,27  (Extended Data Fig. 5). To this end we log-normalized gene expression data in 

SFO and OVLT neural activity to cell-type mapping datasets and identified integration 

anchors based on the top 150 differentially expressed gene sets from the untreated neuronal 

datasets from SFO and OVLT respectively. Based on the latter, we generated joint batch 

corrected gene-cell matrices using the Seurat::IntegrateData function separately for SFO 

neurons and OVLT neurons. We identified the previously described neuron types by carrying 

out clustering analysis on the batch corrected gene cell matrices as described above enabling 

us to ascribe immediate early gene induction patterns to distinct neuron types in the SFO and 

OVLT. 

Transcriptional homology between SFO and OVLT cell classes and neuron types was 

evaluated by Spearman correlation of averaged gene expression data per cell type. Here, we 

used single cell data generated by the 10x Genomics v2 focusing on the union of top 850 

differentially expressed genes from SFO and OVLT for major cell classes (total 1224 genes) 

and top 200 differentially expressed genes from SFO and OVLT neuron types (total 315 

genes). First, we estimated the average expression of the joint genes for each cell type. Next 

we calculated the cross-correlation matrix based on the average gene expression values 

between the major SFO and OVLT cell classes as well as neuron types respectively using 

the Spearman correlation. The correlation coefficients between cell types were visualized in 

a heatmap using the heatmap.2 function in the R gplots library. The cell types were 

hierarchically clustered by calculating a Euclidean distance matrix based on the correlation 

https://mouse.brain-map.org/
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values using the hclust function in R and hierarchical clustering was performed using the 

Ward agglomeration method. 

Correlation analysis for genetic targeting of state specific neural populations 

Genetic markers that show best correlation with c-Fos expression under distinct thirst state 

were identified by Spearman correlation. To this end, we calculated the average expression 

of the top 1500 most variable genes in the SFO and OVLT as identified by the vst method 

implemented in Seurat. We correlated the cell type averaged expression of the most variable 

genes to either cell averaged c-Fos expression under osmotic or hypovolemic stresses for 

each structure and ordered the genes in descending order according to their Spearman 

correlation coefficient yielding a list of marker genes that best correlate with the state specific 

cFos expression pattern. 

RNA-Scope based multicolor in situ hybridization 

In situ hybridization was performed with RNAscope Multiplex Fluorescent Assay 

(Advanced Cell Diagnostics, #320850). Fixed frozen brains under sated, water deprived, 

osmotic, or hypovolemic thirst state from C57BL/6, Pdyn-ires-Cre, or Rxfp1-P2A-Cre 

animals were prepared following the manufacturer’s instructions. Briefly, 20 µm 

cryosectioned slices were mounted on Superfrost Plus slides (Fischer Scientific, 22-037-

246). The tissue sections were pre-treated with Target Retrieval solution and Protease III. In 

the SFO, gene expression was visualized with Htr7 (#401321), Rxfp1 (#458001), Pdyn 

(#318771), Rxfp3 (#439381), Cre (#312281) and Fos (#316921) probes. For OVLT, the 

tissue was probed for Bmp3 (#428461), Rxfp1, Pdyn, Cpne4 (#474721), Cre and Fos probes. 

Following target probe hybridization, the sections were treated with Hybridize Amp 1-4 and 

stained with DAPI. The sections were imaged with confocal microscopy and probe labeling 

was manually quantified from 40x z-stacks. 

Statistics 
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Data were processed and analyzed using either R, Python 3 or Prism 8.2. No statistical 

methods were used to predetermine sample sizes. Data collection and analysis were not 

performed blind to the condition of the experiments. The sample sizes and statistically 

significant effects are reported in each figure/figure legend. The significance threshold was 

held at α = 0.05 (p>0.05; * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001) or color 

coded as specified in the figure legend. 

Data availability 

Raw and fully processed scRNA-seq data are available at the NCBI Gene Expression 

Omnibus (GEO accession no. GSE154048). 

Code availability 

The MATLAB code used to perform vagal neuron calcium imaging analysis is modified 

from the CalmAn code at https://github.com/flatironinstitute/CaImAn-MATLAB, and is 

available at https://github.com/Oka-Lab/Imaging-analysis. 
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SUPPLEMENTAL INFORMATION 

 

Extended Data Figure 1. Thirst-state-dependent drinking behavior and genetic labeling 

of active neurons. a, c-Fos expression in the SFO (left) and OVLT (right) under the five 
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conditions (SFO: n = 6 mice for control, osmotic thirst, water deprivation 36 hours and 

water deprivation 48 hours, 5 for hypovolemic thirst; OVLT: n = 3 for control, 8 for osmotic 

thirst, 5 for hypovolemic thirst, 7 for water deprivation 36 hours, 6 for water deprivation 48 

hours). b, Water and 0.3M NaCl consumption in sated control animals. The number of total 

licks for water (grey) and 0.3M saline (red) were quantified during a one-hour session (n = 

13 for control group, 8 for NaCl, Mannitol, Furo and PEG, and 11 for water deprivation). c, 

Water (grey) and 0.3M KCl intake (orange) under osmotic and hypovolemic thirst states. 

The number of total licks was quantified during a one-hour session (n = 6 mice). d, 

Experimental diagram for TRAP2 activity-dependent genetic labeling. TRAP2/Ai14 double 

transgenic animals were challenged with osmotic stress by i.p. injection of NaCl solution in 

the presence of 4-hydroxytamoxifen (4-OHT). Osmolality sensitive cells (upper) express 

Cre-ER under the promoter of c-Fos gene, which turns on tdTomato expression (red). In 

osmolality insensitive cells, the same stimulus does not induce tdTomato expression 

(bottom). e, TRAP labeling in the SFO and OVLT of sated control animals (n = 6 from 3 

mice for SFO, n = 3 from 2 mice for OVLT). * p < 0.05, ** p < 0.01, *** p < 0.001by 

Wilcoxon matched-pairs signed rank test. Data is presented as mean ± s.e.m. 
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Extended Data Figure 2. Profiling of cell and neuron types in the SFO and OVLT. a 

and b, Violin plot of cell-type-defining genes for SFO (a) and OVLT (b) major cell types. 

Gene expression level for each gene is shown as maximum counts per million (max CPM).  

Bar graph shows median profiling resolution per cell type in genes/cell. c, Transcriptomic 
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neuron types in the OVLT region (n = 4109 cells) in a UMAP embedding (left). Based on 

Allen In Situ Brain Atlas, cell types were annotated into three anatomic classes: inside 

(green), outside (red), and both inside/outside of the OVLT (yellow). We excluded non-

OVLT cell types (red) for further analyses (Fig. 2, Extended Data Fig. 2e). d, Violin plot of 

genes in all neurons around the OVLT. Neuron types outside the OVLT are shown in gray. 

e and f, Heat map of neuron-type-specific gene expression in the SFO (e) and OVLT (f). 
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Extended Data Figure 3. Expression of putative osmoregulatory channels/hormone 

receptors and cellular comparison between the SFO and OVLT. a, Dotplot of cell-type-

specific expression for putative osmosensory ion channels and receptor genes for 

osmoregulatory hormone systems in major cell types in the SFO and OVLT (dot size is 
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proportional to % of cells with transcript count > 0 expression, color scale represents z-

scored average gene expression). b, Dotplot of neuron-type-specific expression for putative 

osmosensory ion channels and receptor genes for osmoregulatory hormone systems in 

neuron types in the SFO and OVLT44,47–52. Although some of the putative genes are not 

enriched in the SFO or OVLT, they may function outside the LT to regulate thirst. c, 

Evaluation of transcriptional homology between SFO and OVLT cell types based on 

Spearman correlation between average expression of top 850 most variable genes from the 

SFO and OVLT, respectively (n = 1224 genes total). Euclidean distance matrix between cell 

types was calculated based on the Spearman correlation coefficients between cell types, 

which were then hierarchically clustered using Ward agglomeration. d, Same analysis on 

transcriptional homology between SFO and OVLT neuron types based on top 200 most 

variable genes from the SFO and OVLT (n = 315 genes total). 
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Extended Data Figure 4. Functional cell-type mapping in SFO and OVLT. a, A diagram 

of scRNA-seq-based stimulus to cell-type mapping protocol. As previously reported, regular 
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scRNA-seq results in artificial induction of IEGs in all neuron types due to experimental 

treatments. Performing scRNA-seq with a transcriptional blocker during tissue dissociation 

suppresses artificial induction of IEGs and allows identification of stimulus-induced IEG 

expression pattern. b, Transcriptional silencing of SFO and OVLT neurons. Regular scRNA-

seq induces high levels of c-Fos expression in all SFO and OVLT neuron types (left). Data 

are shown as a violin plot of log-normalized c-Fos transcript count data. c, In the presence of 

actinomycin D, artificial induction of IEGs in non-stimulated SFO and OVLT neurons is 

abolished. d, Expression of c-Fos in SFO and OVLT major cell classes under distinct thirst 

states. e, Expression of other IEGs (Nr4a1 and Fosl2) in SFO and OVLT neuron types under 

distinct thirst states. Kruskal-Wallis test with Dunn’s post test. P values are shown on a 

log10(p) scale. 
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Extended Data Figure 5. Canonical correlation analysis (CCA) based alignment of 

transcriptomic neuron types under different physiological conditions. a, A misalignment 

of cell types under distinct physiological states with regular graph-based clustering analysis. 

b, CCA workflow for realigning cell types for joint analysis of transcriptomic datasets. c, 

UMAP embedded scRNA-seq data from SFO and OVLT neurons under distinct thirst status 

without alignment (left), with CCA alignment (middle) and cell type identification on CCA 

aligned data (right). d, e, Violin plots of cell-type defining marker genes in CCA aligned 

stimulus to cell-type mapping datasets for SFO and OVLT respectively. 
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Extended Data Figure 6. Multi-color in situ hybridization for anatomical validation of 

scRNA-Seq cell-types. a, Quantification of SFO Htr7- and Rxfp1-positive cells and their 

overlap in the SFO (n=12 slices from 4 animals). Scale bar 20 µm. Nuclei are visualized by 

DAPI staining (white). b, Quantification of Bmp3- and Rxfp1-positive cells and their overlap 

in the OVLT (n=15 slices from 8 animals). c, Rxfp1-positive cells in the SFO and OVLT co-

express c-Fos under water deprived conditions. Scale bar 10 µm. d, Pdyn expressing cells in 

SFO and OVLT co-express c-Fos under water deprived conditions. e, Single cell-types 

labeled by Rxfp3 (SFO) and Cpne4 (OVLT) express c-Fos under osmotic thirst conditions. 

f, Single cell types labeled by Htr7 (SFO) and Bmp3 (OVLT) express c-Fos under under 

hypovolemic thirst. 
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Extended Data Figure 7. Genetic targeting of osmotic and hypovolemic thirst activated 

cell populations in the SFO and OVLT. a, Spearman correlation between c-Fos expression 
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under distinct thirst states, excitatory cell type specific markers and marker genes used to 

target state activated neuron types in the SFO and OVLT. b, Two-color in situ hybridization 

of Pdyn and Rxfp1. These gene expression patterns are mostly distinct with minor overlap 

(arrowhead). c, Validation of Cre expression in Pdyn-Cre and Rxfp1-Cre lines (95.5% of 

Pdyn-Cre and 100% of Rxfp1- Cre expression matched endogenous gene expression, scale 

bar 10 µm). d, Immunostaining of the SFO (top) and OVLT (bottom). Shown are Pdyn-

positive neurons in Pdyn-Cre/Ai3 animals (left) and Rxfp1-positive neurons in Rxfp1-

Cre/Ai14 animals (right). Pdyn- and Rxfp1-positive neurons (red) are a partial population of 

ETV1-positive excitatory neurons (green). Almost all (>90%) Pdyn- and Rxfp1-positive 

neurons expressed ETV1. Rxfp1 and Pdyn data are from Fig. 4c (scale bar 10 µm). 
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Extended Data Figure 8. Characterization of Rxfp1-Cre and Pdyn-Cre activation 

derived consumption phenotypes. a, Re-analyzed data of Fig. 4c and d that shows total 
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number of lick during the session. b, Photostimulation of SFORxfp1 neurons triggered 

robust drinking preference to pure water (middle panel, n = 10 sessions from 5 mice), while 

photostimulation of SFOPdyn neurons induced indiscriminate intake of both water and 0.5 M 

KCl (n = 6 mice). We observed similar preference in OVLT neurons (n = 6 sessions from 3 

animals for Rxfp1-Cre, and n = 4 mice for Pdyn-Cre). c, Drinking patterns of Rxfp1-Cre and 

Pdyn-Cre animals to different concentrations and various salts. Photoactivation of SFORxfp1 

induced robust pure water drinking, while the same animal avoided NaCl (0.3 M, n = 4 mice), 

KCl (0.3 M, n = 5 mice), MgCl2 (0.05 M, n = 5) and CaCl2 (0.05M, n = 5). Animals that 

receive stimulation in SFOPdyn neurons accepted all of the above solutions (n = 7 mice for 

NaCl and KCl, 5 mice for MgCl2 and CaCl2). d, Photostimulation of SFOPdyn and SFORxfp1 

neurons triggered comparable total fluid intake (n = 7 mice for SFOPdyn, n = 5 mice for 

SFORxfp1). The total lick number of 20 trials was quantified. e, Photostimulation of SFOPdyn 

neurons did not drive sodium-licking behavior (n = 6 animals). Schematic of rock salt 

behavior test (left). Representative raster plots under sodium deprivation (-Sodium), sated (- 

Light) and photostimulation (+ Light) are presented (middle). Triangle marks the start time 

of recording. The total bout duration is quantified (right). f, Hypovolemic stress failed to 

activate sodium appetite neurons in Pre-LC. Representative images of c-Fos (red) and Foxp2 

expression (a genetic marker for sodium appetite neurons, green) under sated (Control), 

hypovolemic thirst (Furosemide) and sodium deprived conditions (Sodium deprivation). 

Quantification shows percentage of activated sodium appetite neurons (double positive / 

Foxp2 positive neurons, right, n = 4 mice per group). * p < 0.05, ** p < 0.01, *** p < 0.001, 

**** p < 0.0001, by Wilcoxon matched-pairs signed rank test, Mann-Whitney test, Friedman 

test or Kruskal-Wallis test followed by a Dunn’s post test. Data is presented as mean ± s.e.m. 
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Extended Data Fig. 9. The physiological effects of hepatic vagal branch transection. a, 

Vagal response heatmaps to 500 mM NaCl or 300 mM glucose stimuli before and after HVx 

(Slc17a6-Cre;Ai96, n = 3 mice). b, No change was observed for daily ad libitum water intake 

in sham (grey) and HPA denervation (red) animals (n = 5 mice). 
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C h a p t e r  3  

ORGAN-SPECIFIC SYMPATHETIC REGULATION OF VISCERAL FUNCTIONS 

SUMMARY 

The autonomic nervous system orchestrates the brain and body functions through the 

sympathetic and parasympathetic pathways. However, our understanding of the autonomic 

system, especially the sympathetic system, at the cellular and molecular levels is severely 

limited. In this chapter, I summarize the anatomical architecture of the descending 

autonomic system, providing a foundation for understanding its structural complexity. 

Then I show unique topological representations of individual visceral organs in the major 

abdominal sympathetic ganglion complex, celiac-superior mesenteric ganglia (CG-SMG). 

Using multi-modal transcriptomic analyses, we identified molecularly distinct sympathetic 

populations. Notably, individual CG-SMG populations exhibit selective and mutually 

exclusive axonal projections to visceral organs, targeting either the gastrointestinal (GI) 

tract or secretory areas including the pancreas and bile tract. This combinatorial innervation 

pattern suggests functional segregation between different CG-SMG populations. Indeed, 

our neural perturbation experiments demonstrated that one class of neurons regulates GI 

transit. Another class of neurons controls digestion and glucagon secretion independent of 

gut motility. These results reveal the molecularly diverse sympathetic system and suggest 

modular regulations of visceral organ functions by sympathetic populations. 

 

Wang, T., et al. (2025). “Molecular and functional diversity of the autonomic nervous 

system”. In: Nature Reviews Neuroscience 26(10), pp. 607–622. doi: 10.1038/s41583-
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INTRODUCTION 

Whether confronting a predator or anticipating a feast, the brain communicates with the 

body through the autonomic nervous system (ANS) to prepare for the appropriate 

physiological response1. For example, in a state of hunger, the brain sends signals to the 

pancreas to release glucagon that elevates the blood glucose level2,3. Following food 

consumption, the brain detects incoming nutrients and enhances intestinal motility and 

digestive enzyme secretion to facilitate energy replenishment4,5. These physiological 

responses often precede measurable internal state changes, ensuring swift and efficient 

adaptation6,7.  

Over the past decade, significant progress has been made in understanding body-brain 

communications, particularly focused on the roles of vagal and spinal afferent neurons. 

These advances have been reviewed in recent literature8–12. In contrast, autonomic motor 

neurons remain relatively underexplored partly due to the anatomical complexity and 

technical challenges that limit functional analysis in awake states13.  

The ANS is classically divided into three branches: the sympathetic, parasympathetic and 

enteric nervous systems14–16. This thesis focuses on the sympathetic and parasympathetic 

divisions that serve as primary conduits for brain-body communication. The sympathetic 

division, which includes both neuronal and adrenal gland components, orchestrates broad, 

emergent responses such as increased heart rate and vasoconstriction, often associated with 

"fight or flight" situations17–19. Under relaxed conditions, the parasympathetic branch 

promotes "rest and digest" functions, counteracting sympathetic activity20. While this 

dichotomous framework offers a useful conceptual model, it fails to capture the cellular 

and functional heterogeneity inherent within the ANS21,22. Advances in genetic tools have 

revealed a remarkable diversity of autonomic motor neuron types, each defined by unique 

gene expression profiles23–28. A few recent studies identified genetically distinct 

parasympathetic pathways to cardiovascular3 and gastrointestinal18 areas, while the 

sympathetic division remains largely unknown.  
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ANATOMICAL ARCHITECTURE OF DESCENDING AUTONOMIC PATHWAYS 

General anatomical structure 

Autonomic signals are transmitted to the body through preganglionic neurons located in 

the brainstem or spinal cord, and postganglionic neurons in the periphery40. A 

representative ANS structure based on human and rodent data is shown (Fig. 1a). The 

sympathetic and parasympathetic divisions of the ANS exhibit significant anatomical and 

molecular differences15,41. In the sympathetic system, preganglionic neurons are situated 

in the spinal cord and project to postganglionic neurons in sympathetic ganglia or to 

chromaffin cells in the adrenal medulla42. These ganglia include the paravertebral chain, 

which runs alongside the vertebral column in a topographical arrangement, and the 

prevertebral ganglia, located closer to the target organs. In contrast, parasympathetic 

preganglionic neurons are found in the brainstem or the sacral spinal cord43. Their axons 

travel through cranial nerves, particularly the vagus nerve, or via the pelvic splanchnic 

nerves to reach ganglia situated near or within their target organs.  

Another key distinction between the two divisions lies in their neurotransmitters (Fig. 

1b)44. In the sympathetic system, preganglionic neurons release acetylcholine to activate 

postganglionic neurons. These postganglionic neurons in turn release norepinephrine and 

other molecules (e.g., neuropeptide Y: NPY) to modulate target organs45–47, although a few 

exceptions were reported48,49. In contrast, both preganglionic and postganglionic neurons 

in the parasympathetic system use primarily acetylcholine for synaptic transmission. These 

distinct signaling mechanisms have historically been used to identify autonomic neurons, 

based on molecules involved in neurotransmitter synthesis, release, and reuptake50.   

Sympathetic adrenergic and noradrenergic neurons are characterized by the expression of 

tyrosine hydroxylase (TH) and dopamine β-hydroxylase (DBH), enzymes essential for 

norepinephrine synthesis51,52. In adrenal chromaffin cells, phenylethanolamine N-

methyltransferase (PNMT) further converts norepinephrine to epinephrine, also known as 

adrenaline53–55. The vesicular monoamine transporter 2 (VMAT2, encoded by 
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the Slc18a2 gene) packages monoamines such as norepinephrine into synaptic 

vesicles56,57, while the norepinephrine transporter (NET, encoded by Slc6a2) facilitates 

norepinephrine reuptake into presynaptic terminals58,59. Parasympathetic neurons, on the 

other hand, express choline acetyltransferase (ChAT) and utilize the high-affinity choline 

transporter (ChT, encoded by Slc5a7) to uptake choline for acetylcholine synthesis60,61. 

The vesicular acetylcholine transporter (VAChT, encoded by Slc18a3) transports 

acetylcholine into secretory vesicles for release62,63. 

 

Fig. 1 Brain-to-body autonomic pathways. a, An anatomical scheme for the autonomic 

signals from the central nervous system to the peripheral organs, which contains 
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sympathetic (left) and parasympathetic (right) pathways. The innervation is organized in 

a two-relay manner: preganglionic to postganglionic connection (dashed line), and 

postganglionic to organ projection (solid line). b, In the sympathetic system (left), 

preganglionic neurons release acetylcholine to activate either postganglionic neurons that 

mediate targeted organ responses, or the adrenal chromaffin cells which produce systemic 

effects. By contrast, the parasympathetic preganglionic and postganglionic neurons (found 

in brainstem or spinal cord) both use acetylcholine for synaptic transmission (right). ARG, 

aorticorenal ganglion; CG, coeliac ganglion; ChAT, choline acetyltransferase; DBH, 

dopamine β-hydroxylase; DMV, dorsal motor nucleus of the vagus; iBAT, interscapular 

brown adipose tissue; IMG, inferior mesenteric ganglion; iWAT, inguinal white adipose 

tissue; NAm, nucleus ambiguous; SCG, superior cervical ganglion; SG, stellate ganglion; 

SMG, superior mesenteric ganglion. 

 

These canonical markers have been widely utilized in histological analyses to distinguish 

sympathetic and parasympathetic innervation across species. However, cholinergic and 

noradrenergic markers are not always mutually exclusive in some ganglia such as the pelvic 

ganglion64–66. Additionally, these markers are not entirely specific to autonomic motor 

neurons, as other peripheral neurons can also exhibit noradrenergic or cholinergic 

properties. For instance, TH is expressed in some visceral sensory neurons67,68, leading to 

the labeling of both sensory afferents and sympathetic efferents in the same tissue. Further, 

spinal sensory neurons traverse sympathetic ganglia enroute to various tissue beds, adding 

another layer of complexity21. Therefore, accurately mapping autonomic innervation 

requires combining marker expression with anatomical tracing techniques to confirm the 

origin of neurons from autonomic ganglia. 

Mapping autonomic innervation 

Tracing experiments with synthetic dyes or viral vectors have been widely used to study 

anatomical projections of autonomic motor neurons (Fig. 1a). While general organizational 
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principles of autonomic innervation appear conserved across species, the specific 

patterns vary depending on the animal model studied. For instance, noradrenergic fibers 

were detected within the liver parenchyma of a wide range of species, but were absent in 

mice and rats69. Sympathetic preganglionic neurons that project to the adrenal gland span 

a comparable range of spinal cord segments across species, yet the segment containing the 

peak number of projecting neurons differs between models70. 

In the sympathetic chain, the superior cervical ganglion (SCG) typically targets axial 

organs of the head and neck such as eyes, lacrimal glands and salivary glands71–73. The 

stellate ganglion (SG) innervates the heart, lungs and interscapular brown adipose tissue 

(iBAT)26,74–76. The celiac-superior mesenteric ganglia (CG-SMG) project to most 

abdominal organs including the gastrointestinal (GI) tract, biliary system, pancreas, and 

spleen77–80. The inferior mesenteric ganglion (IMG) innervates the large intestine and 

urinary bladder81,82, and the aorticorenal ganglion (ARG) sends axons to the kidney83. The 

liver and kidney receive separate sympathetic inputs from the CG-SMG and ARG, 

respectively, despite the physical proximity84. Retrograde tracing has identified several 

thoracic sympathetic ganglia as sources of innervation to region-specific adipose tissue85,86, 

as well as reproductive organs such as the uterus87,88, but the targets of many other chain 

ganglia remain poorly characterized due to limited anatomical accessibility. Adding further 

but important complexity, axons from various tissues can be traced retrograde to specific 

regions of ganglia, for example, the craniomedial pole of the stellate ganglion houses 

cardiac and pulmonary neurons26,74,75. Anterograde tracing studies, primarily conducted in 

larger animals, have mostly confirmed the above findings89–91. 

In the parasympathetic branch, the cranial nerve III (oculomotor) innervates the eye92. The 

cranial nerve VII (facial) supplies lacrimal and salivary glands93–95, while the cranial nerve 

IX (glossopharyngeal) targets parotid glands and the stylopharyngeus muscle96. Vagal 

efferent fibers arise from two major sources within the brainstem: the nucleus ambiguus 

(NA) and the dorsal motor nucleus of the vagus (DMV)97–100. NA neurons project to the 

thoracic organs, including the heart and lungs24. DMV neurons primarily innervate 
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abdominal organs23,101,102 with minor projections to thoracic areas103–109. Pelvic 

splanchnic nerves carry parasympathetic fibers from the spinal cord to the urinary bladder, 

reproductive organs, and to a lesser degree to the distal colon110–112. Parasympathetic input 

to the kidney, spleen and adrenal gland remain controversial and require further 

investigation70,113–118.  

In target organs, autonomic postganglionic neurons innervate multiple tissue types, mainly 

smooth muscle, cardiac muscle, and glandular tissues20,21. Sympathetic postganglionic 

neurons regulate smooth muscle contraction in blood vessels and airways49,71,119, enhance 

cardiac output by acting on cardiac muscle17,120, and modulate secretion in glands such as 

salivary and sweat glands121–123. Parasympathetic postganglionic neurons predominantly 

promote smooth muscle relaxation124,125, stimulate glandular secretion in the lacrimal and 

digestive glands73,94,123, and decrease heart rate24,120,126. Beyond these canonical targets, 

autonomic fibers also influence adipose tissue metabolism3,30,30,127, immune cell 

activity32,72,128, and stem cell niche homeostasis36,129,130, reflecting the expansive and 

multifaceted reach of autonomic output in the periphery. 

New molecular and anatomical tools such as tissue clearing have enabled the 

characterization of high-resolution three-dimensional autonomic innervation patterns. For 

instance, genetically labeled TH or CHAT neurons have been visualized in a whole-mount 

preparation52,84,131–133, and intersectional genetics have enhanced the specificity of neural 

and axonal labeling134,135. These approaches are paving the way for a more comprehensive 

understanding of the spatial complexity of autonomic innervation. 
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CONNECTIVITY MAPPING BETWEEN THE GANGLION AND ORGANS 

Although the anatomy of the sympathetic system has been well-described19–22, its 

molecular and functional organization remains largely unknown. The lack of basic 

understanding poses a challenge in developing targeted therapeutic interventions for 

autonomic disorders such as irritable bowel syndrome and gastroparesis23. The current 

treatments still largely rely on non-specific modulation of neurotransmitters identified over 

a century ago. Here, I applied transcriptomics, organ mapping, and cell-type-specific 

functional perturbation to the major visceral sympathetic ganglia, CG-SMG. Our results 

demonstrate that distinct sympathetic neuron types innervate unique combinations of 

visceral organs to regulate GI transit and secretory functions. 

Peripheral organs receive sympathetic inputs from pre- and para-vertebral ganglia 

organized in a topological manner known as the sympathetic chain24. The CG-SMG 

complex consists of three ganglia (bilateral CG and SMG) that send sympathetic signals to 

visceral organs25. To gain insights into sympathetic regulatory mechanisms, we determined 

the topological representation of visceral organs in CG-SMG (Fig. 1). I performed 

retrograde tracing using wheat germ agglutinin (WGA) from eight visceral organs: spleen, 

hepatic portal area (HPA), pancreas, stomach, duodenum, jejunum, ileum, and colon. I 

developed a computational pipeline to build a standardized CG-SMG atlas for precise 

ganglia-organ mapping across animals (Fig. 1a, Extended Data Fig. 1a, b). The reference 

anatomy was generated from 20 ganglia through unsupervised image alignment 

processing. Auto-detected WGA signals were then mapped onto the reference image 

(Extended Data Fig. 1c). This analysis revealed unique topological representations of 

visceral organs on CG-SMG (Fig. 1b, Extended Data Fig. 2). Neurons that project to the 

spleen, HPA, pancreas, stomach, and duodenum were predominantly located in lateral CG-

SMG. Distal small intestine and large intestine were mainly mapped to medial areas. Our 

anterograde tracing supported these results (Supplementary Fig. 1). I next asked whether 

different organs receive inputs from the same or different sets of CG-SMG neurons by 

performing dual-color tracing from paired organ sites. While injection of both WGAs in 
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the same organ produced mostly overlapping neural labeling, I found minimal overlap 

of WGA signals derived from two different organs (Fig. 1c, Extended Data Fig. 2d). These 

results are consistent with a recent study on the GI tract26, and further demonstrate that 

adjacent visceral organs are innervated by separate neurons in proximal areas of CG-SMG. 

 

Fig. 1: Topographical representation of visceral organs in CG-SMG sympathetic 

complex. a, A computational pipeline for organ topographical mapping. WGA was 

injected in a given visceral organ for retrogradely labeling CG-SMG neurons. WGA-

positive cells (magenta) were auto-detected on CG-SMG using DAPI (blue) as a 



 

 

80 

background shape. R-CG, right CG; L-CG, left CG. For aligning ganglia across animals, 

20 training images were used to build a standardized reference image through an 

unsupervised alignment process. Organ maps (WGA-positive neurons) from each animal 

were registered to the reference atlas. b, Gaussian heatmaps of WGA-positive cells traced 

from individual visceral organs. Eight organ sites were targeted: the spleen (Spl), hepatic 

portal area (HPA), pancreas (Pan), stomach (Sto), duodenum (Duo), jejunum (Jej), ileum 

(Ile), and colon (Col). For each organ site, the average of heatmaps from eight mice is 

presented. c, WGA dual-color tracing experiments of visceral organ pairs. Left: a diagram 

showing WGA 488 (green) injection to the stomach and WGA 647 (red) injection to the 

duodenum. Middle: representative CG-SMG images with two-color WGA injections to 

organs as indicated. Minimal overlap was detected between paired organs. Right: 

quantification of the overlapped neurons as a percentage of total WGA-positive neurons (n 

= 6 mice per group). Scale bar, 100 μm. Data are presented as mean ± s.e.m. 

 

MOLECULAR DIVERSITY OF SYMPATHETIC NEURONS 

To examine the cellular diversity of CG-SMG neurons, i performed single-cell RNA 

sequencing (scRNA-seq) from 25k CG-SMG cells. Based on uniquely expressed genes in 

each cell cluster, I selected 371 genes for spatial transcriptomics experiments (Fig. 2a, 

Extended Data Fig. 3a). Freshly frozen CG-SMG samples were subjected to SeqFISH27 to 

visualize spatial gene expression map. Among all cells, neurons were identified based on 

the expression of tyrosine hydroxylase (TH), a general sympathetic neuronal marker 

(Extended Data Fig. 3b-d)28–30. Further analyses focusing on TH-positive CG-SMG (CG-

SMGTH) neurons revealed two molecularly distinct neuron classes expressing relaxin 

receptor type 1 (CG-SMGRXFP1) or a homeobox gene, Shox2 (CG-SMGSHOX2, Fig. 2b). 

These two populations exhibited differential expression of several receptors and 

transduction molecules while sharing similar expression levels of previously described 

neuropeptides including NPY31–34 (Extended Data Fig. 3e, f). I also found that CG-

SMGSHOX2 neurons comprise at least two subclasses labeled by the expression of Bmp3 
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and Dsp (Fig. 2c), although functional differences between these subtypes remain to be 

tested.  

CG-SMGRXFP1 and CG-SMGSHOX2 neurons, which together account for -80 % of the entire 

CG-SMG neurons (Fig. 2d), showed unique topological distribution. While both neural 

populations were distributed in CG and SMG, the majority of CG-SMGRXFP1 neurons were 

located in CG (Fig. 2e, f). Different subclasses of CG-SMGSHOX2 neurons were 

intermingled in both CG and SMG (Extended Data Fig. 4).  
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Fig. 2: Multi-transcriptomic analyses reveal molecularly and spatially distinct CG-

SMG neural populations. a, Experimental design for identifying transcriptomic cell types 

and for visualizing spatial localization of cells in the CG-SMG complex. By analyzing 

>10k genes in scRNA-seq, 371 cell-type marker genes were used for seqFISH analysis. 

UMAP embedding of major cell types identified from seqFISH experiments (n = 25,932 

cells from 5 sections of 3 mice per Right (R)-CG, SMG, Left (L)-CG). Vas. endo. cells, 

vascular endothelial cells. 10x Chromium Controller and Gene Positioning System images 

were provided by 10x Genomics and Spatial Genomics, respectively. b, SeqFISH analysis 

of CG-SMG neurons. Top: UMAP plotting for log-normalized Th (blue), Rxfp1 (red) and 

Shox2 (green) expression. Bottom: heatmaps of neuronal marker gene expression (n = 

13,105 cells). c, UMAP (top) and heatmap (bottom) plotting for subtypes of CG-SMGSHOX2 

neurons (n = 7,152 cells). d, Top: a summary diagram of CG-SMG neuronal types. Bottom: 

a pie chart displaying the percentage of neuron types. e, Spatial localization of CG-

SMGRXFP1 and CG-SMGSHOX2 neurons. Representative seqFISH images for the expression 

of Rxfp1 (red) and Shox2 (green) in CG-SMG areas. Scale bar, 200 μm. Shown are 

quantification of RXFP1- and SHOX2-positive neurons (n = 5 sections of 3 mice per R-

CG, SMG, L-CG). f, Quantification of RXFP1- and SHOX2-positive neurons in each area 

of CG-SMG (top) and overlapping percentage (bottom, n = 5 sections of 3 mice per R-CG, 

SMG, L-CG). Data are presented as mean ± s.e.m. 

 

Using RXFP1-Cre and SHOX2-Cre35 animals, I explored neuron-to-organ projections. In 

these lines, I confirmed that Cre was faithfully expressed in CG-SMGRXFP1 and CG-

SMGSHOX2 neurons (Extended Data Fig. 5 and 6). For virus tracing, transgenic animals 

were injected with AAV-FLEX-tdTomato in the CG-SMG complex (Fig. 3a). After viral 

expression, each organ was dissected, cleared in ScaleS solution36, and fluorescent 

projection was visualized. In all animals, I validated robust and selective fluorescent 

expression in CG-SMG (Extended Data Fig. 7). TH-Cre animals were used to target CG-

SMG neurons ubiquitously. 
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Intriguingly, each CG-SMG population innervates largely non-overlapping visceral 

organs (Fig. 3b, c and Extended Data Fig. 8). CG-SMGRXFP1 neurons sent projections to 

the upper digestive and secretory organs, including the bile duct, HPA, pancreas, and 

duodenum. The stomach was devoid of projections from CG-SMGRXFP1 neurons. 

Conversely, CG-SMGSHOX2 neurons projected to the stomach, and lower intestinal areas 

(jejunum, ileum, and colon). Neither of these populations showed tissue-layer specific 

innervation (Extended Data Fig. 8c). All visceral organs received strong innervations from 

CG-SMGTH neurons. These combinatorial organ projections led us to speculate that each 

population may mediate specific visceral functions. 
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Fig. 3: Complementary organ projections by CG-SMGRXFP1 and CG-SMGSHOX2 

neurons. a, CG-SMG neuron anterograde tracing. Cell bodies and nerve terminals were 

visualized by injecting AAV-FLEX-tdTomato into CG-SMG of RXFP1-Cre, SHOX2-Cre 

and TH-Cre animals. Representative images of tdTomato expression after AAV infection 

are shown with TH immunostaining (blue, n = 3 mice). Scale bar, 500 μm. b, Visualization 
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of CG-SMG axons in visceral organs. Representative images for whole-mount organ 

innervation of CG-SMGRXFP1, CG-SMGSHOX2, CG-SMGTH neurons as indicated (n = 3). 

Top and middle: RXFP1+ and SHOX2+ neurons target complementary visceral organs. 

Bottom: TH+ neurons project to all visceral organs as a positive control. The pancreatic 

islet is identified by the indicated glucagon antibody staining (white) and nuclei are 

visualized by DAPI staining (blue). Scale bar, 100 μm. c, Summary maps of anatomical 

innervation patterns by CG-SMG neurons with color-coded average nerve density. The 

nerve density quantification is shown at the bottom (n = 6 images from 3 mice per organ). 

HPA, hepatic portal area. Pan, pancreas. Duo, duodenum. Sto, stomach. Jej, jejunum. Ile, 

ileum. Col, colon. Data are presented as mean ± s.e.m. 

 

NEURONS THAT MODULATE DIGESTIVE FUNCTIONS 

To examine the functional role of individual CG-SMG populations, I applied neural 

manipulation tools to CG-SMG neuron types in vivo. We electrophysiologically 

characterized action potentials induced by optogenetic and chemogenetic stimulation. TH-

Cre;Ai32 double transgenic animals were used to express channelrhodopsin (ChR2) in CG-

SMGTH neurons (Fig. 4a). CG-SMG neurons showed action potentials in response to light 

pulses, and increasing light frequency caused higher firing rate that plateaued around 10 

Hz (Fig. 4b). For chemogenetic stimulation, CG-SMG of TH-Cre animals were injected 

with AAV-FLEX-hM3Dq. Clozapine N-oxide (CNO) application to DREADD-expressing 

CG-SMG neurons induced persistent firing (Fig. 4c). These results validated functional 

perturbation tools in CG-SMG neurons. 

The visceral sympathetic system regulates various functions, including gut motility and 

digestion37. I examined how CG-SMGRXFP1 and CG-SMGSHOX2 populations are involved 

in these visceral functions. For digestive functions, I investigated bile secretion, a key 

component of fat digestion in the intestine that receives sympathetic modulation38. Due to 

the extremely low volume of bile secretion, I developed an in vivo microfluidic system 
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combined with computer vision analysis that allows bile measurement at sub-second 

resolution (Fig. 4d, Extended Data Fig. 9a, b). Under undisturbed conditions, bile secretion 

was about 1 μl per min, which was increased by the application of cholecystokinin39 

(Extended Data Fig. 9c, d). I explored how secretion speed changes upon manipulation of 

distinct CG-SMG neurons. Each CG-SMG population was activated either by topical 

application of CNO or photostimulation (488 nm). As suspected from the projection 

pattern, optogenetic or chemogenetic stimulation of CG-SMGRXFP1 neurons, but not CG-

SMGSHOX2 neurons, significantly slowed down bile secretion compared to a control group 

(Fig. 4e, f, Extended Data Fig. 9e-k). These inhibitory effects were abolished by blocking 

norepinephrine signaling (Extended Data Fig. 9l). Notably, CG-SMGRXFP1 neurons densely 

innervate the bile entry site (Extended Data Fig. 8a) suggesting that regulation of bile is 

mainly at the intestinal entry site (Extended Data Fig. 9g). 

CG-SMGRXFP1 neurons also project to other secretory organs, in particular, the pancreatic 

islet (Extended Data Fig. 8a). Since sympathetic activation leads to glucagon secretion and 

elevates glucose levels under stress conditions40,41, I tested whether the CG-SMGRXFP1 

population concurrently regulate bile and glucagon secretion. Under food-deprived 

conditions, glucagon levels were significantly increased in portal vein blood (Fig. 4g, 

Extended Data Fig. 9m). Chemogenetic activation of CG-SMGRXFP1 neurons in sated 

animals increased glucagon secretion similar to CG-SMGTH neuron stimulation (Fig. 4g, 

Extended Data Fig. 9n, o). By sharp contrast, the same functional manipulation of CG-

SMGSHOX2 population had no effects on glucagon secretion. Ablation of CG-SMGRXFP1 

neurons showed functional necessity of this population for glucagon secretion under fasting 

state (Extended Data Fig. 9p, q). These results demonstrate that CG-SMGRXFP1 neurons 

innervate combinatorial upper visceral organs, including the bile duct, duodenum, 

pancreas, and liver, to control digestion- and secretion-related functions. 
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Fig. 4: Activation of CG-SMGRXFP1 neurons regulates secretory functions. a, 

Electrophysiological recording from ChR2-expressing CG-SMG neurons. b, Neural 

responses to 10 ms-long light pulses (n = 5 neurons from 3 mice). c, Left: action potentials 

upon CNO application to hM3Dq-expressing neurons (10 µM). Right: quantification of 

firing rate before and after CNO application (n = 3 neurons from 2 mice). d, Left and 

middle: schematic for measuring bile secretion volume with a custom microfluidic 

chamber. Right: Automated fluid detection of bile volume across time is plotted (n = 9 

mice). e, Optogenetic stimulation of CG-SMGRXFP1 neurons inhibited bile secretion. Total 

bile secretion (left) and volume change (right) over time (n = 4 RXFP1-Cre;Ai32 mice, n 

= 6 cagemate control mice). Light pulses of 2 ms at 20 Hz were applied at CG-SMG for 1 

min as indicated by the blue shade. A zoomed-in view shows a 3 peri-stimulation window 

with 30 Hz sampling rate. f, Left: Chemogenetic activation of CG-SMGRXFP1 (red) and CG-
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SMGTH (blue) neurons significantly suppressed bile secretion, but not CG-SMGSHOX2 

(green) neurons. Middle: Bile volume change upon chemogenetic stimulation. Right: 

Quantification of volume change. RXFP1-Cre animals injected with tdTomato were used 

as a control group (Extended Data Fig. 9j). Data were quantified from 5 mice for RXFP1-

tdT, 5 mice for RXFP1-Gq, 4 mice for SHOX2-Gq, and 5 mice for TH-Gq. g, Left and 

Middle: Experimental protocol of measuring blood glucagon level in the hepatic portal 

vein. Right: Activation of CG-SMGRXFP1 (red), but not CG-SMGSHOX2 neurons (green) 

increased glucagon release under sated conditions. n = 10, 5, 5, 5, 13 mice for wild-type 

sated, RXFP1-Gq, SHOX2-Gq, TH-Gq, wild-type food-deprived (FD) conditions. *P < 

0.05, **P < 0.01, ***P < 0.001 by two-tailed paired t-test, one-way or two-way ANOVA 

with Dunnett’s multiple comparisons test. Data are presented as mean ± s.e.m. 

 

NEURONS THAT REGULATE GASTROINTESTINAL TRANSIT 

I next explored the functions of the CG-SMGSHOX2 population that projects complementary 

organs. These neurons innervate both myenteric and submucosal plexus of the stomach and 

distal intestine (Fig. 3c, Extended Data Fig. 8c). Based on this innervation pattern, I 

suspected that the CG-SMGSHOX2 population may contribute to the GI transit42. To test this 

idea, I quantified food transit by subjecting animals to food deprivation, allowing them 

brief access to dyed chow (10 min), and examining the upper gut transit mainly controlled 

by the stomach (Fig. 5a, Extended Data Fig. 10a-d). I found that stimulation of CG-

SMGSHOX2 or CG-SMGTH neurons drastically suppressed the GI transit but did not reduce 

food intake (Fig. 5b, Extended Data Fig. 10b). Conversely, negligible effects were 

observed when I activated CG-SMGRXFP1 neurons (Fig. 5c). These results show that CG-

SMGSHOX2, but not CG-SMGRXFP1 neurons control food transit after ingestion. I further 

tested fecal output in awake-behaving animals as a proxy for lower gut motility43. Under 

sated conditions, CG-SMGSHOX2 or CG-SMGRXFP1 neurons were activated by CNO while 

observing the number of stools produced during the next 3-hour period (Fig. 5d). Stool 

expulsion was essentially abolished when CG-SMGTH or CG-SMGSHOX2 neurons were 



 

 

89 

activated (Fig. 5e, Extended Data Fig. 10e, f). This suppression effect was mediated by 

norepinephrine (Extended Data Fig. 10g). By contrast, stimulation of CG-SMGRXFP1 

neurons did not have any effects (Fig. 5f). Consistent with the upper and lower gut transit 

results, activation of CG-SMGSHOX2 neurons significantly delayed total gut transit (Fig. 5g, 

Extended Data Fig. 10h). Taken together, this study demonstrate that sympathetic neurons 

comprise diverse cell types, each serving as a functional module that controls functionally 

related visceral organs (Fig. 5h). 

 

Fig. 5: Activation of CG-SMGSHOX2 neurons inhibits gut transit. a, An experimental 

design for the upper GI transit measurement using dyed food with chemogenetic activation. 

b, Representative images of the small intestine after activating individual CG-SMG neuron 

populations. Arrows indicate where dyed food (blue) travels after 10 min of feeding. c, 

Quantified data showing that the upper GI transit was significantly suppressed by the 
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activation of CG-SMGSHOX2 or CG-SMGTH neurons, but not by CG-SMGRXFP1 neurons. 

Wild-type sham-surgery animals were examined after intraperitoneal CNO administration. 

n = 6 mice for WT, 4 mice for RXFP1-Gq, 4 mice for SHOX2-Gq, 6 mice for TH-Gq 

groups. d, Schematic for stool number measurement. Upon intraperitoneal vehicle (Veh) 

or CNO application, sated animals were placed in an open field chamber for 3-hour video 

recording. e, Chemogenetic stimulation of CG-SMGSHOX2 neurons suppressed spontaneous 

stool expulsion. The total number of stools was plotted and quantified (n = 4 mice). f, 

Conversely, activation of CG-SMGRXFP1 neurons had no effects on stool defecation (n = 5 

mice). g, Chemogenetic activation of CG-SMGSHOX2 neurons significantly delayed the 

total GI transit (n = 4 mice), while stimulating CG-SMGRXFP1 neurons had no effects (n = 

6 mice). Carmine dye was gavaged to quantify the latency to first dyed stool. h, Modular 

sympathetic regulation of visceral organs. *P < 0.05, **P < 0.01, ***P < 0.001 by two-tailed 

paired t-test or one-way ANOVA with Dunnett’s multiple comparisons test. All data are 

shown as mean ± s.e.m. 

 

DISCUSSION 

Recent studies highlighted diverse neural populations in ascending and descending nervous 

systems3,7,11,18. The vagal and spinal sensory neurons comprise molecularly distinct 

populations with various sensory functions. Here, I show that the sympathetic nervous 

system also shows cellular and molecular diversity. Rxfp1 and Shox2 are expressed by two 

types of neurons in CG-SMG. Furthermore, GI-innervating CG-SMGSHOX2 neurons contain 

at least two populations (Fig. 2d). These results are in accordance with recent studies in 

other sympathetic chain ganglia28,29. However, our transcriptomic analyses identified only 

a few different CG-SMG neuron types. This simple cellular composition may reflect the 

relatively narrow functionality of the sympathetic system. Alternatively, future higher-

resolution transcriptomic analyses could reveal more granular cell classes with distinct 

functionality.  
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Various models have been proposed to explain how the sympathetic nervous system 

regulates peripheral organs. One such model is a uniform regulation where visceral 

functions are ubiquitously controlled by the sympathetic system44,45. Another model 

suggests that different organs are controlled by distinct sympathetic populations46,47. Our 

study strongly favors the latter model: CG-SMGRXFP1 and CG-SMGSHOX2 neurons 

exhibited complementary projection patterns with distinct functions. CG-SMGRXFP1 

neurons project to secretory sites (bile duct, duodenum, pancreas, and the liver), whereas 

CG-SMGSHOX2 neurons send innervations to the visceral GI tract. Our functional 

perturbation experiments supported separate functions between these populations for 

controlling bile and glucagon secretion vs. the GI transit. Further analyses are required to 

determine if each CG-SMG population contributes to other visceral functions, and how 

specific tissues and layers within the same organ are innervated by sympathetic 

populations. 

The activity of sympathetic neurons is regulated by descending signals from the brain 

through pre-ganglionic neurons that reside in the spinal cord. Previous studies extensively 

characterized the activity of these pre-ganglionic neurons under different physiological 

conditions such as hunger or hypoxia48,49. How pre-ganglionic neurons connect to CG-

SMG and other sympathetic ganglia to regulate activity is unknown. Exploring the 

descending sympathetic circuits at cell-type-specific precision presents an intriguing 

prospect, particularly after identifying genetically defined CG-SMG populations. 

Deciphering individual brain-to-body pathways may offer avenues for refined therapeutic 

solutions by regulating specific functions, such as altering blood glucose levels and GI 

motility independently. 
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EXPERIMENTAL MODELS AND METHOD DETAILS 

Animals 

All experimental procedures were in accordance with US National Institutes of Health 

guidelines for the care and use of laboratory animals, and were approved by the California 

Institute of Technology Institutional Animal Care and Use Committee (IACUC; protocol 

#1694 and 1866). Male and female animals of at least 7 weeks old were used for data 

collection. Ai32 (#024109), and C57BL/6J (#000664) lines were acquired from the Jackson 

Laboratory. RXFP1-Cre line was developed in our previous publication50. SHOX2-Cre 

animals were generously provided by Y. Chen35. TH-Cre mice were a gift from D. 

Anderson. Animals were housed in a facility with controlled temperature (71-75°F) and 

humidity (30-70%), following a 13:11 hour light-dark cycle. Animals had ad libitum access 

to chow and water.  

Viral constructs 

The following viral constructs were used: AAV9-CAG-FlEX-tdTomato, 2.8 x 1013 genome 

copies per ml (Addgene, 28306-AAV9). AAV9-CAG-DIO-hM3D(Gq)-mCherry, 1.1 x 

1013 genome copies per ml (Canadian Neurophotonics Platform Viral Vector Core Facility, 

651-aav9). AAV8-EF1a-mCherry-FLEX-DTA, 3 x 1013 genome copies per ml (Salk 

Institute, 58536). AAV5-FLEX-taCaspase3-TEVP, 4.2 x 1012 genome copies per ml (UNC 

Vector Core). 

Surgery 

For all survival surgeries, mice were anesthetized with a mixture of ketamine (100 mg/kg 

body weight) and xylazine (5 mg/kg body weight) solution via intraperitoneal 

administration. Ketoprofen (5 mg/kg body weight) and buprenorphine XR (3.25 mg/kg 

body weight) were subcutaneously applied prior to surgery. Animals were placed on their 

backs and the abdomen was incised along the midline.  



 

 

93 

Celiac-superior mesenteric ganglia injection 

The CG-SMG complex was exposed following reflection of the viscera. The small and 

large intestine were externalized and covered by a wet, sterile gauze. Using the superior 

mesenteric artery and celiac artery as landmarks, 100-300 nl virus containing 0.05% Fast 

Green FCF (Sigma, F7252-5G) was delivered to three sites (left CG, SMG and right CG) 

of the CG-SMG complex at a rate of 100 nl/min with a microprocessor-controlled injection 

system (World Precision Instruments, Nanolitre 2000). Successful injection was visualized 

by Fast Green FCF dye slowly filling the ganglion without leakage. For the anterograde 

virus tracing experiments, tissue collection was done at least 3 weeks after the injections. 

For the chemogenetic experiments, animals had at least 2 weeks of recovery period.  

For anterograde tracing from individual ganglion of CG-SMG, 300 nl DiI (Invitrogen, 

D3899) was injected to either left CG, SMG or right CG at a rate of 100 nl/min. Tissue was 

collected three days after surgery.  

Retrograde tracing from visceral organs 

After the abdominal incision, a total of 0.5-1 μl retrograde tracer (WGA 488 or WGA 647, 

ThermoFisher, W11261, 5 mg/mL) was injected to the target organ at 100 nl/min. For GI 

tract injection, tracer was delivered into the layer between the muscularis externa and 

serosa at 4-8 sites, covering a total area of approximately 1 cm2. For injection to the spleen 

and pancreas, tracer was uniformly administered across the organ's surface at 4-8 evenly 

spaced sites. For injection to the HPA, tracer was delivered to the connective tissue 

surrounding the portal vein and the areas of the liver where portal vein enters. Peripheral 

ganglia were harvested three days post-injections for histological and imaging analyses. 

For dual-color tracing experiments, two or three regions containing both WGA 488- and 

WGA 647-labeled cells were quantified for the ratio of double-positive cells among all 

WGA-positive cells. 

Organ topographical mapping  
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To perform organ topographical mapping on the CG-SMG complex, CG-SMG neurons 

were retrogradely traced from eight organ sites (spleen, HPA, pancreas, stomach, 

duodenum, jejunum, ileum and colon) by WGA dye as described above. Three mice per 

organ site were injected. I developed a computational pipeline to build a standardized 

reference anatomy image, align WGA-labeled ganglia image, and register WGA-positive 

cells, by applying the VoxelMorph library (version 0.2)51,52 in Python (3.9.17). In brief, the 

entire CG-SMG ganglia complex was whole-mount and z-stack imaged to visualize all 

projecting neurons via confocal microscopy (Leica, TCS SP8). By digitally drawing 

vertical lines from both the left and right sides towards the center, I determine the lateral 

boundaries to be at 20% of its maximum width.  

The atlas was generated using the TemplateCreation network with default architecture and 

mean squared error (MSE) loss. Other model settings were: batch size = 1, steps per epoch 

= 100, loss weight = [0.5, 0.5, 1, 0.01], learning rate = 1e-4. All input images for the 

network were first resized to 128 pixels x 64 pixels. In particular, the initialization of the 

reference was the average of the training dataset comprising twenty stained CG-SMG 

training images. I trained the neural network over 25 epochs for performance optimization. 

Consistent atlas was built from DAPI- or TH-stained images (Extended Data Fig. 1b). The 

atlas generated from the CG-SMG dataset of DAPI staining was used for the following 

image registration on the organ mapping dataset of 64 WGA-labeled images. WGA-

positive cells on DAPI background were auto-detected using the OpenCV (4.5.1) library, 

and the cell coordinates were obtained. The number of WGA-positive cells was 

automatically counted (Extended Data Fig. 2b). Next, I trained the VxmDense network on 

WGA-labeled images with default architecture, MSE loss, batch size = 4, steps per epoch 

= 50, loss weight = [1, 0.1], learning rate = 1e-4, and number of epochs = 25. All input 

images for the network are first resized to 256 pixels x 128 pixels. Each WGA-labeled 

image was aligned to the reference atlas based on DAPI staining by the unsupervised 

model. This same spatial transformation was applied to WGA-positive cells. I calculated 

the mapping of WGA-positive cell coordinates from WGA-labeled images to the atlas. 
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After image registration, WGA-positive cells were plotted on the atlas image as scaled 

Gaussian heatmaps using ‘gaussian_filter’ in ‘SciPy’ (1.11.1) package.  

Bile secretion measurement  

Fabrication of the microfluidic chamber 

The microfluidic channels were 3D printed (Elegoo Mars 3) using ultraviolet-sensitive 

polymer resin (Anycubic High Clear Resin). The structure was then cleaned with isopropyl 

alcohol to remove excess resin, followed by ultraviolet treatment under 365 nm light for 2 

min and heat curing at 80ºC for 2 min. The chamber's top layer, a 75 µm polyethylene 

terephthalate (PET, McMaster-Carr) sheet, was attached using double-sided medical 

adhesive (3M). This bilayer was cut using a 50W CO2 laser cutter (Universal Laser 

System) at 40% power, 100% speed, 1000 PPI, vector mode, 2 copies. The PET layer, with 

laser-cut inlet and outlet holes, was then laminated onto the 3D printed channels. A 

watertight inlet seal was created by gluing a silicone rubber connector (Dragon SkinTM FX-

ProTM, Smooth-On), which was shaped in a 3D printed mold and cured at 80ºC for 5 min.  

Surgical procedure for bile secretion measurement 

Under isoflurane anesthesia, a skin incision was made along the abdominal midline. A 

small fragment (< 1 cm, within 1.5 cm from the sphincter) of duodenum containing the bile 

duct entry was isolated by tying both ends with sutures (Ethicon, K802H). Then an 

intraintestinal tube (HelixMark®, 60-011-04) was positioned adjacent to the bile duct entry 

site, secured by sutures, and connected to the customized microfluidic chamber. For the 

bile duct tubing, the duct was first ligated near the duodenum and then incised for the tube 

(Instech, BTPU-014) insertion. A camera was positioned vertically above the microfluidic 

chamber for video recording at a frame rate of 30 Hz.  

For optogenetic stimulation, an optic fiber was held with tip close to the right CG, 

delivering 20 Hz, 473-nm laser pulses (2-ms duration) for 1 min with the pulse generator 

(Quantum composers, Sapphire 9200). The laser intensity was maintained at 5 mW at the 
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fiber tip. For positive control, CCK (Bachem, 4030663, 0.625 µg/kg body weight) was 

intraperitoneally administrated at 50 µl/min using an infusion syringe pump (New Era 

Pump Systems, NE-300) during 30 sec. For chemogenetic manipulation, clozapine N-

oxide (CNO) (Sigma, 2.5 mg/kg body weight) or vehicle (PBS) was locally administered 

around the hepatic region (bile duct and duodenum). For the antagonist experiment in 

Extended Data Fig. 9l, labetalol hydrochloride (5 mg/kg body weight, Sigma, PHR1335) 

was intraperitoneally injected 10 min prior to anesthesia. Mice were immediately 

euthanized for histological verification after the recording session. 

Computer vision-based video analysis 

Dried soluble black ink was placed at the inlet of the microfluidic chamber to visualize the 

fluid flow's tip (Extended Data Fig. 9b). As bile enters the chamber, the tip of the flow 

becomes marked by the black ink, enhancing its visibility. The initial 10-min equilibration 

period was not included in the video analysis. The fluid flow tip's location and the 

cumulative area covered by the fluid were tracked using background subtraction method 

in OpenCV (4.5.1). The volume of fluid over time was calculated based on the 

specifications of the microfluidic device, and this data was recorded for every frame, 

achieving a resolution at the nanoliter scale with a sampling rate of 30 Hz. To normalize 

the flow volume in Fig. 4e and f, the average flow rate in Fig. 4d was subtracted. Data 

points representing the first frame of each minute were plotted unless indicated in the figure 

legend. In Extended Data Fig. 9c, the average flow rate of three minutes before and after 

bile duct transection was quantified. In Extended Data Fig. 9d, the average flow rate during 

the minute before and after CCK application was quantified. For optogenetic experiments, 

the average flow rates of the minute after light stimulation were quantified (Extended Data 

Fig. 9e,f).  

Plasma glucagon concentration measurements 

The following groups were tested: sated, 24-hour food-deprived wild-type mice, and sated 

transgenic mice with DREADD-expressing CG-SMG neurons. Intraperitoneal CNO 
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injection was performed 20 min before blood collection. For food deprivation, animals 

had free access to water and single chow pellet daily. The hepatic portal vein blood was 

collected to tubes with sodium fluoride / Na2EDTA additive (BD, 365992) under isoflurane 

anesthesia. Plasma was obtained by centrifugation at 1500 g for 20 min. The glucagon 

concentration was determined by ELISA kit (RayBiotech, EIAM-GLU-1). 

Systemic glucose level measurements 

Systemic glucose level was assessed using a glucometer (KETO-MOJO) on blood samples 

obtained following toenail trimming under isoflurane anesthesia. Sated and 24-hour food-

deprived wild-type mice were examined. RXFP1-Gq animals were tested 20 min after 

intraperitoneal injection of either PBS (as a control vehicle) or CNO. Additional 

measurements were conducted 40 min post-CNO delivery. Each measurement was 

separated by a minimum recovery period of one week. 

Assessment of food transit  

Animals were food deprived for 24 hours prior to the food transit experiments. Chow 

pellets were uniformly coated with food-grade dye through a quick immersion process, 

followed by drying on a hotplate at 80 °C for 20 min. Twenty minutes following the 

intraperitoneal administration of PBS or CNO (2.5 mg/kg body weight), animals were 

placed in an empty cage with one dyed pellet and were euthanized between 3 to 30 minutes 

into their meal, as indicated in figures. The gut was immediately evaluated either by 

terminal dissection or through rapid surgical opening under isoflurane anesthesia. The 

extent to which the dye had traveled was quantified as a percentage of the total length of 

the small intestine, from the pyloric sphincter to the ileocecal junction. 

Behavioural assays 

Stool analysis 
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Individual sated animals were located in a 25 cm x 25 cm acrylic open field chamber 

after intraperitoneal PBS or CNO injection, and were recorded for three hours at 30 frames 

per sec. The stool number was quantified based on the videos. For the antagonist 

experiment in Extended Data Fig. 10g, labetalol hydrochloride (5 mg/kg body weight, 

Sigma, PHR1335) was intraperitoneally injected 20 min prior to CNO administration.  

Total GI transit  

Oral gavage solution was prepared by dissolving methylcellulose (0.5% w/v) in hot 

distilled water and then mixing with carmine (6% w/v, Sigma, C1022). Mice were gavaged 

with 300 μl gavage solution between 8-10 am local time. Animals were then placed in 

acrylic chamber, which is 12.5 cm x 12.5 cm in area where they can move freely. Video 

was recorded at 30 frames per sec until the first red fecal pellet of each animal was observed 

or until 10.5 hours.  

Food intake 

Animals were individually housed and acclimated to the BioDAQ cages (Research Diets) 

for 3 consecutive days. For food intake measurement, mice were food deprived for 24 hours 

and intraperitoneally injected PBS or CNO 20 min before the experiments. The total chow 

intake in 10 min was quantified.  

CG-SMG neuron electrophysiological recordings 

CG-SMG neuron isolation 

CG-SMG neurons from adult mice were acutely isolated using an enzymatic dispersion 

technique modified from a previous procedure53. In brief, mice were euthanized by cervical 

dislocation under isoflurane anesthesia, and perfused with cold artificial cerebrospinal fluid 

(ACSF). The CG-SMG complex was dissected to cold ACSF, and the connective tissue 

capsule was carefully peeled and removed under dissecting microscope. The ganglia were 

minced with iridectomy scissors into fine pieces and then transferred to a 35 mm petri dish 
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containing 2 ml enzyme mix (0.4 mg/ml Trypsin (Roche), 1.2 mg/ml collagenase D 

(Roche), 0.15 mg/ml DNase I (Roche) dissolved in EBSS (Sigma)). The tissue fragments 

were incubated in the enzyme mix for 1 hour at 35 °C, bubbled with 5% CO2 and 95% O2. 

After enzyme digestion, 2 ml of minimum essential medium (MEM) containing 10% FBS, 

1% glutamine and 1% penicillin-streptomycin antibiotics was added to the petri dish. The 

cell suspension was then centrifuged at 200 g for 5 min. Discard the supernatant and 

resuspend the cells with the MEM solution mentioned above. Gentle trituration is optional 

to help break down ganglion tissue and isolate CG-SMG neurons. The cells were plated 

onto cover glass coated with Cell-tek (Corning) and incubated in a humidified atmosphere 

at 5% CO2 in air at 37 °C prior to patch-clamp recordings. 

CG-SMG neuron electrophysiology 

For patch-clamp recordings, isolated CG-SMG neurons were plated in recording chamber 

and placed on an upright microscope (Examiner.D1, Zeiss) perfused with normal ACSF 

(in mM: NaCl 124, KCl 2.5, NaH2PO4 1.2, NaHCO3 24, glucose 25, MgSO4 1, CaCl2 2, 

and bubbled with 95% O2/5%CO2). Electrical signals were filtered at 3kHz with Axon 

MultiClamp 700B (Molecular Devices) and collected at 20 kHz with Axon Digidata 1550A 

(Molecular Devices). For current clamp recordings, intracellular solution contains (in mM) 

K-gluconate 145, NaCl 2, KCl 4, HEPES 10, EGTA 0.2, Mg-ATP 4, Na-GTP 0.3 (pH 7.3). 

Thin wall patch pipettes (OD = 1.5 mm, ID = 1.17 mm, Sutter Instrument) were fabricated 

on a model P-97 micropipette puller (Shutter Instrument) and fire polished on a microforge 

to a resistance of 2 – 3 MΩ.  

For optogenetic experiments, light beam from an LED light source (X-Cite 120LED, 

Excelitas Technologies) was delivered through an optical filter (475/30). Light pulses (10 

ms) were given at 2 – 20 Hz for 4 sec in experiments as in Fig. 4b to evoke action potentials 

in CG-SMG neurons. For chemogenetic experiments, CNO was applied through a puffing 

pipette directly located adjacent to the recording neuron. Electrophysiological data were 

acquired by Clampex (10.7) and analyzed in Clampfit (10.7). 
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Single-cell RNA sequencing  

Five male and five female C57BL/6J mice of 7 weeks old were used to prepare per single-

cell RNA sequencing (scRNA-seq) run on the 10x Genomics platform. Across two 

sequencing runs, a total of 24,873 cells were profiled, which included 1,558 neurons. Upon 

isoflurane anesthesia, mice were euthanized by cervical dislocation, and perfused with ice-

cold HEPES-ACSF (in mM: NaCl 92, KCl 2.5, NaH2PO4 1.25, NaHCO3 30, HEPES 20, 

glucose 25, MgSO4 1, CaCl2 2, kynurenic acid Na salt 1, Na-ascorbate 5, thiourea 2, Na-

pyruvate 3, and bubbled with 95% O2/5%CO2). Under dissecting microscope, the CG-

SMG complex was rapidly extracted to 1ml ice-cold ACSF, and the connective tissue 

capsule was carefully peeled and removed. After tissue harvest, HEPES-ACSF was 

replaced by 1 ml enzyme digestion buffer 1 (HEPES-ACSF) containing papain (80 U/ml; 

Worthington, PAPL, LS003119; pre-activated with 2.5 mM cysteine and a 30-min 

incubation at 34 °C) and TrypLE™ Express Enzyme (1X, 400 μl/ml; ThermoFisher, 

12604013). During enzymatic digestion the tissue was pipetted periodically every 10 min. 

After incubation at 34 °C with gentle carbonation for 35 min, the CG-SMG tissue was 

carefully washed one time with 1 ml HEPES-ACSF. One ml of the enzyme digestion buffer 

2 (HEPES-ACSF) containing collagenase type 2 (2 mg/ml; Worthington, LS004174), 

dispase II (2 mg/ml; Sigma, D4693-1G), deoxyribonuclease I (0.2 mg/ml; Worthington, 

LS002007) and supplemented with 2 mM CaCl2 was applied. After incubation at 34 °C 

with gentle carbonation for 20 min, the CG-SMG tissue was carefully washed one time 

with 1 ml HEPES-ACSF. The medium was replaced with 100 μl HEPES-ACSF containing 

0.1 μM Calcein AM (ThermoFisher, C1430), 4 μM ethidium homodimer-1 (EthD1, 

ThermoFisher, E1169), and 0.02 mg/ml deoxyribonuclease I. Tissue was gently triturated 

into a single-cell suspension with consecutive rounds of trituration with fire-polished glass 

Pasteur pipettes with tip diameters of around 600, 300 and 150 μm. The suspension was 

brought up to 200 μl and pipetted through a 40-μm cell strainer (pluriStrainer, 43-10040) 

into a new microcentrifuge tube and incubated on ice for 5 min. Calcein AM-positive and 

EthD1-negative singlets were sorted (Sony, MA900) and collected in 4 °C HEPES-ACSF 

containing 0.05% BSA. The sorted cell suspension was centrifuged with 400 g for 4 min 
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at 4 °C. The supernatant was discarded, and the cell pellet was resuspended with 55 μl 

fresh ice-cold HEPES-ACSF and kept on ice while the cell density was counted with a 

hemocytometer. The final cell suspension volume estimated to retrieve 10,000 single-cell 

transcriptomes was loaded to the 10X Single Cell G chip (10x Genomics, PN-1000127). 

The Chromium Single Cell 3’ GEM, Library and Gel Bead Kit v3.1 (PN-1000128) and the 

Single Index Kit T Set A (PN-1000213) were used. The cDNA and library amplification 

underwent 11 and 12 cycles respectively. The scRNA-seq libraries were sequenced on a 

NovaSeq S4 lane (paired-end 150). The sequencing reads were mapped to the custom pre-

mRNA reference transcriptome54, and gene-cell matrices were generated via the 10x 

Genomics Cell Ranger v.6.1.2 pipeline. Subsequent gene expression analyses were 

conducted in Python (3.8.18) using ScanPy (1.9.2) as previously described55 unless 

specified. Extended Data Fig. 3a was plotted in R (4.1.1) using Seurat (4.2.1)56. Cells were 

filtered if possessing fewer than 1,500 or more than 45,000 unique transcripts, or more than 

10% of mitochondrial transcripts. Differential gene expression analysis was performed 

between RXFP1+ and SHOX2+ clusters using ‘PyDESeq2’ (0.4.4)57. In Extended Data 

Fig. 3f, genes are ranked by their expression fold change (log2). 

Spatial transcriptomics  

SeqFISH gene panel design  

A custom seqFISH panel was designed to incorporate CG-SMG cell-type-marker genes 

based on our scRNA-seq data analysis. The panel contained 371 genes of which 341 were 

detected using barcoded seqFISH imaging and 30 were identified serially via single-

molecule FISH. The panel was custom ordered by Spatial Genomics, Inc.  

SeqFISH sample preparation  

Adult (8-12 weeks old) C57BL/6J male mice were euthanized by cervical dislocation under 

isoflurane anesthesia. After dissecting the CG-SMG complex to ice-cold PBS, right, left 

and medial CG-SMG samples were obtained by surgically separating the connected CG-
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SMG region between the celiac artery and the superior mesenteric artery. The tissue 

was freshly embedded in Tissue-Tek O.C.T. Compound (Sakura, 4583), and then flash-

frozen in liquid nitrogen. Cryosections of 10-μm thickness were cut and mounted onto 

treated coverslips. Immediately post-collection, sections were fixed in fresh 4% 

paraformaldehyde (PFA, Thermo Scientific, 28908) for 15 min at room temperature. After 

rinsing three times in 1X PBS for 5 min each, sections were dehydrated using 70% ethanol 

for 30 sec at room temperature. The sections were air-dried at room temperature for 

approximately 15 min and stored at -80 °C. SeqFISH experiments were performed using 

the seqFISH+ protocol with some modifications at Spatial Genomics, Inc. Briefly, the fixed 

tissue sections underwent permeabilization in 70% ethanol followed by clearing, rinsing, 

and air-drying steps. The coverslip containing each section was assembled into Spatial 

Genomics custom flow cells. The flow cells were then hybridized with the seqFISH 

primary probe panel and incubated in a humidified chamber at 37 °C for 24 hours. After 

hybridization, samples were washed with buffers for subsequent imaging.  

SeqFISH imaging via Gene Positioning System  

Imaging was performed using the Gene Positioning System (GenePS, Spatial Genomics, 

Inc.), which enables automated image acquisition, reagent delivery, and data processing. 

The ganglion section was selected as a region of interest (ROI) for the experiment based 

on the brightfield and/or DAPI images. Automated experiment execution was initiated 

post-ROI selection. Each experiment proceeded through multiple rounds of decode probe 

hybridization, imaging, and signal removal until all the hybridization rounds were 

complete.  

Image processing and analyses  

Raw-image files were processed on instrument to align images across multiple 

hybridization rounds and detect RNA fluorescent signals. The data were further analyzed 

using custom Spatial Genomics analysis software to decode the transcript identities and 

segment cells. Cell segmentation was performed using a machine learning algorithm based 
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on the cell nuclear DAPI stain or TH stain. The decoded RNA molecules were then 

assigned to individual cells, generating cell-by-gene count matrices and individual cell 

center coordinates for each ROI.  

Subsequent gene expression analyses were conducted in Python (3.8.18) using ScanPy 

(1.9.2) as previously described. Cells that had unique gene counts of less than 10 were 

filtered. Harmony (0.0.9) package was used to integrate different batches of seqFISH 

datasets. Gene expression count data were normalized per cell and log-transformed for 

downstream analyses by sc.pp.normalize_total and sc.pp.log1p functions. I then performed 

dimensionality reduction with principal component analysis (PCA) and uniform manifold 

approximation and projection (UMAP) analysis, followed by unsupervised clustering using 

the Leiden algorithm through the sc.tl.leiden function. To identify major cell classes, I used 

a DAPI-based segmented dataset and compared the expression patterns of known cell-type 

specific marker genes within each cluster. To reduce the effects of high TH expression in 

non-neuronal cells on clustering results, I prioritized the annotation of non-neuronal cells 

over neurons and accordingly adjusted the weighing of TH expression level in non-

neuronal cells. To determine neuron subtypes, I proceeded with 13,105 neurons from TH-

based segmentation. To quantify the number of neurons, RXFP1-, SHOX2-, TH-, BMP3-, 

and DSP-positive neurons are defined as log-normalized expression RXFP1 > 0.6, SHOX2 

> 0.6, TH > 0, BMP3 > 0, DSP > 0, respectively. 

RNAscope-based multicolor in situ hybridization  

In situ hybridization was performed with the RNAscope Multiplex Fluorescent Assay 

version 2 (ACD, 323110). Fresh-frozen lateral and medial CG-SMG ganglia sections from 

C57BL/6J, RXFP1-Cre, SHOX-Cre and TH-Cre animals were prepared following the 

manufacturer’s protocols. The following probes were applied to visualize gene expression: 

CRE (ACD, 312281, 474001), RXFP1 (ACD, 458001, 458001-C3), SHOX2 (ACD, 

554291-C3), and TH (ACD, 317621-C2). The samples were imaged with confocal 

microscopy and were manually quantified.  
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Histology 

Ganglia or brain expression 

Mice were euthanized with CO2 and perfused with PBS followed by 4% PFA. Ganglia and 

brain were extracted and post-fixed for 1 hour and overnight at 4 °C in PFA, respectively, 

followed by rinsing two times with PBS. The samples were blocked (10% donkey serum, 

0.2% Triton X-100 in PBS) for 1 hour at room temperature and incubated with primary 

antibodies overnight at 4°C. The following primary antibodies were used: rabbit anti-

CHAT antibody (1:500; Abcam, ab178850), chicken anti-NeuN antibody (1:500; 

Millipore, ABN91), and chicken anti-TH antibody (1:500; AvesLab, TYH-0020). After 

washing 3 x 10 min with PBS, the tissue was stained with the secondary antibody (1:500; 

Jackson Immunoresearch) and DAPI (2 mg/ml) for 4 hours under room temperature. The 

following secondary antibodies were used: donkey anti-chicken 488 (703-545-155), 

donkey anti-chicken 647 (703-605-155) and donkey anti-rabbit 647 (711-605-152). After 

three times washing with PBS, the ganglia were mounted on the glass slide and imaged 

with confocal microscopy. 

Organ innervation 

Mice were euthanized with CO2 and perfused with PBS followed by 4% PFA. Tissue 

samples were extracted and post-fixed overnight at 4 °C in PFA. Approximately 2 cm-

length samples from the middle of each segment of the GI tract, such as the duodenum, 

jejunum, and ileum, were harvested. The entire colon was uniformly divided into four 

sections and collected, from the proximal to the distal end. The tissue was then 

longitudinally incised and flattened. For whole-mount visceral organ staining, tissue was 

blocked (10% donkey serum, 0.2% Triton X-100 in PBS) overnight at 4 °C and incubated 

with primary antibodies overnight at 4°C. The following primary antibodies were used: 

goat anti-alpha-smooth muscle actin (1:1000; Novus Biologicals, NB300-978), rabbit anti-

glucagon antibody (1:500; Abcam, ab92517), rat anti-mCherry (1:500; Invitrogen, 

M11217). After washing 5 x 1 hour with 0.1% PBST, the tissue was stained with the 
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secondary antibody (1:500; Jackson Immunoresearch) and DAPI (2 mg/ml) overnight 

at room temperature, washed 3 x 1 hour with 0.1% PBST. The following secondary 

antibodies were used: donkey anti-rat Cy3 (712-165-150), donkey anti-goat 647 (705-605-

147), and donkey anti-rabbit 488 (711-545-152). Tissue was then cleared in ScaleS solution 

overnight at room temperature. Samples were mounted in ScaleS with 0.5-mm spacers 

(SUNJin Lab, IS011) on slides and imaged with confocal microscopy.  

Quantification of targeted cells and innervation density 

One CG and one SMG z-stack image of 775 μm x 775 μm were quantified for each animal 

in ImageJ (1.54k). The average number of targeted cells from these two images was 

calculated. One z-stack image of each sample area was used to quantify virus-positive cells. 

The cell number per square millimeter was plotted in Extended Data Fig. 7c. 

Projected organ innervation images of 581 μm x 581 μm were automatically segmented by 

the MaxEntropy auto-threshold function in ImageJ. In Fig. 3, for each organ from each 

animal, two images were quantified. Nerve density was calculated as the ratio of Nerve 

Area to Total Area as described in a recent publication43.  

Statistics and data collection 

Data were processed and analyzed by GraphPad Prism 10.2.0 and 10.3.1. No statistical 

methods were used to predetermine the sample sizes. Randomization was performed when 

allocating animals to experimental groups. Chemical administration sequences such as 

vehicle and CNO were randomized. Data collection was not blinded, but data analysis was 

performed with the experiment conditions blinded. Data are presented as means ± s.e.m. 

Two-tailed paired or unpaired t-test, and one- or two-way ANOVA with post-hoc tests 

were applied to decide the significance level. No significance (ns) was set at p > 0.05. The 

significant threshold was held at *P < 0.05, **P < 0.01, ***P < 0.001. 

Data availability 
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Source data are provided with this paper. scRNA-seq data from CG-SMG cells are 

available at the Gene Expression Omnibus under accession number GSE278457. The organ 

innervation and seqFISH data were deposited at Zenodo (#13306861, #13883320).  

Code availability 

All code used in this manuscript is available at https://github.com/YTwTJ/Organ-Specific-

Sympathetic-Innervation-Defines-Visceral-Functions. 
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SUPPLEMENTAL INFORMATION 

 

Extended Data Fig. 1 A computational pipeline for topographical mapping of visceral 

organs. a, A schematic for building reference atlas through unsupervised alignment 

processing. b, Two reference images generated from DAPI-stained (top) or TH-stained 

(bottom) training images. c, Representative original image, auto-detected and registered 

WGA-positive cells (magenta) with DAPI staining background (blue or cyan) for eight 

organ sites as indicated (n = 8 mice per group). Scale bar, 500 μm. 
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Extended Data Fig. 2 WGA retrograde tracing quantifications. a, Representative 

WGA-labeled cells (red) in the left and right nodose ganglia (NG) traced from the eight 

organ sites as indicated (n = 8 mice). b, c, Quantifications of WGA-positive cell number 

in the CG-SMG (b), left and right NG (c). d, Representative images and quantification of 

WGA-labeled cells in the left (top) and right (bottom) NG from dual-color organ tracing 

as indicated (n = 6 mice). Scale bar, 100 μm. Data are shown as mean ± s.e.m. 
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Extended Data Fig. 3 Multi-transcriptomic analyses of CG-SMG cells. a, ScRNA-seq 

analysis of CG-SMG cells. Left: UMAP embedding of CG-SMG major cell types (n = 

24,873 cells). Vas. endo. cells, vascular endothelial cells. Middle and right: UMAP 
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embedding of log-normalized Th (blue), Rxfp1 (red) and Shox2 (green) expression. b, 

Dot plot of cell-type-specific expression in CG-SMG major cell classes from seqFISH 

dataset. Dot size is proportional to the percentage of cells with transcript count >0 

expression. Color scale represents normalized average gene expression. c, Heatmap of 

sympathetic neuronal marker gene expression in CG-SMG neurons. d, UMAP embedded 

seqFISH data from different CG-SMG areas with Harmony integration (n = 13,105 cells). 

e, Gene expression comparison between RXFP1+ and SHOX2+ neurons. f, Differentially 

expressed genes in RXFP1+ and SHOX2+ neurons are ranked by their expression fold 

change (log2). Rxfp1 and Shox2 rank the top 27th and 16th, respectively. 
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Extended Data Fig. 4 Transcriptomic and spatial analyses of SHOX2+ neuron 

subtypes. a, Dot plot of differential gene expression in CG-SMGBMP3 and CG-SMGDSP 

neurons. b, Representative seqFISH images for the expression of Bmp3 (orange) and Dsp 

(cyan) in CG-SMG areas (top) and quantification of BMP3- and DSP-positive neurons 

(bottom, n = 5 sections of 3 mice per R-CG, SMG, L-CG). Scale bar, 100 μm. Data are 

presented as mean ± s.e.m. 
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Extended Data Fig. 5 Two-color in situ hybridization for validating Cre expression of 

transgenic lines. Representative images of Cre and endogenous gene expression in the CG 

and SMG samples of RXFP1-Cre, SHOX2-Cre, TH-Cre and wild-type (WT) animals as 

indicated. Nuclei were visualized with DAPI staining (blue). Data were quantified from 

more than two mice per group. DP, double-positive. n = 5, 5, 8, 3 slices for RXFP1-Cre 

CG, RXFP1-Cre SMG, WT CG, and WT SMG. n = 5, 10, 2, 3 slices for SHOX2-Cre CG, 

SHOX2-Cre SMG, WT CG, and WT SMG. n = 5, 4, 2, 3 slices for TH-Cre CG, TH-Cre 

SMG, WT CG, and WT SMG. Scale bar, 100 μm. All data are shown as mean ± s.e.m. 
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Extended Data Fig. 6 Characterization Cre transgenic lines. Representative images 

of Cre and endogenous gene expression in different ganglia and brain nuclei of RXFP1-

Cre and SHOX2-Cre animals as indicated. Nuclei were visualized by DAPI staining (blue). 

Data were collected from more than two mice per group. NG, nodose ganglion; DRG, 

dorsal root ganglion (T12 or T13); SCG, superior cervical ganglion; SG, stellate ganglion; 

DMV, dorsal motor nucleus of the vagus; NA, nucleus ambiguous. Scale bar, 100 μm. 
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Extended Data Fig. 7 Histological verification for viral targeting. a, Representative 

CG-SMG images for RXFP1-, SHOX2-, and TH-targeted neurons by AAV-FLEX-
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tdTomato with TH staining (blue). Scale bar, 500 μm. b, c, Histology (b) and 

quantification (c) for negative control of CG-SMG AAV injection. NG, nodose ganglion; 

DRG, dorsal root ganglion (T12 or T13); SCG, superior cervical ganglion; IMG, inferior 

mesenteric ganglion; DMV, dorsal motor nucleus of the vagus; NA, nucleus ambiguus; 

RVLM, rostral ventrolateral medulla. n = 6 RXFP1-Cre, 3 SHOX2-Cre, 6 TH-Cre mice 

for CG-SMG; 5 RXFP1-Cre, 3 SHOX2-Cre, 4 TH-Cre mice for NG. n = 3 animals per 

mouse line for the other sample groups. Scale bar, 100 μm. Data are presented as mean ± 

s.e.m. 
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Extended Data Fig. 8 CG-SMG neural innervation of visceral organs. a, 

Representative images for whole-mount organ innervation of CG-SMGRXFP1, CG-

SMGSHOX2, CG-SMGTH neurons. Glucagon or alpha smooth muscle actin (aSMA) staining 

is indicated on the images. Magnified images for the pancreatic islet are from Fig. 3b. b, 

Representative images for the innervation of the myenteric plexus on the GI tract. The same 
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set of animals were used as in Fig. 3b. c, Magnified images from Fig. 3b and Extended 

Data Fig. 9b for CG-SMG neural terminals in the myenteric and submucosal plexus along 

the GI tract. Nuclei were visualized by DAPI staining (blue). Scale bar, 100 μm.  
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Extended Data Fig. 9 Measurements of secretory processes. a, A top-down view of the 

microfluidic device. b, A diagram of bile flow in the microfluidic chamber with tip stained 

by the black ink for automated fluid volume detection. c, Average bile flow rate before and 

after bile duct transection (BDx, n = 5 mice). d, Cholecystokinin (CCK) increased bile 

secretion (n = 5 mice). The dashed line is the linear regression fitted curve based on the 

initial 5 minutes of data. e,f, Quantified average bile flow rate after optogenetic activation 
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of (e) CG-SMGRXFP1 or (f) CG-SMGTH neurons (n = 4, 6 for RXFP1-Cre;Ai32, and 

cagemate control mice, dataset from Fig. 4e; n = 4, 4 for TH-Cre;Ai32, and cagemate 

control mice). g, When bile was measured directly from the bile duct instead of the 

duodenum, bile production rate was unchanged, regardless of CG-SMGRXFP1 neuron 

activation (n = 4 mice). Light pulses of 2 ms at 20 Hz were applied at CG-SMG for 1 min 

as indicated by the blue shade. h, i, Representative histological images for optogenetic (h) 

and chemogenetic (i) experiments as indicated. Robust ChR2-EYFP (green) or Gq-

mCherry (red) expression was confirmed with sympathetic neuron marker TH staining 

(blue). Scale bar, 100 μm. j, The control group from Fig. 4f is plotted. k, Vehicle 

administration had no effects on bile secretion (n = 2 mice). l, Application of labetalol 

hydrochloride, a norepinephrine receptor antagonist (Ant.), abolished the inhibition effects 

of CG-SMG neurons on bile secretion (n = 4 mice per group). m, Systemic glucose level 

under sated and 24-hour food-deprived (FD) states (n = 10 mice each). n, Effects of 

activating CG-SMGRXFP1 neurons on glucose homeostasis. Systemic glucose level was 

measured 20 min after intraperitoneal PBS (Veh) injection, as well as 20 min (CNO 20m) 

or 40 min (CNO 40m) after intraperitoneal CNO administration (n = 7 mice). o, Vehicle 

administration had no effects on glucagon release (n = 3 mice). p, Functional necessity of 

CG-SMG neurons on glucagon release to the hepatic portal vein. Neurons were ablated 

using AAV-FLEX-Caspase3 or AAV-FLEX-DTA. Compared to wild-type control, 

RXFP1-ablated animals exhibited significantly lower glucagon levels under fasting state. 

SHOX2-ablated animals had intact glucagon release. n = 14 mice for WT, 8 mice for 

RXFP1-Cre, 6 mice for SHOX2-Cre groups. q, Representative histological confirmation 

for ablation experiments with TH antibody staining (green). Arrows point to regions with 

ablated cells. Scale bar, 500 μm. *P < 0.05, **P < 0.01, ***P < 0.001 by two-tailed paired or 

unpaired t-test, or one-way ANOVA with Dunnett’s multiple comparisons test.  
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Extended Data Fig. 10 Measurements of GI transit. a, Quantification of colored food 

transit after different feeding durations as indicated (n = 5 mice per group). b, 

Chemogenetic activation of CG-SMGTH neurons increased food consumption within the 

initial 10-min feeding after deprivation (n = 12 mice). c, Vehicle administration had no 

effects on food transit (n = 6 mice for WT, and 4 mice for SHOX2-Gq groups). d, At 30-

min time point, activating CG-SMGSHOX2 neurons significantly slower food transit 

compared to wild-type control animals (n = 5 mice per group). e, Inhibition effects of 

chemogenetic stimulation of CG-SMGTH neurons on stool expulsion. The number of stools 

after either intraperitoneal PBS (Veh) or CNO injection is plotted (left) and quantified 

(right, n = 7 mice). f, Spontaneous stool defecation of TH-Cre control animals with AAV-

FLEX-tdTomato injection to CG-SMG (n = 6 mice). g, Chemogenetic stimulation of CG-

SMGTH neurons significantly suppressed spontaneous stool expulsion, which was reversed 

by the application of labetalol hydrochloride (n = 8 mice). h, Chemogenetic activation of 

CG-SMGTH neurons significantly delayed the total GI transit (n = 6 mice). *P < 0.05, 

**P < 0.01, ***P < 0.001 by two-tailed paired t-test or one-way ANOVA with Dunnett’s 

multiple comparisons test. Data are presented as mean ± s.e.m. 
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C h a p t e r  4  

FUTURE DIRECTIONS AND CHALLENGES 

SUMMARY 

The autonomic nervous system (ANS) plays a pivotal role in regulating organ functions 

through descending brain-to-body signaling. Historically, the ANS was considered to 

mediate simple motor functions with limited neurochemical diversity. However, recent 

advances in neurotechnology have shown that brain-to-body communication is more 

complex and dynamic than previously appreciated. This chapter synthesizes current 

knowledge about the molecular and functional diversity of autonomic motor neurons. I 

present a comparative analysis of the cellular architecture of the ANS and the suggested 

roles of distinct neuron populations. Additionally, I explore the emerging view that the 

ANS interacts with diverse systems involving metabolism, immunology and ageing, which 

extends its role beyond simple brain-organ motor modulation. Finally, I emphasize the 

need for cell-type-specific and longitudinal studies of the ANS to uncover novel 

mechanisms underlying body-brain interactions and to identify new translational 

opportunities for therapeutic interventions. 

 

Wang, T., et al. (2025). “Molecular and functional diversity of the autonomic nervous 

system”. In: Nature Reviews Neuroscience 26(10), pp. 607–622. doi: 10.1038/s41583-

025-00941-2.  
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GENETICALLY DEFINED AUTONOMIC CIRCUITS 

Foundational insights into autonomic functions were obtained by early studies in the 20th 

century mainly with histological and electrophysiological techniques. These approaches 

were analogous to the early stages of central nervous system research, where neurons were 

classified as excitatory and inhibitory neurons. The subsequent maturation of molecular 

and genetic tools allowed further defining different neuron classes1–4.  

In this section, I highlight distinct classes of autonomic motor neurons, their organ 

innervation patterns, and how these findings refine our understanding of autonomic 

architecture (Fig. 1). The growing availability of transcriptomic datasets offers an 

unprecedented opportunity to analyze the cellular organization of the ANS at a granular 

level. However, these datasets are often scattered across different resources and stored in 

inconsistent formats, making comparative analysis challenging. To address this issue, we 

have developed an online portal (available at ans-cell-atlas.com) for an integrated view of 

published datasets, facilitating easier access and comparison for researchers.  

Sympathetic neuron types and pathways 

Historically, sympathetic postganglionic neurons were characterized based on the 

expression of a limited set of neuropeptides and neurotransmitters, such as NPY and 

somatostatin (SST)5–7. However, these markers either failed to distinguish specific 

subpopulations or were observed only in limited species. Electrophysiological studies 

identified distinct firing patterns or presynaptic stimulation thresholds implying different 

functional groups exist in the same ganglion8,9. Similarly, sympathetic postganglionic 

neurons were classified based on different functions, such as vasoconstrictor, vasodilator, 

pilomotor, and secretomotor neurons10,11. Despite these broad categories, the prevailing 

view is that sympathetic postganglionic neurons are largely homogeneous in terms of 

neurotransmitter profiles and functionality. 
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Development of contemporary tools has challenged this notion and revealed substantial 

molecular and anatomical diversity among sympathetic postganglionic neurons. Multiple 

subpopulations have been identified within sympathetic ganglia, including the SCG12–14, 

SG15–18, and CG-SMG18–20. These subpopulations express unique combinations of 

neuropeptides, ion channels, and transcription factors, implying specialized functional 

roles. For example, one study combined retrograde labeling with single-cell RNA 

sequencing to identify a subset of heart-innervating neurons in the SG that express NPY17. 

On a separate research, oxytocin-expressing neurons serve as an endogenous regulator of 

white adipose tissue and metabolism21. More recent unbiased cellular atlases of 

sympathetic ganglia have identified two separate neuron populations in the CG-SMG 

projecting to the GI tract and secretory tissues, independently suppressing GI transit and 

bile secretion19.  

Another area that remains poorly understood is the neural connectivity between pre- and 

post-ganglionic neuron types22,23. One study revealed that two preganglionic neuron 

subsets, CARTPT+ and OXTR+, selectively target the CG-SMG and adrenal gland, 

respectively24. These results suggest parallel molecularly distinct preganglionic-

postganglionic-organs projections. It would be interesting to investigate if the same 

principle applies to other organs. 

Parasympathetic neuron types and pathways 

Parasympathetic postganglionic neurons are located near or within their target organs, 

leading to distinct anatomical and developmental features compared to their sympathetic 

counterparts. While these neurons are broadly cholinergic, some cranial parasympathetic 

neurons also exhibit nitrergic properties7. The molecular diversity of parasympathetic 

postganglionic neurons across different organs warrants further investigation. 

At the preganglionic level, early anatomical studies revealed that efferents from the DMV 

and NA are spatially organized according to target tissues25,26. For example, viscerotopic 

map was observed in the DMV in rodents27. Electrophysiological studies further showed 
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that organ-specific DMV neurons exhibit distinct morphological and biophysical 

properties, supporting functional specialization among parasympathetic preganglionic 

subpopulations28. In one example, cannabinoids were found to suppress both excitatory 

and inhibitory synaptic inputs onto stomach-projecting DMV neurons via presynaptic CB1 

receptor29.  

Advanced molecular profiling expanded this veiw30–34, by identifying diverse neuron types 

with distinct expression patterns of receptors, transmembrane proteins, and 

neuropeptides. Within the NA, several neuronal clusters have been identified, two of which 

project to the heart. Interestingly, these NA populations terminate on different cardiac cell 

types35. One of these neuron classes also projects the lungs, and mediates the dive reflex, 

a physiological response to submersion in water. Two other non-overlapping NA 

populations innervate the esophagus and larynx, respectively33. DMV neurons exhibit a 

similar logic: two distinct subtypes both innervate the stomach but synapse on different 

gastric enteric neuron types31. Functional manipulation studies in parasympathetic neurons 

were recently reviewed30. Together, these findings show that ANS harbors molecularly 

diverse neuron populations and pathways for functional specializations.  

Although individual ANS relays and pathways have been characterized, emerging 

evidence points to more direct crosstalk between the parasympathetic and sympathetic 

systems36–40. One such example was observed where parasympathetic preganglionic or 

enteric neurons innervating sympathetic ganglia. Similarly, preganglionic neurons in the 

spinal cord and hindbrain integrate input from brain centers, peripheral sensory neurons, 

and local reflex arcs in ways that are not yet fully understood41.  
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Fig. 1 Genetically defined autonomic innervation. Illustration depicting molecularly 

defined sympathetic (left) and parasympathetic (right) circuits. Distinct autonomic nervous 

system neuronal populations in the spinal cord and sympathetic ganglia are highlighted as 

colour-coded circles, along with their corresponding marker genes. In addition to well-

established anatomical connections (dashed lines), genetic tracing in rodents has revealed 

unique organ- and tissue-specific innervation patterns (solid lines). Certain autonomic 

projections have been molecularly delineated in organs, but their connectivity to the 

ganglia remains to be confirmed (colour-coded dashed lines). ARG, aorticorenal ganglion; 

CG-SMG, coeliac-superior mesenteric ganglia; DMV, dorsal motor nucleus of the vagus; 

NAm, nucleus ambiguus; SCG, superior cervical ganglion; SG, stellate ganglion.  
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INTEGRATION OF AUTONOMIC CONTROL ACROSS ORGANS 

In neural systems, functional diversity is orchestrated across multiple levels, ranging from 

the molecular identities and firing properties of individual neurons to their anatomical 

projections and the large-scale network interactions that drive complex physiological 

processes42–47. Emerging evidence suggests that the ANS also utilizes multi-layered 

mechanisms to precisely modulate signals for each target organ. In this section, I provide 

a systematic overview of how autonomic modulation is organized (Fig. 2). 

Anatomical connection 

While parasympathetic ganglia reside proximal to the target organs, sympathetic neurons 

are housed in paravertebral chains or prevertebral ganglia located near major arteries. 

Sympathetic postganglionic neurons send long projections to the target organ. A key 

dimension of diversity arises from the anatomical wiring (Fig. 1a). It was shown that each 

ganglion innervates multiple organs, and single organ receives inputs from several ganglia. 

For example, SCG projects to iris dilator muscles, lacrimal glands and salivary glands. 

Conversely, organs such as inguinal white adipose tissue (iWAT), lung, and heart are 

innervated by several chain ganglia along the spinal column48–50. 

Within a single autonomic ganglion or central nucleus, multiple neuron types are present, 

raising the question how individual populations are connected to distinct tissue or cell types 

(Fig. 2, Neuron-cell projection). Two conceptual models have been proposed on the 

autonomic wiring diagram. In the “one-to-all” model, all subpopulations within a ganglion 

or nucleus project indiscriminately to all tissues or cell types in a given organ, implying 

broad functional overlap51. In contrast, the “one-to-specific” model posits that distinct 

subpopulations preferentially connect to specific tissues or cell types52,53. Recent multi-

color retrograde tracing data , at least in part, supported the one-to-specific model: distinct 

subsets of CG-SMG neurons innervate separate intestinal segments19,54, while different SG 

neurons project either to the heart or iBAT55. Another study shows that NPY+ sympathetic 

nerve subset localizes primarily around blood vessels in both brown and white adipose 
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tissue, where NPY promotes mural cells proliferate into thermogenic adipocytes56. 

Similarly, two DMV neuron populations innervate distinct gastric enteric neuron classes31. 

These different anatomical routes underpin the nuanced and organ-specific capabilities of 

autonomic regulation.  

These findings raise intriguing questions about organ-specific axonal targeting57,58. 

Integrating anatomical datasets with gene expression analyses of neuron-cell pairs may 

uncover local factors, such as axonal guidance molecules59,60 and trophic signals61, that 

shape the developing autonomic motor neurons, directing their migratory paths and 

terminal fates.  

Stimulus-neuronal activity relationship 

Sympathetic activity broadly correlate with adverse conditions such as stress, anxiety, 

obesity, and aging62,63, whereas parasympathetic activity predominates under more relaxed 

states64. Direct observation of neuronal activity using electrophysiology and immediate 

early gene expression have confirmed that certain stimuli indeed activate autonomic motor 

neurons. Parasympathetic preganglionic neurons were stimulated by feeding or diving 

reflex65,66, while the sympathetic system was linked to hunger and hypoxia67,68. CG-SMG 

neurons showed robust immediate early gene expression following acute cold exposure or 

chronic depletion of gut microbiota in mice54,69. Noradrenergic nerve fibers in the adipose 

tissue are modulated under low temperature70, or long-term metabolic challenges such as 

high-fat-diet-induced obesity56. Despite the accumulating evidence, it remains unclear 

whether individual autonomic motor neurons are tuned to a specific or broad set of stimuli 

(Fig. 2, Neuronal activity). To address this bottleneck, real-time cellular resolution 

recording in awake animals will be required although it calls for significant technical 

innovations. 

Neurotransmitter coding 
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Another factor of autonomic diversity stems from the neurochemical coding at synaptic 

signaling. While sympathetic postganglionic neurons primarily release norepinephrine as 

the neurotransmitter, they can also produce an array of neuromodulators such as GABA, 

serotonin, NPY, galanin, SST and substance P8,71–73. The different combinations of 

neuromodulator expression were reported in various sympathetic ganglia across species. 

Moreover, the levels of NPY expression in SG neurons subtypes correlate with different 

firing properties17. Parasympathetic preganglionic neurons mainly secret acetylcholine and 

may co-release vasoactive intestinal polypeptide (VIP) and nitric oxide (NO)74. Growing 

molecular analyses have identified additional secretory protein expression that may play a 

role in synaptic transmission (Fig. 2, Synaptic signaling). These non-adrenergic, non-

cholinergic (NANC) transmitters are released onto target organs, contributing to functional 

diversity at the level of neurotransmission74–77.  

Postsynaptic tissues likewise express distinct sets of adrenergic and cholinergic receptors, 

yielding diverse responses to the same upstream autonomic input78. Different adrenergic 

receptor subtypes have preferential affinities for norepinephrine versus epinephrine, 

resulting in varying intracellular signaling cascades through specific G protein-coupled 

pathways79. Cholinergic receptors include both muscarinic receptors that function via G 

protein signaling and nicotinic receptors that act as ligand-gated ion channels80. Indeed, the 

human tissue RNA expression database indicates that various tissues display unique 

combinations of adrenergic and cholinergic receptors81,82. Consequently, identical 

sympathetic neuronal input may activate heart muscle cells through Gs-coupled adrenergic 

receptors, while inhibiting lymph node cells via Gi-coupled signaling. Similarly, 

parasympathetic signals slow heart rate even as they stimulate salivary gland secretion. 

Local tissue conditions, such as regional blood flow or proximity to nerve terminals, further 

influence the effective concentration of neurotransmitters.  

These aspects of autonomic control are not static. Rather, they shift under different 

physiological states, adapt to pathological conditions, or become dysregulated, and change 

throughout the lifespan. For example, a heart attack retracts specific sympathetic 
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postganglionic axons and alters cardiac-projecting neurons14,83, whereas chronic stress 

over-activates sympathetic pathways84. Such dynamic autonomic plasticity emphasizes the 

importance of longitudinal research at multiple time scales85. 

 

EXPANDING THE FUNCTIONAL ROLES OF AUTONOMIC NEURONS 

Beyond its primary roles in organ-level motor control, the ANS interacts with many other 

biological systems including immune responses86–88, metabolic balance89,90, tissue 

regeneration91–93, and disease progression58,94–97. For instance, brain-to-spleen sympathetic 

nerves were shown to suppress acute systemic inflammation via β2-adrenergic 

receptors98,99. The same signaling promotes the migration of hematopoietic stem and 

progenitor cells in the bone marrow100,101. In cancer therapy, blocking β1-adrenergic 

signals restores the activity of exhausted CD8+ T cells, boosting immunotherapeutic 

outcomes102,103. More recently, a study suggested that pro- and anti-inflammatory 

responses are mediated by separate ascending pathways104, but the subsequently 

descending mechanisms remain unclear. Future work linking neuronal ensembles 

underlying this autonomic modulation of immunity will bridge the gaps in our 

understanding of autonomic control beyond the direct regulation of individual end organs.  

There are potential functional links between autonomic signals and metabolism90. 

Sympathetic neuron–associated macrophages clear norepinephrine, preventing fat 

breakdown. Disrupting macrophage functions led to changes in sympathetic innervation 

and obesity susceptibility105,106. Within white visceral fat depot, ARG nerves stimulated 

nearby innate lymphoid cells through β2-adrenergic signaling, affecting both innate 

immunity and adipose functions107. These observations highlight a wide range of 

autonomic routes regulating metabolism, not simply by targeting organs like the liver and 

pancreas, but also through other organs or local cellular intermediaries. 
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Autonomic involvement in tissue repair and regeneration has recently been 

reported108,109. Acute stress caused hair greying in mice by stimulating melanocyte stem 

cells that express β2-adrenergic receptors, independently of immune signals or adrenal 

stress hormones108. Although the relevance of autonomic signaling in different research 

domains has been shown, the underlying neural substrates and circuits remain to be 

identified. The examples above represent only a glimpse of the complex and dynamic 

interactions between the ANS and other physiological systems. Future research will 

continue to uncover the breadth of these functional relationships. 

Clinically, peripheral modulation of the ANS is already used to treat several conditions110. 

For example, surgical resection of the stellate ganglion or thoracic sympathetic chain is an 

established treatment for certain cardiac arrhythmias and is included in clinical 

guidelines111,112. Similarly, vagus nerve stimulation (VNS), which activates both afferent 

and efferent fibers, is approved for disorders such as epilepsy113, cluster headaches114, and 

migraines115. Expanding applications of VNS are being explored for heart failure116, 

myocardial infarction117, and other chronic diseases97. 

However, these interventions often affect broad populations of neurons, leading to 

unintended side effects. This highlights a major limitation of current neuromodulation 

therapies: they lack specificity for the particular autonomic pathways or cell types 

responsible for disease. To overcome this challenge, there is an urgent need to define the 

molecular and functional diversity within the ANS. As emphasized in this review, a deeper 

understanding of autonomic circuits will pave the way for next-generation therapies that 

precisely target disease-relevant neurons and minimize off-target effects. 
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Fig. 2 Multidimensional autonomic regulation of organ functions. A conceptual 

overview illustrating how autonomic modulation operates at multiple layers, across 

synaptic signalling, neuronal activity, anatomical connections and physiological 

conditions. These interrelated processes adapt to varying physiological conditions and 

across time. Left: anatomical wiring links neuron populations to specific organs and tissue 

types, enabling dynamic and coordinated physiological control. Middle: neuronal activity 

patterns integrate sensory information, shaping the timing and amplitude of responses in 

target tissues. Right: at the synaptic level, diverse neurotransmitters and neuromodulators 

as well as receptors fine-tune signal transmission. Neurotransmitters and neuromodulators, 

including norepinephrine (NE), epinephrine (E), neuropeptide Y (NPY), galanin (Gal), 
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acetylcholine (ACh) and nitric oxide (NO), mediate chemical communication between 

neurons and target cells. The dot plots show gene expression of representative 

neurotransmitters and modulators across sympathetic ganglia and parasympathetic nuclei 

in mice, based on publicly available single-cell transcriptomics at Gene Expression 

Omnibus (GEO) database: superior cervical ganglion (SCG) (GSE175421), stellate 

ganglion (SG) (GSE231924), coeliac-superior mesenteric ganglia (CG-SMG) 

(GSE278457), dorsal motor nucleus of the vagus (DMV) (GSE172411) and nucleus 

ambiguus (NAm) (GSE198709, GSE202760 and GSE211538). The heat maps illustrate 

the diverse expression of selected neurotransmitter receptors across peripheral tissues in 

humans, based on transcriptomic data from the Human Protein Atlas 

at https://www.proteinatlas.org/humanproteome/tissue/data#hpa_tissues_rna.  

 

CONCLUSIONS 

In this review, I highlighted three major advances in our understanding of the ANS. First, 

recent studies have revealed substantial molecular and functional diversity of autonomic 

motor neurons at both preganglionic and postganglionic levels. This redefines autonomic 

pathways as highly specialized circuits that originate in the central nervous system, pass 

through diverse autonomic ganglia, and innervate distinct peripheral targets. 

Second, I emphasize the extensive intra- and inter-system interactions of the ANS. While 

the sympathetic and parasympathetic divisions are often viewed as opposing forces, 

growing evidence shows that they frequently act in coordination, which needs to be 

embraced as a fundamental characteristic. In addition to the neuronal pathways, systemic 

factors such as sympathetic adrenal signals also modulate organ functions. The ANS 

interacts with broad regulatory systems in the body, adding further complexity.  

https://www.proteinatlas.org/humanproteome/tissue/data#hpa_tissues_rna
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Third, the ANS is a dynamic system that adapts to the physiological and pathological 

states. Autonomic circuits are flexibly recruited and modulated across time and context, 

yet the mechanisms underlying such plasticity remain poorly understood.  

Together, these insights call for a shift in how we conceptualize and study the ANS—not 

as a set of fixed, antagonistic pathways, but as a diverse, integrated, and adaptable system. 

 

EXPERIMENTAL MODELS AND METHOD DETAILS 

Data availability 

We developed an online portal (available at https://ans-cell-atlas.com/) for an integrated 

view of published single-cell transcriptomics at the GEO database. All source code is 

available via GitHub at https://github.com/YTwTJ/Molecular-and-Functional-Diversity-

of-the-Autonomic-Nervous-System. In Fig. 3, dot plots are generated from GEO datasets: 

SCG (GSE175421), stellate ganglion (GSE231924), CG-SMG (GSE278457), DMV 

(GSE172411) and nucleus ambiguus (GSE198709, GSE202760 and GSE211538). In 

Fig. 3, heat maps plot transcriptomic data available via the Human Protein Atlas 

at https://www.proteinatlas.org/humanproteome/tissue/data#hpa_tissues_rna.  

  

https://urldefense.com/v3/__https:/ans-cell-atlas.com/__;!!NLFGqXoFfo8MMQ!tH8YOPoqreahG8KoIWTJreeWv8O0we-jtGBI1IHYu6PpwyTjjjJNzXSHSTB-vAU5jAuMseeRrw0fzA$
https://urldefense.com/v3/__https:/github.com/YTwTJ/Molecular-and-Functional-Diversity-of-the-Autonomic-Nervous-System__;!!NLFGqXoFfo8MMQ!tH8YOPoqreahG8KoIWTJreeWv8O0we-jtGBI1IHYu6PpwyTjjjJNzXSHSTB-vAU5jAuMsefaGtpOpw$
https://urldefense.com/v3/__https:/github.com/YTwTJ/Molecular-and-Functional-Diversity-of-the-Autonomic-Nervous-System__;!!NLFGqXoFfo8MMQ!tH8YOPoqreahG8KoIWTJreeWv8O0we-jtGBI1IHYu6PpwyTjjjJNzXSHSTB-vAU5jAuMsefaGtpOpw$
https://urldefense.com/v3/__https:/www.proteinatlas.org/humanproteome/tissue/data*hpa_tissues_rna195,196.__;Iw!!NLFGqXoFfo8MMQ!tH8YOPoqreahG8KoIWTJreeWv8O0we-jtGBI1IHYu6PpwyTjjjJNzXSHSTB-vAU5jAuMsed0p-GjHA$
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EPILOGUE 

In this thesis, I examine neural mechanisms that underlie physiological adjustments across 

the body, with particular emphasis on defining what autonomic neurons modulate. A key 

next step for the field is to determine how autonomic control is implemented within real-time 

physiological contexts. Scientific progress and technological innovation have always 

advanced hand in hand, as exemplified by research on the central nervous system. In the 

emerging field of brain-body axis, many unanswered questions require the development of 

new technologies. In particular, in vivo recording from peripheral autonomic neurons and 

real-time monitoring of organ physiology are in dire need. 

The cellular and circuit architecture of autonomic systems introduces additional complexity. 

Individual ganglia contain multiple neuron populations with distinct molecular identities and 

connectivity patterns. Organs receive convergent inputs from diverse neural sources. The 

ultimate physiological outcome depends on how signals are integrated within peripheral 

networks. Understanding these interactions represents an important future direction, 

extending focused circuit dissection toward the study of dynamic neural network function in 

the periphery, analogous to advances achieved in central neural systems.  

In closing, I would like to summarize several conceptual principles that are showcased by 

the work presented in this thesis.  

Principle 1: Internal states are detected through specialized sensory channels. 

Monitoring the internal environment requires neural access to variables that are distributed 

across the body and evolve over time. The nervous system achieves this through dedicated 

sensory interfaces, including central structures that directly sample circulating signals and 

peripheral afferent pathways that detect organ-specific conditions. These parallel channels 

allow specificity in discriminating internal deviations. 

Principle 2: Autonomic pathways exhibit modular organization. 
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Communication from the brain to peripheral organs is mediated by anatomically and 

molecularly distinct autonomic circuits that can be independently engaged. Such 

organization enables selective adjustments of physiological processes across organs.  

Principle 3: Physiological regulation emerges from dynamic integration of sensory and 

autonomic networks. 

Effective control arises from continuous integration of sensory and descending signals. The 

brain-body communication is a dynamic process that stabilizes physiological variables while 

allowing adaptive flexibility. 

Principle 4: Cellular- and circuit-level specificity provides new translational targets. 

Linking defined neural populations to organ functions enables mechanistic interpretation of 

how dysregulation leads to pathological conditions. By moving from broad system 

descriptions to cell-type-resolved mechanisms, it becomes feasible to identify how 

perturbations in specific pathways alter bodily function and to develop more targeted 

approaches for intervention. 

 


